





















     Lignocellulose is an abundant agricultural waste product presenting an attractive renewable 
feedstock for ethanol production. Currently, lignocellulosic bioprocessing is economically 
constrained requiring expensive pretreatments, high enzyme loadings and large volumes of 
freshwater imposing water security concerns. Seawater is an abundant and inexpensive prospective 
replacement solvent. The discovery of highly active halotolerant enzymes with novel tolerances may 
enable seawater incorporation in bioprocessing; sustainably improving process economics and 
mitigating water security concerns. Salt marshes are intertidal ecosystems where lignocellulose is 
remineralised within the predominantly marine organic rich sediments; representing model 
ecosystems for targeted bioprospecting of highly active, halotolerant and inhibitor resistant 
enzymes. 
      In this thesis, salt marsh carbon cycling is explored using an in situ degradation experiment. 
Metatranscriptomics in conjunction with metasecretome proteomics enabled the identification of 
the lignocellulose-associated enzymatic profile at the ecosystem level and their most likely 
taxonomic origin. Amplicon sequencing was conducted to reveal the abundance profile for key taxa.  
     Investigations revealed 11,268 identifiable biomass associated proteins, 410 of which were 
annotated as putative carbohydrate active domains within 307 proteins. The ecosystem level profile 
displayed a preference for cellulose over matrix polysaccharide deconstruction. Carbohydrate 
esterase family 1 enzymes were highly abundant; however, lignin modifying enzymes were not, 
suggesting a decoupling mechanism for accessibility in lieu of oxidative modification. Fungi made no 
contribution to the lignocellulolytic library; the dominant lignocellulolytic producing taxa were 
bacteria, identified as the Proteobacteria and Bacteroidetes families Flavobacteriaceae, 
Alteromonadaceae, Cytophagaceae, Saccharospirillaceae, Marinilabiaceae, Flammeovirgaceae, 
Bacteroidaceae and Vibrionaceae and Sphingobacteriaceae. 
     A spectrum of potential enzymes were selected for expression in a heterologous system; two 
enzymes were characterised in depth and both demonstrated halotolerance. This included a 
putative GH6; identified as an exo-ß-1,4-glucanase with significant activity on crystalline cellulose. A 
second protein displayed a product profile representative of a ß-1,4-glucosidase with significant 
transglycosylase activity on oligosaccharide substrates.      
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Chapter 1 Introduction 
 
     1.1     Lignocellulosic biomass as a renewable resource 
 
     Woody plant biomass is composed of lignocellulose and represents a large reservoir of stored 
global carbon. Lignocellulose is a composite of complex polysaccharides (cellulose and 
hemicellulose) and an aromatic polymer; lignin, that form an interconnected network in the 
secondary plant cell wall that confers structural and mechanical strength. It is an agricultural waste 
product that represents a promising feedstock for biofuel production where stored carbon in the 
form of sugars and aromatic compounds can be released and fermented or transformed to desirable 
products. Lignocellulose exists in various forms; it is prevalent throughout many industries including 
agriculture, food and forestry.  
     Waste lignocellulosic material is produced annually from green wastes, forestry residues and 
agricultural by-products. Whilst these waste streams have uses, there is a disparity between yield 
and use, resulting in a surplus of material that is wasted and often burnt on the field contributing to 
pollution and health problems. The annual yield of wasted lignocellulosic material in the UK is almost 
16 million tonnes (Davide and David, 2014). This consists of forestry residues, green wastes and 
agricultural by-products.  
     Agricultural waste residues in the UK exist in the form of grass (wheat, barley, oil seed rape) 
straw. Greater than 4 million of the 11.7 million tonnes of straw in the UK is uncollected (Davide and 
David, 2014). Globally, other sources of waste lignocellulosic material include rice straw, corn stover 
and sugarcane bagasse which are also present in abundance (Figure 1.1). Sugarcane is the most 
intensely cultivated crop globally, yielding 2.165 x 1010 tonnes of sugarcane annually, which is 
primarily produced in Brazil (34.1%), India (15.8%), China (5.8%) and Thailand (4.6%); however, the 
lignocellulosic fraction of this crop is relatively minor (Zhao and Li, 2015). Maize is the second largest 
agricultural crop in the world (in terms of utilisable mass produced yielding 1.06 x 109 tonnes per 
year) and is predominantly produced in the United States (Zhao et al., 2018). Maize production 
creates residual lignocellulosic material colloquially referred to as corn stover (residual stems, leaves 
and cobs), of which 150 million tonnes is produced and wasted annually (Zhao et al., 2018, Kadam 
and McMillan, 2003). Asia produces 6.86 x 108 tonnes of rice grain annually (with 7.59 x 108 
produced globally) and over 1 billion tonnes of straw, 20% of which utilised, and the remaining is 
burnt or wasted (Satlewal et al., 2018). Wheat is the third most abundant cereal crop yielding 7.4 x 




throughout Asia (41%), Europe (37.4%) America (17.7%) (Sarkar et al., 2012, Jaisamut et al., 2016). 
Oil palm is experiencing significant growth and currently produces in excess of 4.55 x 107 tonnes of 
palm oil (2013) in Malaysia (41%) and Indonesia (44%); the lignocellulosic fraction mainly exists as 
empty fruit bunch (0.32 per unit fruit) which is incinerated (no longer in Malaysia due to regulatory 
control) or used as mulch, but also includes mesocarp (0.12 per unit fruit), shell (0.05 per unit fruit), 
fronds and trunks (Suksong et al., 2017, Mohammad et al., 2012, Mukherjee and Sovacool, 2014). 
The straw to grain ratio for rice (1.5:1) is higher but comparable to that of wheat straw (1.3:1), both 
of which are significantly higher than that of maize (stover to corn; 1:1), sugarcane (bagasse to 
sugarcane 0.28:1) and oil palm (empty fruit bunch:fruit, 0.2-0.32:1); conferring rice as the most 
productive lignocellulosic waste residue crop globally, followed closely by wheat (Zhao et al., 2018, 
van der Weijde et al., 2013, Cerqueira et al., 2007, Talebnia et al., 2010, Mohammad et al., 2012). 
     A large proportion of these agricultural wastes are openly burnt, degraded on site or recycled 
within soils to maintain soil quality and nutrient levels. The open burning of agricultural wastes 
results in incomplete combustion and the release of undesirable pollutants. At local scales 
combustion results in the emission of particulate black carbon which directly impacts human health 
(respiratory complications and carcinogens) and has a local net-warming effect; it also the releases 
toxic gases (carbon monoxide), volatile organic compounds and harmful polycyclic aromatic 
hydrocarbons (Galdos et al., 2013). The potential global impacts are equally concerning, with CO2, 
NOx, CH4 and SO2 emissions and ozone depletion associated with lignocellulose combustion (Gadde 
et al., 2009, Arai et al., 2015). Complete removal of this lignocellulosic material from agricultural 
systems (by burning or for bioprocessing) is thought to have deleterious consequences for soil 
quality; potentially limiting availability (Blanco-Canqui and Lal, 2009); however, no consensus has 
been reached (Cherubin et al., 2018). Despite this, lignocellulosic materials are considered 
renewable and represent vast reservoirs of feedstocks available globally with promising potential for 







Figure 1.1 Lignocellulosic feedstocks potentially available by geographical location. Data sourced 
from (Kim and Dale, 2004). 
 
     1.2     Products from lignocellulosic biomass 
 
          Lignocellulose is a complex composite material and its inherent complexity confers its 
transformation into a plethora of products. Using lignocellulose as a source material a wide range of 
products have been developed; bio-derived plastics (bioplastics), additives for composite bioplastics, 
platform chemicals with broad downstream applicability, potential food additives and general 
chemicals. Despite an array of products, there is currently no consensus schematic as to the optimal 
processing pathway to utilise lignocellulose to generate these renewable products.  
     Lignocellulose derived products have been used to improve the cost effectiveness of bacterial 
polyesters. Polyhydroxyalkanoates (PHAs) are organic bioplastics produced by bacteria, the most 
common of which is poly-3-hydroxybutryate (P3HB). Bioplastics are of interest as they are 
biodegradable, however current economic conditions and manufacturing processes mean they are 
priced at a premium to conventional equivalents, which has inhibited commercial uptake (Li et al., 
2016b). PHAs can be blended with lignocellulose derived products (such as cellulose and ethyl 
cellulose) to confer versatility in the resulting composite bioplastic (Li et al., 2016b, Bilal et al., 2017, 
Cai et al., 2012). Other bioplastics arising indirectly from lignocellulose is the fermentation of 
lignocellulose derived sugars to lactic acid, which then produces the biodegradable polylactic acid 
(PLA) (Singhvi and Gokhale, 2013). 
         Platform chemicals can be derived from lignocellulosic material including xylitol, vanillin and 




utilised in the production of phenol-based plastics, pesticides and varnishes (Pothiraj et al., 2006). 
Other platform chemicals include a variety of sugars and aromatics that can be fermented toward 
more desirable products. The most documented fermented product is (bio)ethanol. 
     The complexity of lignocellulosic biomass confers significant plasticity in its use; in the generation 
of a variety of products. As waste lignocellulosic biomass is generated in abundance globally, it is 
apparent that this is a currently undervalued and underexploited potential resource.  
 
     1.3     Lignocellulose – the plant cell wall 
 
     Lignocellulose is a complex interwoven polymer composite comprised of two major 
polysaccharide groups (cellulose and hemicellulose) and an aromatic polymer (lignin). It is present in 
the secondary cell wall of plant cells and it differs from the primary cell wall in that it is only formed 
in mature tissues that have ceased growing, to provide mechanical strength and rigidity (Cosgrove 
and Jarvis, 2012). It is also compositionally different to primary cell walls with xyloglucans and 
pectins in the primary cell wall substituted for glucomannans, xylans and lignin in the secondary cell 
wall, conferring strength over elasticity (Mellerowicz and Sundberg, 2008). Despite a wealth of 
knowledge surrounding lignocellulose structure and composition, the full extent of its structures, 
linkages and composition has yet to be fully elucidated. 
     Secondary cell walls are significantly thicker than primary cell walls (Kumar et al., 2016). 
Therefore, residual biomass is predominantly composed of secondary cell walls and its associated 
polymers, known collectively as lignocellulose. The structure and composition of lignocellulose varies 
significantly within the kingdom Plantae (specifically between soft woods, hard woods and grasses) 
(Anwar et al., 2014). This thesis considers the biotechnological potential for agricultural waste 
lignocellulose, which is often derived from grasses. Therefore, grass lignocellulose will be described 
in the following sections. Wheat straw is the dominant lignocellulosic feedstock in the UK of which 
the largest component is cellulose (33-40%), followed by hemicellulose (20-25%) and finally lignin 







          1.3.1    Cellulose 
 
     Cellulose is not only the dominant constituent of lignocellulose but also the most abundant 
biopolymer on Earth (Cosgrove, 2005). Cellulose is a linear polysaccharide composed of repeating β-
(1-4) D-glucose units with species dependent degrees of polymerisation (DP) of 925-5500, with 
grasses exhibiting lower DP to softwoods and hardwoods (Hallac and Ragauskas, 2011). Successive 
glucose residues are rotated by 180oC around the β-(1-4) glycosidic linkages, this stereochemistry 
confers cellobiose (a disaccharide composed of two β-(1-4) linked glucose units) as the basic 
repeating unit (Cocinero et al., 2009).  
     Linear cellulose chains pack tightly in parallel and crystallise to form cellulose microfibrils through 
intrachain and interchain hydrogen bonding of hydroxyl groups (Shen and Gnanakaran, 2009). This 
crystallinity confers stability and recalcitrance to degradation through core chain inaccessibility. This 
is further exacerbated by exposed end heterogeneity; the cellulose chain has a reducing end in 
which the terminal glucose unit has an anomeric carbon at position 1 (which usually forms the β-(1-




Figure 1.2 Molecular structure of cellulose. Cellulose consists of repeating β-(1-4) D-glucose units, 
termini are displayed as reducing and non-reducing ends. Repeating unit indicates a cellobiose 
subunit, adapted after (Zhang et al., 2011c). 
 
          1.3.2     Hemicellulose 
 
     Hemicellulose encompasses a diverse suite of polysaccharides that form a complex and 
interconnected network known as the matrix polysaccharides or cross-linking glycans. These 
polysaccharides consist of a spectrum of pentose (5C) and hexose (6C) sugars and in contrast to 
cellulose, are often branching and contain various decorations (acetyl, methyl or sugars) (Scheller 
and Ulvskov, 2010). The inherent form complexity and spatial heterogeneity confers matrix 




interacts with the cellulose microfibrils through hydrogen bonding or physical entrapment during 
biosynthesis (Scheller and Ulvskov, 2010). The matrix polysaccharides therefore form an 
interconnected coating to cellulose microfibrils and ostensibly function to enhance and ensure 
physical properties and rigidity in the cell wall, by tethering cellulose microfibrils together (Scheller 
and Ulvskov, 2010, Park and Cosgrove, 2015). 
     The predominant matrix polysaccharides in the secondary cell walls of grasses (family Poaceae) 
are glucuronoarabinoxylan (GAX) which can comprise up to 50% of the total cell wall polysaccharides 
(Scheller and Ulvskov, 2010). Minor polysaccharides include xyloglucan, glucomannan, mixed linkage 
glucans β-(1-3,1-4)-glucans and pectins (Wang et al., 2016b, Scheller and Ulvskov, 2010, Vogel, 
2008). GAX are structurally and compositionally diverse, but all belong to a family of polysaccharides 
known as xylans as they are all supported by a xylan backbone of linear β-(1-4) linked xylosyl 
residues (Figure 1.3) (Zhong et al., 2018). GAX contains single length side chains of arabinose and 
glucuronic acid at O-3 and O-2 positions respectively (Figure 1.4) (Vogel, 2008). 
 
 
Figure 1.3 Molecular structure of xylan. Model of the linear β-(1-4) linked xylosyl residues comprising 
the xylan backbone. 
 
     GAX is highly decorated with many functional groups and sugars at various locations (Figure 1.4). 
The function of these decorations has yet to be fully elucidated but preventing crystalline formations 
has been suggested, with the exception of acetylation which facilitates the binding of the xylan 
backbone to cellulose (Busse-Wicher et al., 2014, Gomez et al., 2008). Up to 55% of xylosyl units in 
GAX are acetylated, suggesting cellulose binding as in important function (Gille and Pauly, 2012). The 
magnitude of acetylation and abundance of GAX is thought to be the main contributor to the 
formation of acetate, a major inhibitor of hydrolysis in commercial cocktails (Selig et al., 2009). 
Other decorations include galactosyl, methylated and non-methylated glucuronic acid ([Me]GlcA), 






Figure 1.4 Simplified molecular architecture of glucuronoarabinoxylan. Inter and intra cross linkages 
in grasses are displayed, schematic assimilated from (Gomez et al., 2008, Buanafina, 2009, Marriott 
et al., 2016). 
 
     Not only does GAX bind to cellulose but ferulic acid also interfaces the GAX branches with lignin 
polymers and other GAX polysaccharides. The point at which lignin and hemicellulose converge is 
known as the lignin-carbohydrate complex (LCC). In grasses, LCC linkages are thought to consist 
mainly of aryl ester (ferulic linkages between ferulic acid and arabinose side chains in GAX) and aryl 
ether bonds (Buanafina, 2009). These linkages have been shown to negatively affect xylan hydrolysis 
(Grabber et al., 1998). Additionally, these linkages have been identified as potentially important for 
simplifying biorefining processes (Humbird et al., 2011). Therefore, not only do these bonds provide 
a covalent linkage to the most recalcitrant lignocellulose component, lignin (at the LCC), but also 







          1.3.3     Lignin 
      
     Lignin is the third most abundant polymer in the secondary cell wall of grasses, and in contrast to 
cellulose and hemicellulose, it is an aromatic polymer with a quasi-random arrangement and no 
repeating pattern. Lignin is thought to be the structural and UV protective component enabling the 
colonisation of plants on land at least 450 million years ago (Weng and Chapple, 2010). Lignin is 
composed mainly of phenylpropanoid units p-hydroxyphenyl (H), syringyl (S) and guaiacyl (G) 
residues (collectively known as monolignols), derived from the hydroxycinnamyl alcohols p-
coumaryl, coniferyl and sinapyl precursors (Figure 1.5) (Lu et al., 2017). While the diversity of lignin 
components is less than matrix polysaccharides, it is the mechanism of lignin biosynthesis that 
confers the greatest level of spatial heterogeneity in the plant cell wall. Lignin biosynthesis occurs 
through free radical mediated coupling to form C-C or ether bonds between monolignols (favouring 
coupling at β-β, β-O-4 and β-5 positions), therefore the bond formed is dependent on the proximity 
and presence of monolignol units and their respective orientation at the time of incorporation 
(Boerjan et al., 2003, Vanholme et al., 2010). This feature means lignin biopolymers are racemic, 
which confers near infinite levels of spatial and compositional heterogeneity. Lignin polymerisation 
is processive, as opposed to a chain reaction, as the free radical is derived from monolignol oxidation 
(dehydration), which is quenched during the coupling of two dehydrated monolignols (Vanholme et 
al., 2010). 
 





     Lignin composition is species dependent and monocot lignin (which includes grasses) exhibit a 
higher proportions of H residues, which are present at negligible levels in dicots (Vogel, 2008). 
However, across all angiosperms the G and S residues are consistently dominant, but in varying 
proportions (Karlen et al., 2018). Lignin is distributed throughout the secondary cell wall matrix as a 
function of the mechanism of polymerisation where it structurally protects core polysaccharides 
through covalent (ferulate and diferulate esters) linkages to matrix polysaccharides and non-
covalent linkages to cellulose microfibrils (Buanafina, 2009, Zhang et al., 2015). Lignin complexity 
and distribution throughout the secondary cell wall confers extreme recalcitrance and 
environmental persistence; to such an extent that deposition during the Carboniferous period and 
subsequent fossilisation to coal facilitated human industrialisation (Weng and Chapple, 2010, 
Hayatsu et al., 1979). 
 
     1.4     Second generation biofuels 
      
     The interest in biofuels has arisen from increasing global population and energy demands with a 
desire to implement carbon neutral strategies to sustainably sequester the demands of these 
forthcoming increases. Increasing global population (projected to reach or exceed 8.5 billion by 
2030) indicates an additional 1.3 billion people will utilise and require energy. Considered together 
with globalisation in the form of increased industrialisation, urbanisation, and motorisation, the 
growth in population translates to a projected net increase in global energy consumption of 36% by 
2030 (IEA, 2010). The European Commission, under the directive 2009/28/EC, mandates that by 
2030, 20% of the total energy consumption in Europe must be derived from renewable sources. At 
the 2015 annual G7 summit, the IPCC recommendations to reduce the impact of climate change 
were discussed and industrialised nations declared a commitment to a zero-carbon economy. The 
aim stated is to phase out fossil derived fuels by the end of the century. Additionally, in the UK, the 
2008 Climate Change Act was introduced to reduce greenhouse gas emissions by a minimum of 80% 
by 2050 through multiple decarbonisation schemes.  
     Currently over 91.32 million barrels of oil (MBO) are produced daily (in 2016) against a 
consumption rate of 95.36 MBO per day (Davis et al., 2018). Current reserves (excluding new 
discoveries post 2007 and assuming a constant consumption rate) and extraction rates are only 
capable of supplying this demand for an additional 40-50 years (Davis et al., 2011). Due to the extent 
of motorised infrastructure that is dependent on liquid fuel, liquid alternatives must be sought to 




biodiesel, butanol) which are viewed as a renewable subsidy (rather than a direct replacement) for 
conventional fossil-derived petroleum.  
     The underlying principle of biofuels is to use photosynthetic organisms (plants or algae) to fix 
atmospheric CO2 and water into monomeric sugar, where they are fermented or stored as 
polysaccharides, which can then be deconstructed into its constituent parts and chemically or 
biologically transformed into a useable form of fuel. As such, biofuels utilise biological feedstocks to 
generate (via various processes) monosaccharide sugars or lipids (di- and triglycerides) which are 
then fermented to bioethanol or trans-esterified to fatty acid methyl esters (biodiesel) respectively 
(Coppola et al., 2009). First generation biofuels largely utilise the edible fraction of agricultural 
products (e.g. maize starch) but the feedstock is deemed unsuitable as a result of food security 
concerns. Second generation biofuels were developed to overcome the perceived limitations of the 
first generation. Second generation biofuels are derived from the nutrient poor, non-food biomass 
fraction, which encompasses the lignocellulosic wastes described in section 1.2. This feedstock, in 
contrast to first generation biofuels, mitigates concern over both food (by not utilising the edible 
crop products) and land (food crops are not displaced by dedicated crops, new agricultural land is 
not required and low value marginal land becomes suitable) security (Naik et al., 2010, Havlik et al., 
2011). The major benefit of bio-based fuels is that they exhibit significantly lower carbon emissions 
to their fossil-derived counterparts and in some cases approach carbon neutrality, however this is 
situation specific, hugely variable and no consensus assessment methodology exists (Johnson, 2009). 
    First generation biofuels are being produced and deployed successfully in the United States (using 
corn starch as a feedstock) and Brazil (using sugarcane sucrose). These two countries produce 84% 
of the global bioethanol production (over 27,000 million gallons) (RFA, 2018). Despite first 
generation biofuel production being well established, second generation processing is significantly 
more complex. The comparative heterogeneity of lignocellulose as opposed to first generation crop 
feedstocks (starch and sucrose) requires an additional pre-treatment step and a more complex 
saccharification phase to release fermentable products. Despite these caveats, significant ethanol 








Figure 1.6 Potential ethanol yields from globally abundant grass-derived feedstocks. Data sourced 
from (Erdei et al., 2010, Naik et al., 2010). 
      
     Currently second generation biofuel production consists of a biomass pre-treatment phase 
(polysaccharide exposure), enzymatic hydrolysis phase (saccharification; monosaccharide release), 
fermentation phase (ethanol production) and distillation phase (ethanol extraction) (Agbor et al., 
2011). During this process a bottleneck exists whereby pre-treatment and saccharification are rate 
limiting steps (Alvira et al., 2010). The processes for pre-treatments vary but industrially involve acid 
and base reagents, large volumes of water and high temperatures to strip away the recalcitrant 
fractions of lignocellulose to expose cellulose microfibrils. The enzymatic hydrolysis of pre-treated 
biomass is conducted with commercially available cocktails which hydrolyses the remaining biomass 
into its constituent sugars. These two processes present an opportunity where applied 
biotechnology has the potential to increase the efficiency of these processes to improve 
sustainability and process economics.   
 
     1.5     Economic constraints to bioprocessing 
 
     Despite promising technologies and an overabundance of lignocellulosic feedstock; achieving 
economic feasibility has proven challenging for second generation bioprocessing. This is largely a 
result of lignocellulose complexity inhibiting product isolation, purification and deconstruction, 
which are easily achievable with first generation feedstocks. To overcome this complexity, additional 
processing stages have been introduced (Figure 1.7). Firstly, exposing the core crystalline cellulose 




capital expenditure and operating costs in pretreatment processing (acids, alkali, ionic liquids which 
require subsequent neutralisation prior to hydrolysis) and expensive resistant reactors or large 
energy inputs for the various thermal, thermochemical, or physical pretreatments (Chen et al., 
2017a). These pretreatments also generate unavoidable by-products that partially inhibit 
subsequent hydrolysis and are carried through to also inhibit fermentation (this is exacerbated 




Figure 1.7 General overview of lignocellulosic bioprocessing from primary production to ethanol 
distillation. 
    
     In contrast to first generation biofuels, where starch can be depolymerised with α-amylase (and 
often glucoamylase), cellulosic polymers require a broader spectrum of enzymes (Kumar and Singh, 
2016). Enzyme associated operating costs in lignocellulosic biorefineries are significant and reported 
to be in the order of up to 30% (Valdivia et al., 2016) and 23-34% (at the time of writing based on 
0.34-0.5 USD per gallon) (Humbird et al., 2011). It is hypothesised that economic feasibility can be 
achieved at 0.1 USD per litre (Rocha-Martin et al., 2017). However, an estimated a cost of 1.47 USD 
per gallon has been reported which is greater than the cost of ethanol (1.39 USD per gallon at the 
time of writing, with a three year average of around 1.45 USD per gallon) (Klein-Marcuschamer et 
al., 2012). These discrepancies are likely the result of disparities in lignocellulosic feedstocks (which 
differ greatly) and processing methodologies (e.g. pre-treatments) which require case specific 
analysis. The leading lignocellulolytic cocktail (Cellic® CTec2 and more recently CTec3) is produced by 
Novozymes with a market price of 1.341 USD/106 FPU for CTec2 (Mesa et al., 2017). In addition to 




containing the secreted lignocellulolytic enzymes of Trichoderma reesei and exogenous additives) 
(Billard et al., 2012).        
     Water consumption is also significantly increased in second generation processes (while first 
generation water use is predominantly agriculture related) as a result of the additional complexed 
pretreatment, hydrolysis and dilution phases. Water intensity (L water/L ethanol) of first generation 
biofuels require 10-17 L/L (corn starch), whilst switchgrass derived lignocellulosic ethanol (second 
generation) has a water intensity of 1.9-9.8 L/L (the high range is due to different processing 
methods), these are comparatively higher than crude oil derived petroleum at 2.8-6.6 L/L (Wu et al., 
2009). Other second generation water intensity estimates include 1.24-1.9 L/L (Dutta and Phillips, 
2009) and to 5.9 L/L (Fang et al., 2015a). These figures discount the even larger water footprints 
(500-9,812 L/L) with respect to crop growth (complete bioethanol life cycle) as it references true 
biomass waste products and not food products (for wheat the footprint is an estimated 4,946 L/L) 
(Fingerman et al., 2010, Gerbens-Leenes et al., 2009). 
    The large volumes of fresh water required for bioethanol production imposes water security 
concerns and constrains economics. In temperate regions such as the UK, where business water 
rates are in the range of £1.2-1.7/m3, translating to around 0.24p GBP and 1.2p GBP per litre of 
ethanol based on the water intensities above (Yorkshire Water, UK, small business tariffs), the 
economic burden is insignificant. However, in water scarce or consistently arid regions water must 
be purified by reverse osmosis incurring an economic premium. Furthermore, such large volumes of 
water may not be available (underdeveloped infrastructure to support a biorefineries requirements). 
Contextually, these volumes of water in regards to processing facilities with a turnover of millions of 
litres of ethanol are to have excessive impacts locally, or perhaps in the case of arid regions (which is 
a large proportion of the planet) operationally prohibitive (Liu et al., 2017b, Service, 2009).  
     Various engineering and structural modifications to biorefining processes have developed to 
minimise water consumption, with predicted reductions to 0.6-1.6 litres of water per litre of ethanol, 
however these modifications likely require inhibitory capital expenditure and are unproven at 
commercial scale (Martin et al., 2011). To completely circumvent the need for water use mitigation, 
recovery or process trade-offs that may result from resource limitations, the simplest solution is to 
exchange water as the reaction media for a more suitable alternative. The alternative is required to 
be inexpensive, renewable and highly abundant, such as seawater. 





     1.6     Seawater as an economically attractive replacement media 
 
     An attractive alternative would be the use of seawater, an abundant and inexpensive solvent, 
which would liberate fresh water for human consumption and agricultural use, whilst simultaneously 
acting to enhance sustainability and process economics and ensure water security. This is of 
particular interest for the UK, with a proposed optimal geographic location for a second generation 
biorefinery along the Humber estuary, with a near limitless supply of estuarine to marine water 
(LBnet and E4tech, 2016).  
     In order to incorporate untreated seawater as the solvent in biorefineries it must be compatible 
with all other processes. Seawater is a complex chemical substance which has an average pH of 8.15, 
contains roughly 3.5% salt (84% of which is sodium chloride, and 14% potassium chloride) and over 
82 trace elements, complicated further by their prevalence as often diverse chemical species 
(Elderfield et al., 2006, Turner et al., 1981, Byrne et al., 1988). This chemical complexity is 
problematic for enzymatic reactions where inhibition can occur, and the ionic strength incurs 
instability, precipitation and biological inactivation of enzymes. 
     Commercially available cellulase cocktails include Celluclast® (Novozymes), Accellerase® 1500 
(Genecor) and the Cellic® CTec cocktails (Novozymes), all of which perform uniformly (with 
Celluclast® exhibiting lower thermostability), which is unsurprising as they all originate from the 
same genus of fungi (Trichoderma) (Gomes et al., 2018). Accellerase® 1500 has been shown to be 
effective at degrading cellulose in seawater, performing at ca. 90% relative activity (Grande and de 
Maria, 2012). Similar results have been observed with Cellic® CTec2 exhibiting minor inhibition 
(4.4%) in seawater media, which was hypothesised to be as a result of destabilising cation and anion 
interactions in the ionic solution (Fang et al., 2015a). This reduction in activity further burdens the 
economic viability of bioethanol processing.  
     Additionally, a major flaw in these cocktails is their susceptibility to inhibitors (such as acetic acid, 
formic acid, furfural, xylo-oligosaccharides and 5-hydroxymethylfurfural (HMF), and an array of 
aromatic lignin degradation products) produced during pre-treatment processes (Rajan and Carrier, 
2014). Seawater pre-treatments also produce higher concentrations of inhibitors (Fang et al., 







Table 1.1 Major components in the chemical composition of seawater. Adapted after (Atkinson and 
Bingman, 1997). 
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        In consideration of these factors, an opportunity is presented whereby targeted enzymatic 
bioprospecting of highly active, halotolerant, inhibitor-resistant enzymes can facilitate the 
construction of unique, highly efficient cocktails. These novel cocktails would be able to operate in 
untreated seawater, at lower loadings, enhancing prospects for economic and industrial feasibility 
whilst maintaining water security at local scales.  
   
     1.7     Halotolerance 
 
     Many enzymes perform poorly in ionic media as they aggregate, precipitate and lose biological 
functioning. The mechanism of enzymatic functioning under saline conditions are not fully known, 
however halotolerant enzymes exhibit more acidic surface residues (aspartic acid and glutamic acid) 
and reduced lysine compared to non-halophilic counterparts, allowing them to have a negative 
electrostatic surface potential (Enache and Kamekura, 2010). The Hofmeister series describes 
electro-selectivity of ions and their ion-protein interactions causing proteins to salt in (where ion-
protein interaction shields the protein from protein-protein interactions, increasing solubility) and 
salt out proteins (high ion concentrations cause osmotic dehydration of the protein, creating an ion 
depleted zone, facilitating protein-protein interactions and precipitation) at increasing ion 
concentration (Zhang and Cremer, 2006). 
     Therefore, it is apparent that an important factor affecting protein solubility and stability in ionic 
solutions is the initial resistance to dehydration. This is putatively a result of a greater negative 
surface charge in halotolerant proteins as characterised by acidic residues; which form salt-bridges 
(defined as an interaction between two oppositely charged groups, one of which is within hydrogen 
bonding distance) between their anionic carboxylate and dissolved cationic salt (which is often 
hydrated), forming an ordered hydration shell, facilitating the dissolution, stabilisation and 
functioning of proteins at higher salt concentrations and preventing protein aggregation (Madern et 
al., 2000, Nayek et al., 2014, Warden et al., 2015). In the context of seawater and the Hofmeister 
series; Ca2+, Mg2+, Na+, K+, Br- and Cl- are highly abundant destabilisers (Table 1.1) (Fang et al., 
2015a). Recently, experimental evidence has been provided by substituting up to 18 surface residues 
(for aspartic acid and glutamic acid) on a carbonic anhydrase, with the engineered protein displaying 
significantly greater halotolerance and thermostability than the wild type, but also significantly 
reduced catalytic activity (Warden et al., 2015). 
     In addition, halotolerant proteins exhibit a reduced abundance of hydrophobic, and increased 




alleviating the issues of salt concentration-induced osmotic dehydration by forming a solvation shell 
on the surface of the proteins maintaining hydration (Delgado-Garcia et al., 2012, Liu et al., 2014). 
Furthermore, salts appear to play a protective role against denaturants, likely by maintaining critical 
secondary and tertiary structures, however the exact mechanism remains elusive (Sinha and Khare, 
2014). An additional benefit of halotolerance appears to be thermostability, with halotolerant 
enzymes exhibiting higher optimal temperatures and higher optimal pH than their counterparts 
(Bonugli-Santos et al., 2015, Sinha and Khare, 2014). 
     There is evidence that halotolerant proteins also contain a suite of industrially desirable traits 
(denaturant resistance, thermostability, pH plasticity) as well as functioning in ionic (seawater) 
media. While evidence suggests replacing surface amino acids with acidic residues may enhance 
halotolerance, the practicality of such engineering strategies is restricted by the lack of 
understanding of the mechanisms of halotolerance and the number of enzymes required to 
hydrolyse lignocellulose efficiently. A more suitable option is to bioprospect novel enzymes from 
suitable natural environments where selection pressures have driven halotolerant adaptions in 
lignocellulolytic enzymes. 
     While lignocellulose is a terrestrial biopolymer not commonly found in the marine (saline) 
environment, there are three known ecosystems with reliable lignocellulose inputs; Zostera seagrass 
meadows, mangroves and salt marshes. The lignocellulose in mangroves and salt marsh 
environments is remineralised within the marine domain, suggesting the microbiome contains a 
spectrum of halotolerant lignocellulolytic enzymes. As such these are model environments to 
bioprospect for halotolerant and lignocellulolytic enzymes.  
 
     1.8     Salt marshes 
 
          Salt marshes exist on sheltered coastal sites where sediments accumulate. They are generally 
found in temperate regions below the position of the 20oC isotherm (sea surface temperature) 
(Figure 1.8), above this temperature mangroves become the dominant intertidal ecosystem 
(Saintilan et al., 2014, Mcowen et al., 2017). They are highly diverse intertidal ecosystems which 
transition from terrestrial to marine environments characterised by halotolerant flora and fauna. 
Salt marshes are also one the most productive ecosystems on the planet; with net primary 
productivity (NPP) estimates exceeding 1 kg C.m-2.y-1, comparable to intensive agriculture (Morris et 




     Salt marshes are structurally and biologically heterogeneous with moderate levels of disturbance 
underpinned by tidal inundation (almost twice daily) from the diurnal cycle (in the UK). Diurnal 
inundation is the dominant factor inducing temporal fluctuations in pH (7.2-8.3), dissolved oxygen 
(3-13.5 mg.L-1), temperature (sub zero to 27oC and above), salinity (20-42ppt), pCO2 and nutrient 
availability (Baumann et al., 2015, Alldred et al., 2017). It is this abiotic heterogeneity that causes the 
characteristic plant zonation patterns whereby competitive displacement by greater stress tolerant 
species creates floral zones perpendicular to the elevation gradient, with competitive subordinates 
refuged at the less favourable lower marsh (Emery et al., 2001, Schoolmaster and Stagg, 2018). 
 
 
Figure 1.8 Potential global distributions of salt marsh and mangroves ecosystems by sea surface 
temperature (SST) and 20oC isotherm. Shaded areas represent potential distribution of salt marsh 
(blue) and mangrove (red) ecosystems. Data plotted is SST on 15/7/2018. Data retrieved from the 
Physical Oceanography Distributed Active Archive Center and was generated from the Moderate 
Resolution Imaging Spectroradiometer instrument on the Aqua and Terra satellites (GHRSST, 2010).  
 
     Zonation patterns are predominantly the result of a stress gradient that increases with decreasing 
elevation. Salinity and nutrient availability are highest in the low marsh (increased inundation 
frequency and length), and lowest in the high marsh. In the UK, halotolerant species, such as 
Salicornia europaea and Spartina spp. often dominate the low and low to mid marshes respectively. 
However, there is significant variation in salt marsh biotope and dominant flora. 
     The high primary productivity of salt marshes is intrinsically linked to their carbon sequestration 




is significantly higher than any terrestrial ecosystem (Chmura, 2013, Hopkinson et al., 2012). This 
level of productivity confers salt marshes as the dominant carbon sequestering ecosystem per unit 
area on the planet, responsible for the global sequestration of 4.8-87.2 billion tonnes of carbon 
annually (McLeod et al., 2011). Material retention (lignocellulosic biomass) in salt marshes is 
imperative to their survival (enabling high the levels of carbon sequestration), which is dependent 
upon maintaining an accretion rate greater than sea level rise (including native biomass deposition 
and exogenous sedimentation) (Chmura, 2013). Given the predicted rate of increase of sea level rise, 
understanding the mechanisms of salt marsh accretion and particularly carbon retention and 
remineralisation is critical (Church et al., 2013). This is particularly pertinent in the context of ocean 
warming invoking latitudinal encroachment of mangroves onto salt marsh domains (Kelleway et al., 
2017). 
     Salt marsh survival is critically important as they provide a plethora of valuable ecosystem 
services that directly and indirectly benefit surrounding environments and human populations 
(Himes-Cornell et al., 2018). Salt marshes provide habitats, refugia and nursery grounds for fisheries 
(crustaceans, molluscs and fish). Primary production and outwelling exports nutrients to support 
adjacent environments (Sousa et al., 2017). Regulatory services such as detoxification (sequestration 
of heavy metals from the water column and nitrogen interception) orchestrated by toxin tolerant 
halophytes and sedimentation rates (Nelson and Zavaleta, 2012, Andrews et al., 2008, Nikalje and 
Suprasanna, 2018, Chen et al., 2017b). Carbon sequestration (see preceding text and section 1.9) as 
a service has also received appropriate attention. However, the most highly regarded service that 
has become driving factor inspiring salt marsh protection, management and realignment programs 
are the defensive provisioning by salt marsh ecosystems in preserving and maintaining coastlines. 
Salt marsh topography and flora are responsible for energetic attenuation, preventing coastal 
erosion; proving salt marshes as a natural, manageable and sustainable biological barrier between 
unpredictable and often deleterious tidal effects (Andrews et al., 2008). Therefore, salt marshes act 
as a naturally occurring analogue to economically constraining engineered coastal defenses which 
are transient.  
          To ascribe value to these ecosystem services, monetary values have been estimated based on 
their propensity to enrich human welfare. An intangible value of $24.8 trillion (2011) has been 
ascribed to the collective value of the global ecosystem services provided by salt marshes (de Groot 
et al., 2012, Costanza et al., 2014). Despite this value, the lack of molecular characterisation of these 
ecosystems has meant the biotechnological potential of salt marshes to benefit human welfare and 




     The clear constructive role of salt marshes has been continually disregarded, historically and 
currently the occupied area of salt marshes is declining, with a global loss estimated at 25% since the 
1800s and an annual rate of loss of 1-2% (McLeod et al., 2011). This reduction is more pronounced in 
the UK with a 50% loss observed since Roman Britain (Airoldi and Beck, 2007). This rate of loss is 
perpetuated by land reclamation, predominantly for agricultural purposes and coastal development 
at a global scale. Understanding carbon cycling in salt marshes with respect to organic matter, of 
which a major constituent is lignocellulose, is of great ecological importance to ensure the security 
of these ecosystems and subsequent persistence of their invaluable ecosystem services at a time 
where a growing human population will become increasingly dependent upon them (Chmura, 2013, 
Morris et al., 2016). 
 
     1.9     Salt marsh carbon cycling  
 
     Often the dominant plants are perennial grasses (such as Spartina spp.), dieback of these plants 
introduces vast amounts of lignocellulosic biomass into the marine environment. It is thought the 
majority of remineralisation occurs within the salt marsh (only 0.05% net aerial primary productivity 
(NAPP) exported); with up to 89% of the native lignocellulosic biomass redistributed to the mid and 
upper zones (which act as carbon sinks) or deposited on the strandline (Figure 1.9) (Bouchard and 
Lefeuvre, 2000, Jackson et al., 1986). The fate of biomass has yet to be fully elucidated but it is highly 
likely that the majority is degraded on site and insignificant fractions are exported to the 
surrounding waters with the magnitude of export variable both within and between marshes 
(Gordon et al., 1985, Hopkinson et al., 2012, Montemayor et al., 2015, Chmura, 2013, Hemminga et 




    
 
Figure 1.9 Lignocellulose cycling, deposition, redistribution and exportation.    
 
     The fallen biomass lies on the surface and becomes buried within the sediments. High organic 
carbon loadings within salt marsh sediments of 0.73 – 16.2 kg C m-2 have been reported and 
interestingly these loadings appear to decrease with depth (Drake et al., 2015, Bai et al., 2016, Zhang 
et al., 2018a). Not only do the carbon loadings decrease with depth, but the composition of the 
organic carbon also likely changes with depth, with refractory lignin derivatives becoming enriched 
and polysaccharides being lost (Fogel et al., 1989, Benner et al., 1987). This reduction and profile 
discontinuity with depth suggests in situ decomposition, which is likely orchestrated by microbial 
consortia (which appear to preferentially target the less recalcitrant hemicellulose and cellulose 
fractions).  
     Microbial remineralisation of lignocellulose is an important part of the global carbon cycle 
whereby lignocellulose is degraded into its constituent sugars, utilised as an energy source and 
released as CO2 which may then sequestered by primary producers or persist in the biosphere. 
However, little is known about carbon cycling within salt marshes (particularly the associated 
microbiome) beyond productivity and import/export studies. The role of microbial communities has 
only been elucidated for terrestrial plant pathogens involved in the dieback phase (Torzilli et al., 






     1.10     Microbial ecology of salt marshes  
 
     Salt marshes are considered diverse ecosystems but are relatively unexplored with respect to 
microbial communities and microbial carbon cycling. Salt marsh microbiomes contain bacterial, 
archaeal and eukaryotic (including fungal) constituents (Bowen et al., 2012, Weber et al., 2011, 
Seyler et al., 2014); however, in contrast to terrestrial systems, it is apparent that bacteria dominate 
salt marsh sediments and are orders of magnitude more abundant than fungi or archaea (Chaudhary 
et al., 2018). Concordant between studies is the dominance of Proteobacteria and Bacteroidetes 
with minor contributions by Actinobacteria, Acidobacteria, Chloroflexi, Planctomycetes and 
Verrucomicrobia (Bolhuis and Stal, 2011, Bowen et al., 2012).  
    Few microbial profiles have been generated for salt marshes, despite this, the few that exist are 
insightful (Bowen et al., 2012, Bolhuis and Stal, 2011, Mohamed and Martiny, 2011). The most 
intriguing observation by Bowen et al. (2012) is that the microbial community is homogenous 
throughout the upper salt marsh sediments and independent of the within marsh location. This is 
unexpected given the topographically complex and heterogeneous nature of the salt marsh 
predicated by moderate disturbance (mediated by the temporally variable tidal regime) that creates 
distinct microhabitats. It was also observed that the suspended community in the water column 
(drainage creeks) contained a significantly different community. This suggests that these 
microorganisms have adapted to withstand outwelling (retention by biofilm), and that retention to 
salt marshes is auspicious. This is unlikely to be the case for organisms originating from terrestrial or 
marine systems and implicates the community as salt marsh adapted (not interchangeable between 
systems).    
     The stable state of the microbiome is synonymous with the observation that various salt marsh 
microbial profiles are insignificantly effected by various treatments (elevated CO2 and nitrogen) and 
marginally effected by salinity gradients (despite a notable decline in freshwater taxa with an 
increase in salinity) suggesting the salt marsh microbiome is robust in response to factors usually 
considered deterministic; however, some changes in community structure were observed (Lee et al., 
2017, Campbell and Kirchman, 2013). Despite the stable state, seasonal variations have been alluded 
to (Dini-Andreote et al., 2016a). Recently, microbiome stability has been demonstrated 
experimentally with resilience post microbiome translocation (Angermeyer et al., 2018). The 
taxonomic diversity within salt marsh sediments likely hosts a plethora of functions capable of 




     The microbial consortia vary marginally with elevation (between high and low marsh), but varies 
significantly with depth between 0-10cm (Cleary et al., 2017, Bowen et al., 2012). Profile change 
with depth is likely a function of oxygen depletion, with anoxic sediments hosting a suite of 
alternative respiratory modes characteristic of specific taxonomic lineages, whose distribution is 
correlated to the stratification of their required terminal electron acceptor. This trend extends to 
oceanic sediments which exhibit similar microbial profiles to salt marsh sediments where 
Bacteroidetes, Firmicutes, Chloroflexi and Proteobacteria become enriched at moderate and extreme 
depths, though no core-depth profiles exist for salt marshes (Petro et al., 2017). Salt marshes are 
topographically complex and moderately disturbed ecosystems; however, only the upper layer (1-
5mm) of sediment is consistently oxygenated. It is, therefore, likely that different microbial consortia 
interact with lignocellulose at surface levels (containing pristine lignocellulose) and subsurface 
(containing partially degraded lignocellulose) sediments.  
          The carbon cycling associated microbial profiles are largely understudied (Vigneron et al., 
2014), with current research focusing on nitrogen cycling (Dini-Andreote et al., 2016a, Salles et al., 
2017, Kearns et al., 2015), iron and sulfur cycling (Moreau et al., 2010, Lambais et al., 2008, 
Angermeyer et al., 2016, Thomas et al., 2014), bioremediation/pollution (Sanni et al., 2015, Beazley 
et al., 2012), succession dynamics and abiotic determinants (Dini-Andreote et al., 2014, Bowen et al., 
2009), or in-depth holistic assessments (Bowen et al., 2012). Interestingly, whilst the compositions 
may vary slightly, salt marsh microbiomes appear analogous with those associated with marine 
organic matter rich sediment (sapropel), reflecting the density of organic matter in this environment; 
and implicating some of the groups contained within these taxa as having roles within the carbon 
cycle, however taxonomic associations to carbon cycling have yet to be demonstrated (Oni et al., 
2015, Andrei et al., 2017).  
     While high taxonomic resolution salt marsh microbiome data is scarce, at class levels; 
Acidimicrobiia, Alteromonadales, Flavobacteriia, Rhodobacterales and Thiotrichales appear to be 
more abundant in surface sediments, while Anaerolineae and Deltaproteobacteria were more 
abundant at depth (Cleary et al., 2017). The function of these highly abundant groups within salt 
marshes has yet to be established. Environmental microbial carbon cycling studies are lacking; 
however, in vitro studies using 13C lignocellulose have revealed Gammaproteobacteria (Kangiella), 
Bacteroidetes (Flavobacteria) and Spirochaeta as benefactors of degradation products (Darjany et 
al., 2014). In consideration with their respective abundance in salt marsh sediments, these findings 
would implicate a large proportion of the sediment microbiome is lignocellulose responsive; 




not direct involvement in the degradation process. Additionally, in vitro studies are divorce from 
reality and ascribing ecological significance from their findings requires prudence. 
     Proteobacteria are one of the largest prokaryotic phyla consisting of seven classes; Alpha-, Beta-, 
Gamma-, Delta-, Epsilon-, Zeta-proteobacteria and Acidithiobacillia; however, the former-most five 
are consistently observed in abundance in marine samples (Williams and Kelly, 2013). Whilst a 
diversity of functions likely exists within each class, attempts have been made to assign putative 
functions to these taxa. In intertidal settings, Alphaproteobacteria and Betaproteobacteria have 
been associated with nitrogen cycling (Kearns et al., 2015) and rhizosphere sediment (Wang et al., 
2007), with Alphaproteobacteria more abundant in aerobic conditions (Lambais et al., 2008). 
Betaproteobacteria are known ammonia oxidisers (Nitrosomonas and Nitrospira) together with 
Gammaproteobacteria (Nitrosoccocus), with the former ostensibly more abundant (Ma et al., 2018, 
Nold et al., 2000). The Alphaproteobacterial order Rhodobacterales are associated with sulfur 
oxidation in salt marsh sediments (Thomas et al., 2014).  
    Gammaproteobacteria are a diverse group of bacteria, with a diverse suite of ecological functions 
including C, N and S cycling. Within salt marshes this group is predominantly associated with carbon 
cycling, with over 50% of the dark carbon fixation (carbon fixation in the absence of light) in salt 
marshes attributed to this group (Dyksma et al., 2016). Dark carbon fixation is poorly understood but 
is thought to utilise available reduced and oxidised compounds to liberate energy for carbon fixation 
independent of light (Santoro et al., 2013).  
     Abundant salt marsh dwelling Gammaproteobacteria include the orders Alteromonadales, 
Chromatiales, Thiotrichales and Oceanospirillales (Cleary et al., 2017). The former are considered 
oligotrophic, capable utilising a diversity of compounds, therefore it is unsurprising that they have 
been observed in abundance in coastal microbiomes, rich in chemical diversity, alleviating direct 
competition for more valuable substrates (Cho and Giovannoni, 2004, Sun et al., 2015b). 
Chromatiales and Thiotrichales are interesting as these groups are putatively involved in sulfur 
cycling; however, unlike the related sulfur-reducing Deltaproteobacteria, are photosynthetic sulfur-
oxidising organisms (Chromatiales are commonly known purple-sulfur oxidising bacteria) (Pokorna 
and Zabranska, 2015, Thomas et al., 2014, Cleary et al., 2017).  Groups closely related to 
Oceanospirillales have been observed as dominant in oil plume associated microbiomes, 
representatives of this group are known hydrocarbon degraders, capable of utilising many 
lignocellulosic breakdown products as a carbon source (Hazen et al., 2010, Yakimov et al., 2003, 




     The Deltaproteobacteria contain established sulfate reducing bacteria (SRB) (Karlin et al., 2006). 
In salt marshes the Desulfobacteraceae and Desulfovibrionaceae are reported as highly abundant 
(Cui et al., 2017). These organisms are capable of respiring anaerobically, reducing sulfate (SO42-) to 
hydrogen sulfide (H2S). This action facilitates the production of insoluble iron sulfides (which give 
anoxic salt marsh sediments the characteristic dark-grey hue) by reduction of iron oxyhydroxides by 
hydrogen sulfide (Coleman et al., 1993). Additionally, Fe(III) reduction to Fe(II) by iron reducing 
bacteria (FeRB) has been associated with Deltaproteobacterial members within salt marshes (FeRB 
are putatively present throughout the kingdoms bacteria and archaea) (Lowe et al., 2000). 
    Bacteroidetes are often one of the most abundant phyla in salt marshes, particularly the classes 
Bacteroides, Flavobacteriia and Sphingobacteriia (Bolhuis and Stal, 2011, Lydell et al., 2004). These 
classes are often cited as capable of complex polymer degradation and as such are known as 
heterotrophic organic matter decomposers (including lignocellulosic material) in salt marsh 
ecosystems (Cleary et al., 2017, Lydell et al., 2004). Flavobacteria (Bauer et al., 2006), 
Sphingobacteriia (Zhou et al., 2017) and Bacteroides (Jimenez et al., 2015a) are all known to be 
equipped with carbon deconstructing hydrolytic enzymes.  
     High abundances of the phylum Chloroflexi have been observed in salt marsh and marine 
sediments but at higher abundances at depth in aromatic compound rich sediments (Oni et al., 2015, 
Vigneron et al., 2014, Petro et al., 2017). The putative propensity of Chloroflexi in degrading 
aromatic compounds, which likely originate from the recalcitrant lignin fraction in lignocellulose, 
would implicate them as carbon cyclers, however this group is understudied in the context of salt 
marshes.   
     Fungal isolates originating from salt marshes are thought to be important contributors to salt 
marsh carbon cycling with lignocellulolytic capability (Torzilli et al., 2006, Buchan et al., 2003). Many 
salt marsh fungi are plant pathogens that act upon standing senescent flora, which target 
lignocellulose, to gain internal access to nutritionally rich cell contents (Walker and Campbell, 2010). 
The standing matter is not fully inundated with seawater, and can not be considered truly marine, as 
such, the fungal representatives described in the studies above may be of terrestrial origin. Despite 
the lack of characterisation, more recent research rebukes the role of halotolerant fungi as 
saprotrophs in salt marshes determined in vitro (Cortes-Tolalpa et al., 2018). The fungal profile 
within salt marsh sediments is dominated by Ascomycota, with minor contributions by 
Basidiomycota, Glomeromycota and Chytridiomycota, similar to bacteria, the profile does not 
change with the salinity gradient, but is altered by the presence of plants; however, the function of 




     The representative archaea in salt marshes have not been studied in depth; however, considering 
their abundance relative to either bacteria or fungi, their contribution to ecosystem functioning is 
likely minor. They are thought to be involved in nitrogen (nitrification) and carbon (methane 
oxidation) cycling (Moin et al., 2009, Nelson et al., 2009). Crenarchaeota appear to be dominant; 
however, our understanding of archaeal profiles is still rudimentary (Li et al., 2012).  
 
     1.11     Salt marshes as an underexplored model ecosystem with biotechnological 
potential 
 
      Salt marshes present an understudied marine ecosystem, where terrestrial biomass is produced, 
enters the intertidal zone and becomes remineralised whilst exposed to saline and abiotic stresses. It 
is likely that native organisms have evolved and adapted to produce halotolerant lignocellulolytic 
enzymes. The organic carbon rich sediments, rich in lignin derived aromatic compounds has likely 
evolved enzymes resistant to the inhibition that is industrially problematic (pretreatment derived 
inhibitors). Therefore, salt marshes are a model environment to bioprospect not only halotolerant 
enzymes, facilitating the use of seawater (alleviating water security concerns), but also inhibitor 
tolerant enzymes, that may require no dilutive measures, reducing enzyme loadings and improving 
operational expenditure. The high levels of diversity and productivity in salt marshes likely instigates 
intense competition that may have selected for high rates of activity, driving the evolution of highly 
active enzymes; biotechnological exploitation of which could reduce enzyme loadings during 
bioprocessing and improve process economics. The identification of a spectrum of enzymes will 
enable the construction of a synthetic cocktail with optimisable plasticity that is not achievable in 
current commercial cocktails. 
 
     1.12     Enzymatic lignocellulose deconstruction 
 
     Lignocellulose has evolved to resist biological and physical attack and confer structural rigidity for 
over 450 million years, the result of which is an innately complex heteropolymer with significant 
variations in composition and structure across the kingdom Plantae (Weng and Chapple, 2010). This 
complexity has cultivated a spectrum of strategies for deconstruction across the tree of life (Cragg et 
al., 2015). The strategies are so vast that novel enzymes and families are continually being 
discovered (Sabbadin et al., 2018). As such it is likely the extent of identified lignocellulolytic 




      Lignocellulolytic microbes and enzymes are ubiquitous and have been identified from many 
terrestrial and marine environments including; seawater (Hirasawa et al., 2006), deep sea sediments 
(Mai et al., 2013), algae (Trivedi et al., 2011, Trivedi et al., 2013, Martin et al., 2014), salt lakes (Li and 
Yu, 2013, Wejse et al., 2003), salterns (Prakash et al., 2012), hydrothermal vents (Hung et al., 2011), 
mangroves (Niladevi et al., 2008), termites (Kashyap et al., 2014), soils (Li et al., 2015), leaf litter 
(Akintola et al., 2017), invertebrates (Guo et al., 2013) and rumen (Pang et al., 2017, Wang et al., 
2015b). The identification and discovery of these enzymes has accelerated due to the introduction of 
next generation sequencing technologies. This has facilitated the use of novel techniques such as 
metatranscriptomics, metaproteomics and metagenomics which can be integrated to enable the 
identification of organisms, genes and enzymes independent of cultivation and isolation/purification 
methodologies (Guo et al., 2018). These novel techniques often provide orders of magnitude more 
information than conventional approaches and in conjunction with curated reference databases, 
facilitate the probing of a microbiome or individual organisms functioning at a resolution not 
otherwise achievable. However, the value of the information generated is determined by the depth 
of knowledge stored in curated databases, which often poorly capture novelty. To address this, 
various curated databases with a focus of lignocellulolytic enzymes have been developed to aid in 
the identification and characterisation of this data through homologous classification. 
 
          1.12.1     Enzymatic classifications 
 
     To capture and categorise the diverse suite of lignocellulolytic enzymes an archive database 
(Carbohydrate Active Enzyme database; CAZy) has been constructed (Lombard et al., 2014). In this 
database enzymes are classified based on homologies within their amino acid sequence, which 
correlates with their mechanism of action rather than enzymatic specificity (Cantarel et al., 2009, 
Henrissat, 1991). These classifications are also combined with a nomenclature often descriptive of 
their function when experimentally characterised enzyme information is available (Cantarel et al., 
2009). As a result, these databases assist in the rapid conservative assignment of potential enzymatic 
homology and function to newly generated sequence data, while definitive characterisation still 
requires experimental evidence. 
     The classifications can be grouped into classes, of which there are six; Glycoside Hydrolases (GH) 
are the most diverse and include glycosidases and transglycosidases (Henrissat and Davies, 1997), 
Glycosyltransferases (GT) (Coutinho et al., 2003), Polysaccharide Lyases (PL) (Lombard et al., 2010), 




deconstruction (Levasseur et al., 2013) and Carbohydrate Binding Domains (CBM) (Boraston et al., 
2004). Further resolution has been achieved by subdivision of classes into families, of which for each 
family there must be an experimentally biochemically characterised enzyme published in peer-
reviewed scientific literature (Cantarel et al., 2009). Currently there are 153 GH families, 106 GT 
families, 28 PL families, 16 CE families, 15 AA families and 83 CBM families described. The databases 
are continuously maturing and frequently updated by merging and splitting of families (dependent 
on newly available information). Further resolution is available at the sub-family level where 
enzymes groups are derived from a putative common ancestor, and in the form of clans, which 
consider structure in the form of folds and catalytic symmetry (presently only available for the GH 
class) (Lombard et al., 2014, Cantarel et al., 2009). 
 
          1.12.2    Cellulose deconstruction 
 
     As cellulose is a linear polysaccharide composed of repeating β-(1,4) D-glucose units, cellulases 
are predominantly β-(1,4) glycoside hydrolases, that differ in how they interact with cellulose and 
the size of the products produced. Cellulose is deconstructed by a group of enzymes collectively 
known as cellulases. The comparative simplicity of cellulose polymers to hemicellulose and lignin 
exhibits a disparately large diversity of enzyme families, with cellulases present in classes GH1, GH3, 
GH5-9, GH12, GH44, GH45, GH48 and GH74 (Talamantes et al., 2016). This likely reflects the 
ubiquitous utilisation of cellulosic glucose as a carbon source across the tree of life. The majority of 
cellulases are hydrolytic and catalyse the cleavage of glycosidic ether linkages by incorporation of a 
water molecule, however a novel species is oxidative (see section 1.11.3). They are broadly 
categorised into endo- acting; which act within the cellulose chain, exo- acting; that act at chain 
termini and β-glucosidases; that hydrolyse variable chain length oligosaccharides into glucose (Figure 
1.10). These groups act synergistically to depolymerise crystalline and amorphous cellulose regions 








Figure 1.10 Synergistic action of cellulase targeting of a cellulose polymer. Cellulose is displayed with 
termini as reducing and non-reducing ends. EG; endo-β-(1,4)-glucanase, CBH; exo-β-(1,4)-glucanase 
(cellobiohydrolase). 
 
     Endo-β-(1,4)-glucanases are considered integral to efficient cellulose deconstruction, such that 
optimised cellulose cocktails consist of up to 20-40% endoglucanases (Banerjee et al., 2010, Billard 
et al., 2012). This is due to their unique ability to cleave glycosidic linkages at random internal 
positions within the cellulose polymer, this subsequently depolymerises the chain, multiplying 
accessible initiation sites that are rate limiting for exo- acting enzymes. This category of 
endoglucanases acts more efficiently on amorphous regions of cellulose (Reyes-Sosa et al., 2017, 
Billard et al., 2012).  Endoglucanases exhibit an architectural cleft (Figure 1.11C-D) containing their 
active site that facilitates interaction with regions of cellulose polymers and their subsequent 
catalytic cleavage (Naas et al., 2015). 
     Exo-β-(1,4)-glucanases are the dominant component in commercial and optimised cellulose 
cocktails, constituting up to 40-60% (Billard et al., 2012). They are collectively known as 
cellobiohydrolases (CBH) for their production of cellobiose and cellotriose from cellulose polymers 
and oligosaccharides. CBH act at cellulose polymer termini, from either the non-reducing end (GH6) 
or the reducing end. In contrast to endoglucanases that display an exterior binding groove, CBH 
exhibit an internal active site tunnel (active tunnel, Figure 1.11A-B) (Colussi et al., 2015). A single 
cellulose strand becomes threaded through the active tunnel, where a processive mechanism occurs 
cleaving soluble sugars as the enzyme moves along the strand (mediated by complex catalytic 
interactions between the strand and enzyme domains) (Payne et al., 2013). These enzymes are 
capable of hydrolysing amorphous cellulose regions, but also putatively capable of stripping and 
hydrolysing strands from the surface of the crystalline cellulose structure, and as such display 
greater levels of activity than endoglucanases (Payne et al., 2013, Billard et al., 2012). 
     1,4-β-glucosidases are another important component in the cellulose deconstruction process. 
These enzymes are responsible for catalysing the hydrolysis of glycosidic linkages in oligosaccharides 
(released by endo- and exo- acting enzymes) to release glucose, the most desirable product for 




commercial and optimised cocktails but are crucial in creating a uniform profile of products during 
cellulose deconstruction (Banerjee et al., 2010). 
 
 
Figure 1.11 Structures of endo- and exo-β-1,4 glucanases. A-B) Trichoderma reesei GH7 Cel7A E217Q 
exo-β-1,4 glucanase (cellobiohydrolase) with bound cellononaose spanning the active tunnel, PDB 
accession; 4C4C (Knott et al., 2014). C-D) Trichoderma reesei GH5 Cel5A endo-β-1,4 glucanase 
displaying the large open cleft, PDB accession; 3QR3 (Lee et al., 2011). 
      
      The optimal composition of a cellulose cocktail is dependent on the feedstock, origin of the 
feedstock and the pre-treatment which affects the cellulose crystallinity, degree of polymerisation 
and type and concentration of inhibitor. Current commercial cocktails are biologically derived from 
Trichoderma reesei, which, whilst equipped with a comparatively low amount of cellulases (seven 
endoglucanases, two CBH and one oxidative acting cellulase at the genome level), is highly 
productive with yields of 100g.L (Martinez et al., 2008). However, this form of production limits 
plasticity and hinders efforts to optimise cocktails as the cocktail foundation is inalterable (excluding 
genome engineering approaches). Therefore, the only avenue for improvement is additives, which is 
the path chosen to improve Cellic® cocktails, with the addition of missing synergistic families; AA9, β-
glucosidases and xylanases (Sun et al., 2015a, Druzhinina and Kubicek, 2017, Takashima et al., 1999). 
A bottom up approach would be the identification of promising enzymes that could be used 




             1.12.3     Hemicellulose deconstruction 
 
     Hemicellulose is more heterogeneous than cellulose by incorporating both hexose and pentose 
sugars with variable degrees of branching which is complexed further by the presence of 
decorations. Similarly, to cellulose, the xylan backbone polysaccharide, which is common feature of 
dominant polysaccharides in grasses, consist of linear β-(1-4) linked xylosyl residues is targeted by 
endo- acting, exo- acting, terminal- acting hydrolases and oxidative enzymes.  
     The xylan backbone is deconstructed by endo-β-(1-4)-xylanases, exo-β-(1,4)-xylanases 
(xylobiohydrolases), and 1,4-β-xylosidases, which are the xylan degrading equivalents of 
endoglucanases, cellobiohydrolases and β-glucosidases respectively (Figure 1.11) (Walia et al., 2017, 
Ravanal et al., 2010). These enzymes act synergistically to deconstruct the xylan polysaccharide into 
smaller xylo-oligosaccharides and xylose monomers. They belong to the families GH1, GH3, GH5, 
GH8, GH10, GH11, GH30, GH39, GH43, GH51-52, GH54, GH98, GH116 and GH120.  
 
Figure 1.12 Synergistic action of xylan targeting of an undecorated xylan backbone. EX; endo-β-(1,4)-
xylanase, XBH; exo-β-(1,4)-xylanase (xylobiohydrolase). 
 
 
     Grass xylan is extensively decorated with acetyl, arabinosyl, galactosyl, xylosyl and, importantly in 
grasses, ferulic acid residues (methylated and non-methylated glucuronic acid is not an abundant 
decoration in grasses) (Marriott et al., 2016, Vogel, 2008, Pauly et al., 2013). This level of 
heterogeneity requires an equal diversity of destructive enzymes to accommodate deconstruction 
The acetyl decorations are thought to contribute to the structural coupling of xylan to cellulose 
microfibrils, while the other decorations and branched substituents are thought to retain an 
amorphous structuring (Gomez et al., 2008, Busse-Wicher et al., 2014). These decorations act to 
prevent accessibility to the backbone and inhibit degradation, therefore a spectrum of 





     The most abundant decoration is the O-acetylation of xylosyl residues within the backbone 
polysaccharide. Deacetylation is catalysed by acetyl xylan esterases (AXE) which belong to the 
carbohydrate esterase (CE) families CE1-7 and CE12. The proximity of xylan to cellulose creates a 
physical barrier that inhibits the action of cellulases. Enzymatic mediated dissociation (solubilisation) 
of xylan from cellulose as a result of deacetylation has improved cellulose hydrolysis, likely by virtue 
of increased accessibility (Selig et al., 2008, Zhang et al., 2011a). A similar effect is observed for 
xylanases where acetylated xylosyl residues inhibit their activity (as a function of structural 
hinderance) (Selig et al., 2009). Therefore, potential exists to alter xylan backbone structure through 
deacetylation and subsequent solubilisation to promote cellulose hydrolysis for substrates with 
residual matrix polysaccharides post pretreatment. 
 
 
Figure 1.13 Schematic of major hydrolytic enzymes targeting glucoarabinoxylan. Predominant 
polysaccharide linkages in grasses are displayed with a simplified molecular architecture of 
glucuronoarabinoxylan. 
 
     Other xylan substituents such as arabinosyl and galactosyl residues which branch off the 
acetylated backbone polymer. The former is a minor component in grass xylans and is deconstructed 
by α-glucuronidases belonging to families GH4, GH67 and GH115, however their propensity to 
promote the hydrolysis of cellulose of matrix polysaccharide hydrolysis is unknown (Gilbert, 2010, 
Rogowski et al., 2014). Arabinosyl side chain residues are cleaved by α-arabinosidase (Ohta et al., 




appropriate focal point. The side chains (Araf) can be cleaved by α-L-arabinofuranosidases to 
simplify the xylan backbone and (for ferulic acid cross linked Araf chains) destabilise the lignin-
carbohydrate complex anchor, freeing previously inaccessible polysaccharides and increasing both 
matrix polysaccharide (Raweesri et al., 2008) and cellulose hydrolysis (Alvira et al., 2011). These 
enzymes belong to the families; GH2, GH3, GH43, GH51, GH54 and GH62. 
     The incorporation of ferulic acid (and p-coumaroyl) arabinose cross linkages are an important 
structure in the secondary plant cell walls in grasses, forming the major covalent intra- cross linkages 
to other polysaccharides and inter- linkages between matrix polysaccharides and lignin (Vogel, 2008, 
de Oliveira et al., 2015). The ester linkage between arabinosyl and ferulic acid can be hydrolysed by a 
class of carbohydrate esterases known as feruloyl esterases for their ability to catalyse the hydrolysis 
of ferulate cross linked to polysaccharides (Li et al., 2011) . These enzymes belong to the CE1 class 
and have been shown to improve cellulose hydrolysis from both acid and alkaline pretreated straw 
(Badhan et al., 2014, Tabka et al., 2006).  
 
          1.12.4     Oxidative polysaccharide deconstruction 
 
     Recently, another group of enzymes known as lytic polysaccharide monooxygenases (LPMOs), 
previously catalogued as GH61, have been shown to act upon cellulose. Common to all LPMOs is a 
structure known as the histidine brace, comprising two histidine residues that coordinate a copper 
atom and a single tyrosine residue which form the active site (Hemsworth et al., 2013). In contrast to 
hydrolytic enzymes, LPMOs are metalloenzymes that requires molecular oxygen and electron donors 
(two electrons per cleavage event) or hydrogen peroxide (Bertini et al., 2018). Electron donors 
include cellobiose dehydrogenase, ascorbate, gallic acid and lignin derived phenolics (Courtade et 
al., 2016, Frommhagen et al., 2017). Glycosidic cleavage is orchestrated at the copper containing 
active site (captured by the N terminal histidine situated within) that cycles between resting Cu (II) 
and active Cu (I) states that captures molecular oxygen to catalyse a peroxygenase type reaction, 
however the mechanism has yet to be fully elucidated (Wang et al., 2018a, Frandsen et al., 2016, 
Westereng et al., 2015, Hemsworth et al., 2013).  
     LPMOs currently span six classes; AA9 (exclusively fungal and active on cellulose and 
hemicellulose), AA10 (exclusively bacterial, active on chitin and cellulose), AA11 (exclusively fungal 
and active on chitin) and AA13 (exclusively fungal and active on starch), AA14 (active on xylan) and 
AA15 (active on cellulose and chitin), of which only AA9, AA10 and AA15 have been observed to be 




interest around LPMOs has stemmed from their ability to act synergistically with GH enzymes to 
increase rates of activity and reduce enzyme loadings (Harris et al., 2010). This is concurrent with the 
finding that LMPO addition to commercial enzyme cocktails release up to 60% more glucose, 
translating to reduced enzyme loadings or incubation times (Muller et al., 2015). 
 
          1.12.5     Carbohydrate binding modules 
 
     Carbohydrate binding modules (CBMs) are accessory domains that are often associated with 
catalytic domains through a flexible polypeptide linker with a high density of serine, proline and 
threonine residues (Shoseyov et al., 2006, Jensen et al., 2018). CBMs are thought to interact with 
substrates, retaining prolonged intimate catalytic proximity and therefore improving reaction rates, 
particularly for soluble enzymes targeting insoluble substrates such as lignocellulose (Guillen et al., 
2010, Duan et al., 2016). Increased reaction rates are energetically favourable for the secreting 
organism. CBM truncations have experimentally revealed the benefit of these domains to catalytic 
efficiency (Meng et al., 2015, Jensen et al., 2018). 
          Despite increased rates of activity for catalytic domains conjugated to CBMs, the majority of 
cellulases (greater than 60%) appear to lack CBMs (Varnai et al., 2013). CBMs are considered 
industrially problematic as they increase protein size and reduce yields during production. 
Reportedly, increased substrate concentrations can replicate the benefit of CBMs for truncated 
mutants (Jensen et al., 2018). This is likely a function of adaptation to high and low substrate 
concentration environments, such as terrestrial leaf litter solids and an inundated salt marsh 
respectively. The effectiveness of CBMs likely require assessment on an individual enzyme and 
situation basis. Alternative advantageous CBM usage has been demonstrated and exploited through 
constructing synthetic architectures not found in nature, this method has successfully increased the 
catalytic efficiency of various enzymes (Crouch et al., 2016, Reyes-Ortiz et al., 2013).   
     Additionally, CBMs are thought to disrupt and moderate the structure of the substrates it binds 
to; however, this is a relatively unexplored and contentious feature (Din et al., 1991, Shoseyov et al., 
2003, Wang et al., 2008). There are currently 83 CBM families (CBM33 was reclassified to AA10) with 
known binding associations to cellulose, most hemicellulose polysaccharides and chitin. At present, 
there are no known lignin binding modules, however recently lignin binding peptides were 
discovered which act similarly to peptide aptamers (Yamaguchi et al., 2016, Isozaki et al., 2018). This 
diversity provides a library for the construction of synthetic architectures to target selected 




          1.12.6    Lignin deconstruction  
   
     As the most recalcitrant cell wall polymer, lignin is usually removed during pretreatment 
processes. The effectiveness of these pretreatments and the lack of high value lignin derived 
products until recently has reduced attention toward enzymatic lignin depolymerisation, however 
modification of lignin by various enzyme families is known. These enzymes are produced by fungi 
and bacteria and are oxidoreductases known as laccases or peroxidases (Abdelaziz et al., 2016). 
      Laccases (benzenediol: oxygen oxidoreductases) are often multi-copper containing enzymes 
capable of oxidising an array of electron rich substrates through abstraction; when molecular oxygen 
is the final electron acceptor water is produced as a by-product (Mate and Alcalde, 2017). Laccase 
activity is therefore depending on the redox potential of the copper core containing active site, with 
greater redox potential cores capable of abstraction from greater redox potential substrates (Gunne 
et al., 2014). Laccases have historically been thought to be restricted to phenolic lignin substituents, 
due to their low redox potential, however their mechanistic nature confers a diversity of functions 
such as decarboxylation, demethylation and demethoxylation of phenolic substituents (Christopher 
et al., 2014). The development of cyclic laccase-mediator systems has overcome the limitations of 
low redox potentials and expanded the laccase substrate repertoire to include non-phenolic lignin 
substituents. Mediators are capable of acting as an electron shuttle, that, after laccase catalysed 
oxidation, abstracts an electron from the substrate, diminishing the direct role of the laccase 
(Baiocco et al., 2003). However, this system has considerable caveats, the dominant of which is 
unstable mediator intermediates (Christopher et al., 2014). Despite potential lignin degrading 
applications, laccases are considered useful in purifying phenolic hydrolysis inhibitors from 
prehydrolysate generated during pretreatment (Fang et al., 2015b). Recently, enzymatic 
lignocellulose pretreatment with laccases was successfully reported with an 80% hydrolysis yield, 
however laccases inactivate the hydrolytic cocktail requiring an additional laccase-inactivation phase 
(Giacobbe et al., 2018). 
     Lignocellulose acting peroxidases are class II heme-peroxidases (Zamocky et al., 2015). Class II 
peroxidases are diverse and include lignin- (LP), manganese- (MnP) and versatile peroxidases (VP) 
which are powerful oxidants that exhibit great redox potentials, and therefore a larger range of 
phenolic substituents as substrates than laccases (Christopher et al., 2014, Abdelaziz et al., 2016). 
LPs target non-phenolic constituents whilst MnPs and VPs target phenolic and non-phenolic 
substituents. Peroxidases abstract electrons from lignin substituents similarly to laccases to oxidise 




peroxidases for H2O2 as an electron acceptor, which they are also inhibited by (Nicell and Wright, 
1997).  
     All known mechanisms of enzymatic lignin modification require oxygen which is known to be rate 
limiting (Ortner et al., 2015). This requires an exogenous oxygen supply considered a processing 
burden (Huber et al., 2016). As a result, incorporation of these enzymes in bioprocessing has been 
understudied until recently due to their additional benefit of detoxifying the prehydrolysate of 
inhibitors. There is evidence of anaerobic lignin deconstruction from microbial consortia harvested 
from salt marsh ecosystems (Benner et al., 1984a). This suggests depolymerisation in the absence of 
oxygen; however, the mechanisms have yet to be elucidated and further research into this 
phenomenon could alleviate these industrial constraints. 
 
     1.13     Aims 
 
     This thesis aims to apply an integrated approach encompassing the consolidation of 
metatranscriptomics, metasecretome proteomics and metagenomics to explore salt marsh 
lignocellulose deconstruction. The study aims to use the generated data to characterise the 
decomposition process by identifying lignocellulolytic enzymes from the native salt marsh 
microbiome and identify key functional carbon cycling associated taxonomic groups. In addition, this 
information is to be interpreted at an ecosystem level to provide insight into the mechanistic 
strategies employed by the native microbiome. The enzymes identified are to be assessed for 
potential biotechnological translation through recombinant expression and biochemical validation 
with a focus on halotolerance. This approach has the potential to probe an unknown processed in an 
uncharacterised environment and address current constraints in lignocellulose bioprocessing and 
enable the use of seawater within biorefining processes, alleviating water security concerns.  
     An in situ degradation experiment was conducted to replicate lignocellulose deconstruction in a 
natural salt marsh during a time course. This platform is used in conjunction with high throughput 
DNA sequencing and proteomic techniques to identify the microorganisms and secreted enzymes 
throughout the composting process. The process was analysed at the ecosystem metasecretome 
level to construct a temporal profile of lignocellulolytic activity during in situ decomposition. The 
most likely taxonomic origin of identified enzyme facilitated the identification of key functional 
carbon cycling taxa. A diverse spectrum of lignocellulolytic enzymes was identified and a subset of 
enzymes that were integral at the ecosystem level were recombinantly expressed, characterised and 
assessed for halotolerance.  
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Chapter 2 Materials and methods  
      
     In this Chapter, general methodologies that were applied across all Chapters will be covered. 
Chapter specific materials and methods are presented in the materials and methods section of their 
respective Chapters (sections 3.2, 4.2, 5.2 and 6.2). 
 
     2.1     Chemical reagents 
 
     Chemicals and reagents utilised throughout the work presented in this thesis originated from 
Agilent technologies, Cambio, Cambridge Biosciences, GE Healthcare, Illumina, Merck, New England 
BioLabs, Promega, Qiagen and Sigma-Aldrich and Thermo Fisher Scientific. 
 
          2.1.1     Buffers 
      
     Water in all experiments unless explicitly stated, was obtained using an Elga PureLab Ultra water 
polisher. All water was purified to a resistivity value of 18 MΩ-cm. 
     Phosphate buffered saline (PBS) was prepared to a 1x final concentration using 8g NaCl, 0.2g KCl, 
1.44g Na2HPO4 and 0.24g KH2PO4 in 1L H2O. The final concentrations of reagents are; 10mM 
Na2HPO4, 280mM NaCl and 6mM KCl. The final solution was adjusted to pH 7.4 unless stated 
otherwise. Dilute concentrations were prepared by diluting with H2O, concentrated variations were 
prepared using the ingredients above at specified ratios.  
     Artificial seawater (SeaChem) was prepared using 34g salt mixture per 1L H2O. The solution was 
heated in a 100oC water bath for 30 min and allowed to cool. The pH was adjusted to 8 to allow 
dissolution of residual salts and re-adjusted to pH 8 if required unless stated otherwise. 
 
          2.1.2     Organisms 
 
     Escherichia coli strains Rosetta-gami™ 2 (DE3) competent cells (Novagen) and Stellar™ ultra-
competent cells (ClonTech) were utilised for heterologous expression and vector cloning 
respectively.  
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          2.1.3     Phosphoric acid swollen cellulose (PASC) 
 
     Phosphoric acid swollen cellulose (PASC) was generated using Avicel® (Sigma 11365) and the PASC 
in this study was kindly generated and provided by Dr. Nicola Oates (Centre for Novel Agricultural 
Products, University of York). PASC was prepared by incubating 1g Avicel with 30mL 85% phosphoric 
acid on ice for 1 hour. The PASC was then precipitated and cleaned with 100mL acetone, funnel 
filtered (glass-filter) and washed an additional three times with acetone. A final wash was conducted 
with 500mL water and the PASC was size fractionated to homogeneity with a blender.  
 
     2.2     Molecular biology techniques 
 
          2.2.1     Plasmid extraction and purification (PCR) 
 
     Plasmids were purified from previously transformed cells using Qiaprep Miniprep Kits (Qiagen) 
according to the manufacturer’s protocol. Cells were grown at 37oC at 175rpm in 5mL LB for 16 
hours prior to extraction. 
 
          2.2.2     Polymerase chain reaction 
 
     Polymerase chain reactions (PCR) were performed with thermal gradient cycling equipment; 
Tetrad Z, Pelteir DNA Engine (BioRad), Pelteir PTC 200 (MJ Research) or Prime (Techne). Primers 
were purchased from Integrated DNA technologies or Eurofins. Annealing temperatures were 
calculated using an open source Tm calculator (New England BioLabs, 
https://tmcalculator.neb.com/#!/main) or the SnapGene software package (version 4.2). Reactions 
were predominantly performed with Phusion® High-Fidelity DNA polymerase (Thermo Scientific 
F530S) (for error sensitive cases), for general purposes DreamTaq DNA polymerase was used 
(Thermo Scientific K1081). General reaction components and thermocycling conditions are displayed 
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Table 2.1 PCR reaction components.  
Polymerase       
Phusion       
 Component Volume(µL) Final concentration 
 dH2O to 25µL 15.75 - 
 HF/GC Buffer (5x) 5 1x 
 dNTP (10mM) 0.5 200µM 
 pF (10µM) 1.25 0.5µM 
 pR (10µM) 1.25 0.5µM 
 DNA  1 0.1-2ng/µL 
  Polymerase (2000U/mL)  0.25 1U/50µL 
Taq     
 dH2O to 25µL 9 - 
 Master mix (2x) 12.5 1x 
 pF (10µM) 1.25 0.5µM 
 pR (10µM) 1.25 0.5µM 
  DNA  1 0.1-2ng/µL 
 
 
Table 2.2 General PCR thermocycling conditions.   
Polymerase       
Phusion       
  Step Temperature (
oC) Time Cycles 
 Initial denaturation 98 30s 
 
 Denaturation 98 10s Repeat 
x26-34  
Annealing * 30s 
 Extension 72 15s per kb 
 
Final extension 72 10 min  
 Hold 4 - 
 
Taq    
 Initial denaturation 98 30s 
 
 
Denaturation 98 10s 
Repeat 
x26-34 
 Annealing * 30s 
 
Extension 72 
1 min up to 2kb 
extended by 1min 
per additional kb 
 Final extension 72 10 min   
  Hold 4 -   
 
     PCR enhancer was used to increase primer specificity during initial cloning amplifications. A 5x 
concentration PCR enhancer solution contained 2.7M betaine (Sigma B2629) and 6.7% DMSO, which 
was used at a final concentration in PCR reactions of 1x (0.54M betaine and 1.34% DMSO). This was 
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used in conjunction with primer specific buffers for all polymerases. Betaine and DMSO are PCR 
additives that have isostabilising effects. They are thought to form hydrogen bonds within the major 
and minor grooves with DNA templates destabilizing the helical structure and preventing the 
formation of secondary structures. This is useful for guanine and cytosine rich DNA templates which 
often form strong secondary structures through self-complementarity within the sequence that are 
obstructive for polymerases.  
 
          2.2.3     Agarose gel electrophoresis 
 
          DNA profiles were assessed using agarose gel electrophoresis. Agarose gels were prepared by 
dissolving with 1% (w/v) molecular grade agarose (Sigma A9539) in Tris-acetate-EDTA buffer (TAE; 
40mM Tris, 20mM acetic acid and 1mM EDTA) by microwave heating. Ethidium bromide (Sigma) was 
added to a final concentration of 0.2µg/mL upon cooling. The gels were moulded using agarose gel 
moulds (Bio-Rad) and electrophoresis was conducted in sub-cell GT tanks (Bio-Rad) with a Powerpac 
300 power source (Bio-Rad) at 120V for 30-60 min (dependent upon gel size), or until the negatively 
charged DNA had migrated 70% of the distance toward the anode. Gels were visualised using a UV 
imaging station (UVItec) with the UVIproMW1 software package (version 11.03).  
 
          2.2.4     PCR product purification 
 
     DNA products from PCR reactions were isolated and purified using Wizard® SV Gel and PCR clean 
up kit (Promega, A9281). For products with downstream cloning related applications NucleoSpin® 
Gel and PCR clean up kit (ClonTech) were used according to the manufacturer’s protocol with a 
single deviation; the loading NTI buffer was diluted to 13% to exclude small (primer dimer) products. 
Chapter specific methods are also described in their respective Chapters. 
 
          2.2.5     Nucleic acid quantification   
      
Nucleic acid pools (DNA and/or RNA) were quantified using a NanoDrop™ 1000 (Thermo) 
spectrophotometer. Chapter specific methods are also described in their respective Chapters. 
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          2.2.6     DNA sequencing  
      
     Samples containing 5µL of 80-100ng purified DNA and 5µL of 5µM a priori selected sequencing 
primer (or synonymous concentration equivalents) were sent to GATC Biotech (Germany) using the 
LIGHTRUN sanger sequencing service. Sequencing results were quality checked using BioEdit (version 
7.0.4), Sequence Scanner (Applied Biosystems, version 1.0) or using Python (version 2.7, 3.2, 3.4, 
3.6).  
 
          2.2.7     pH measurements 
 
     Solution pH was measured and altered using a Microprocessor pH meter 210 (HANNA 
Instruments) with a Refillable pH probe (Fisherbrand FB68793).  
 
          2.2.8     Media preparation 
 
     Luria Broth (LB) was utilised unless explicitly stated for most microbial activities. LB Broth (Sigma 
L3522) was prepared according to the manufacturer’s instructions (25g/L), the final media contained 
10g/L tryptone, 10g/L NaCl and 5g/L yeast extract. 
 
          2.2.9     Plate preparation 
      
     LB Broth (see section 2.2.8) was utilised unless explicitly stated. LB Broth with agar (Sigma L2897) 
was prepared according to the manufacturer’s protocol (35g/L), the final solution contained 15g/L 
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     2.3     Proteomic methods 
 
          2.3.1     Bradford Assay for protein quantification 
 
     Protein concentrations were quantified using the Quick Start ™ Bradford Protein Assay (Bio-Rad 
5000201). 5µL of protein sample was incubated for 10 min with 245µL the Quick Start™ solution and 
the absorbance at 595nm was measured using a Tecan Sunrise™ microplate spectrophotometer. 
Protein concentration as determined using a standard curve of known protein concentrations 
constructed using bovine serum albumin (BSA, Sigma, A2153).  
 
          2.3.2     Sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) 
      
     Proteins were analysed by observing their size separation using sodium dodecyl sulfate 
polyacrylamide gel electrophoresis (SDS-PAGE). Gels consisted of an upper stacking layer and lower 
separating layer and were created using glass casts provided in the Mini-Protean® Tetra cell system 
kit (Bio-Rad). The lower separating (10% acrylamide w/v) was prepared using 3.3mL acrylamide (30% 
w/v), 2.5mL 1.5M Tris-HCl (pH 8.8), 100µL of 10% sodium dodecyl sulfate (SDS) and 4mL H2O. 
Immediately before loading into the 0.75mm gel casing for moulding, 10µL 
tetramethylethylenediamine (TEMED) and 100µL of 10% (w/v) ammonium persulfate (APS) was 
added to initiate polymerisation. After loading, the casings were filled with 50% (v/v) isopropanol to 
flatten the gel. The gel was allowed to set for 10-20 mins and the isopropanol was removed before 
the stacking (upper) layer (4% acrylamide w/v) was added, which was prepared with 1.3mL 
acrylamide (30% w/v), 2.5mL 0.5M Tris-HCl (pH 6.8), 50µL of 10% SDS and 6.2mL H2O. Immediately 
before loading 5µL TEMED and 50µL of 10% (w/v) APS were added. The stacking gel was pipetted on 
top of the lower separating layer and a comb was placed in the cast. The gel was incubated for 10-20 
mins to polymerise before removing the comb. 
     Polymerised gels were placed in Mini-Protean tanks (Bio-Rad) which were filled with SDS running 
buffer (0.1% SDS, 25mM Tris, 192 mM glycine). Protein samples were mixed 4:1 with protein loading 
buffer (0.4% (w/v) bromophenol blue, 8% (w/v) SDS, 40% (v/v) glycerol, 200mM Tris pH 6.8, 400mM 
β-mercaptoethanol) and incubated at 95oC for 5 mins to denature. Gels were loaded alongside 
commercial markers and electrophoresis was performed for 30-60 min at 220V using a Powerpac 
300 (Bio-Rad). Proteins were stained by incubating the gel with InstantBlue (Sigma ISB1L).  
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        2.4     Data analysis 
           
     Data processing and analysis was performed using python (versions 2.7, 3, 3.2, 3.4, 3.5, 3.6), with 
open source tools such as Pandas and NumPy (Oliphant, 2006, McKinney, 2010). Many of the 
analyses were custom built. Biopython was utilised to rapidly parse, manipulate and write sequence 
data (Cock et al., 2009). Graphs were generated using matplotlib (version 2.2-2.2.2) and seaborn 
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Chapter 3 Time series in situ decomposition of lignocellulose in a salt 
marsh 
 
     3.1     Introduction 
 
            Lignocellulose is a terrestrially derived complex biopolymer composite produced by land 
plants. It is usually introduced into the marine environment via riverine transport (Syvitski et al., 
2005). Up to 30% of organic carbon in oceanic marine sediments is of terrestrial origin (Burdige, 
2005, Burdige, 2007). The majority of accumulated organic carbon can be found in deltaic or 
marginal sediments (Hedges and Keil, 1995). A disparity exists between the large influx of terrestrial 
lignocellulose into the marine environment, than can be observed in sediments (Bianchi, 2011). This 
suggests that the recalcitrant lignocellulose is degraded by marine microbiomes containing 
lignocellulolytic consortia.  
     Few marine environments contain native lignocellulose (with exceptions being salt marshes, 
seagrass meadows and mangroves). Salt marshes are highly diverse intertidal ecosystems which 
transition from terrestrial to marine environments characterised by halotolerant fauna and flora and 
high primary productivity. Salt marshes vary greatly in their form (structure), biotope (fauna and 
flora) and salinity (brackish to marine). Often salt marshes exist in sheltered intertidal areas which 
are energetically limited (low wind and tide energy). They are characterised by plant zonation 
whereby competitive displacement creates zones perpendicular to the elevation gradient. They are 
inundated almost twice daily (the UK exhibits a semi-diurnal cycle) with seawater and this 
disturbance mediates an array of physical and chemical stresses, which also varies temporally. 
Chemical stresses are affected by a multitude of variables (air exposure, precipitation levels, 
seawater nutrient loading, tidal cycle), which underpin huge surface level fluctuations in pH (7.2-
8.3), salinity (2-3% and above), temperature (sub-zero to 25oC), pCO2 and O2 (1-14 mg L-1) (Baumann 
et al., 2015). 
     In Britain, although salt marsh biotopes are highly variable, salt marshes are usually dominated by 
one of two salt marsh grasses Spartina maritima (native) or Spartina anglica (invasive hybrid of S. 
maritima and the introduced S. alterniflora). These grasses are perennial halophytes that secrete 
salts of a similar composition to seawater through specialised salt bladders and salt glands that 
transport salt ions directly out of the plant (McGovern et al., 1979). Plants that use this strategy are 
collectively known as recretohalophytes (Yuan et al., 2016). It is thought there is only 370 known 
recretohalophytes, including Spartina (Flowers et al., 2015, Yuan et al., 2016). The genus Spartina 
belongs to the family Poaceae, which exhibit the highest salt secretion ability of all Plantae (rivalled 
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only by Tamaricaceae which also contains coastal dwelling representatives) (Yuan et al., 2016, Zhang 
et al., 2018b).  It is this unique ability that has allowed Spartina spp. to colonise and dominate salt 
marshes. When considering the adverse conditions salt marshes present, it is unexpected that salt 
marshes are considered some of the most productive ecosystems in the world comparable with 
intensive agriculture (Hopkinson and Giblin, 2008). This is due to favorable nutrient fluxes mediated 
by tidal transportation. This level of productivity acts synergistically with the seasonal dieback of the 
above ground biomass to introduce large amounts of terrestrial lignocellulose into the marine water 
column. Net aerial primary productivity (NAPP) for UK salt marshes have been reported to be 458-
625 g m-2 year-1 (Boorman and Ashton, 1997, Bouchard et al., 1998), while warmer climates 
(Argentina, East-coast USA) have reported significantly higher values in excess of 1-2 kg m-2 year-1 
(Trilla et al., 2010, Vera et al., 2009, Dai and Wiegert, 1996). Notably these figures are aerial and 
exclusive of below ground productivity, which are often multiples of aerial productivity for some 
species, and may significantly undervalue the ecosystem productivity potential (Chmura, 2013). 
These values are comparable with the net primary production (NPP) of agricultural crops and 
highlight the level of productivity in these ecosystems (Li et al., 2014). 
     Seasonal dieback occurs during the milder months of autumn (Ellison et al., 1986) or is 
orchestrated by epidemic fungal pathogens (notably Phaeosphaeria spartinicola and Fusarium spp.) 
which produces detrital organic matter as necromass, which enters the remineralisation phase of 
the carbon cycle (Elmer, 2016, Marsh et al., 2016). It is thought the majority of remineralisation 
occurs within the salt marsh, with only 0.05% NAPP exported and up to 89% of the native 
lignocellulosic necromass redistributed to the mid and upper zones; which act as carbon sinks, or 
deposited on the strandline (Bouchard and Lefeuvre, 2000, Jackson et al., 1986). However the exact 
fate of this necromass is still debated and conflicting evidence exists, it is highly likely that the 
majority is degraded on site and insignificant fractions are exported to the surrounding waters with 
the levels of each process variable both within and between marshes (Gordon et al., 1985, 
Hopkinson et al., 2012, Montemayor et al., 2015, Chmura, 2013, Hemminga et al., 1993). 
     The remaining biomass is eventually buried in the sediments where the marsh acts as a carbon 
sink with organic carbon burial rates in salt marshes estimated to be 57-218 g m-2 year-1, which is 
significantly higher than any terrestrial ecosystem (Chmura, 2013, Hopkinson et al., 2012). The burial 
process is strongly correlated and dependent upon key factors such as sediment characteristics (with 
finer silt and clay sediments often containing higher organic carbon), and inundation frequency and 
intensity (Zhang et al., 2018a, Kelleway et al., 2016). High organic carbon loadings within salt marsh 
sediments of 0.73 – 16.2 kg C m-2 have been reported and interestingly these loadings appear to 
decrease with depth (Drake et al., 2015, Bai et al., 2016, Zhang et al., 2018a). Not only do the carbon 
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loadings decrease with depth, but the composition of the organic carbon also likely changes with 
depth, with refractory lignin derivatives becoming enriched and polysaccharides being lost (Fogel et 
al., 1989, Benner et al., 1987). This has also been observed in mangrove sediments (Marchand et al., 
2005). It should be noted that not all the carbon in this environment is derived directly from 
lignocellulose, much is derived from algal sources or bacterial exopolysaccharides. 
     The reduction in carbon loading and profile discontinuity with depth suggests organic matter in 
the form of lignocellulose is at least partially degraded in situ, likely by microbial consortia. The 
sediment surface is the first interface between pristine lignocellulosic detritus and microbial 
degraders. Various studies utilising litter bags have ascertained degradation rates of native salt 
marsh plant biomass (namely Spartina spp.) in situ at surface levels (Bouchard and Lefeuvre, 2000, 
Negrin et al., 2012, Jackson et al., 1986, White et al., 1978, Valiela et al., 1984, Bouchard et al., 
1998). Decomposition rates vary within and between sites and are influenced by temperature, 
frequency of inundation and submersion times (Bouchard et al., 2003, Wilson et al., 1986, Simoes et 
al., 2011, Menendez and Sanmarti, 2007). 
     Historically and currently salt marshes are in a state of decline. Impending encounters with rising 
sea level reveal a disconcertingly delicate position for salt marshes where vertical accretion rates, 
which have been estimated to be in the order of 1.6 – 2.4mm y-1, are below projected rates of sea 
level rise (Wright et al., 2017). Understanding carbon cycling in salt marshes with respect to organic 
matter, of which a major constituent is lignocellulose is of great ecological importance to ensure the 
security of these ecosystems (Chmura, 2013, Morris et al., 2016). 
     This lignocellulose-loaded environment is subjected huge fluctuations in chemical stresses, to 
which the native microbial consortia is adapted to or tolerant of. The most intriguing of these 
chemical fluctuations is salinity, which imposes ionic stress on microbes and enzymes rarely 
experienced in other systems. The tolerance to salt (halotolerance) is of major biotechnological 
interest, with halotolerant enzymes and organisms sought and currently used for a variety of 
applications (Yin et al., 2015a). Additionally, salt marshes are predominantly alkaline where 
lignocellulolytic enzymes of terrestrial origin favour acidic conditions. The biotechnological potential 
of these ecosystems has remained an enigma largely due to under exploration, however it is 
apparent that salt marshes are a model ecosystem for bioprospecting halotolerant, alkaliphilic, 
lignocellulolytic enzymes. Beyond lignocellulose degradation, there are likely vast biotechnological 
resources given the magnitude of complexity in this environment. 
      Despite the perceived importance in this field of study, little has been done understand the 
molecular mechanisms of carbon deconstruction in this environment. The microbial community that 
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drives this process and is also poorly understood. To interpose this knowledge in this understudied 
and underexplored ecosystem, an in situ decomposition experiment (ISDE) was designed to probe 
the carbon deconstruction process and provide both ecologically and biotechnologically relevant 
insight.  
     In this Chapter, carbon cycling knowledge was assimilated to construct the ISDE. The aim of which 
was to assess the process of carbon deconstruction of a native salt marsh grass in situ using a multi-
faceted ‘omics approach. Spartina anglica biomass was placed in Welwick salt marsh (North bank of 
the Humber estuary, UK) and allowed to degrade on site for 16 weeks. Nucleic acids, extracellular 
proteins and biomass samples were harvested periodically. The resulting data was then explored to 
identify the key organisms and enzymes that are involved in lignocellulose deconstruction in this salt 
marsh.  
     Salt marshes are repositories of buried carbon which exists predominantly as lignocellulosic 
material. Therefore, the hypothesis that the microbiome had adapted to utilize this substrate as a 
carbon source was developed. The aim of this study was to assess the native salt marsh 
lignocellulolytic profile and identify the key functional taxonomic groups orchestrating the process of 
lignocellulose deconstruction using an integrated ‘omics approach during a time series of 
decomposition on Spartina anglica biomass in a natural salt marsh. A large proportion of 
lignocellulose acting enzymes are secreted. However, salt marshes are inherently dynamic, driven in 
particular, by tidal inundation and it was therefore hypothesized that many of the secreted enzymes 
are tightly bound to the lignocellulosic substrate and would be overlooked by conventional 
approaches. To address this, a biotin labelling approach was undertaken, using biotin derivative that 
is impermeable to cell membranes to label extracellular proteins at the biomass interface, that could 
not otherwise be captured (Alessi et al., 2017). 
    
     3.2     Materials and methods 
 
          3.2.1     Nomenclature rationalisation: (meta)secretome or (meta)exoproteome 
 
     Nomenclature regarding organisms’ peripheral protein profile is broadly categorized as a 
(meta)secretome or (meta)exoproteome. The former includes only proteins that are actively 
secreted by the cell(s) into the extracellular matrix whereas exoproteome encompasses both 
proteins secreted into the extracellular matrix and outer membrane proteins. In the context of this 
study, the target data was actively secreted lignocellulose degrading proteins which are often bound 
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to the biomass, however; the biotin labelling technique employed to capture these proteins will 
have invariably captured outer membrane and transmembrane proteins. Therefore, the outer 
membrane proteins captured in these datasets are largely sampling artefacts and were not the 
subject of analyses. Secreted lignocellulolytic proteins were the focus of this study, therefore, 
despite the outer membrane artefacts, the extracellular proteomic datasets generated in this study 
are referred to a (meta)secretomes.  
 
          3.2.2     Field experiment 
 
               3.2.2.1     Field experiment synopsis 
 
     A field experiment was designed to study the process of native biomass decomposition in an 
established UK salt marsh (Figure 3.1). Above ground Spartina anglica biomass was collected during 
winter dieback in February-March 2015 on an adjacent intertidal mud flat (Cherry Cobb sands, 
Humber estuary, Hull, UK). The biomass was washed free of sediment, dried and size reduced. Nylon 
66 monofilament woven bags (18.5cmx18.5cm), ‘degradation bags’ of aperture size 200µm were 
filled with 50g biomass and sealed with 100% polyester thread. 
     The degradation bags were placed in a 3 x 3 conformation in five stainless steel cages (711.2mm x 
711.2mm x 63.5mm) with 25cm legs. These cages were interspersed by 75m along a 300m parallel 
elevation transect, defined by plant zonation patterns (dominance of Spartina anglica, Puccinellia 
maritima and Salicornia europaea) in Welwick salt marsh (Humber estuary, Hull, UK). All bags were 
secured with cable ties and the under canopy was removed to expose the sediment prior to 
deployment to facilitate biomass-sediment crosstalk. The cages were mapped to position with global 
position system (GPS) coordinate android application (Woozilli Inc.) to within 4m accuracy. 
      The biomass decayed for 16 weeks from 16/7/15 to 6/11/15 and samples were extracted weekly 
for the first six weeks, thereafter at week eight, ten and 16. Bag selection was randomised a priori, 
and sampling began at the point of low tide and was completed within two hours. During sampling, 
around 2.5g of (wet weight) biomass from each selected degradation bag was placed in a pre-
weighed tube containing 12.5mL RNAlater, the remaining biomass and bag were placed in a sealed 
container and kept at 4oC or below during transport and sample processing began within four hours 
of harvest. 
     Processing included the removal of 10g (wet weight) biomass for nucleic acid extraction. Four 
aliquots (technical replicates) of 7.5g (wet weight) biomass was removed for protein extraction 
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(inclusive of one negative control).  The remaining biomass was weighed, washed free of sediment 
(under constant flow and agitation), frozen in liquid N2, freeze-dried and weighed. The wet weight 
and dry weight allowed for a partial conversion factor to be applied to the extraction fractions and 
elucidation of total harvested mass.  
 
 
Figure 3.1 Schematic overview of the in situ degradation experiment. 16S/18S/ITS; markers for 
taxonomic identification, AcBr TLA; Acetyl bromide total lignin assay, LC-MS; tandem liquid 
chromatography mass spectrometry, ppt; precipitation, SH; sequential hydrolysis. 
 
               3.2.2.2     Biomass collection and preparation 
      
     Cherry Cobb sands (53.679599, -0.181000; Humber estuary, Hull, UK) is an intertidal mudflat 
spanning around 9km in length dominated by Spartina anglica (Figure 3.2). Spartina anglica was 
identified by presence of dense 2-3mm long cilitate legules between the stem and leaf blade. Above 
ground S. anglica biomass from 1-5cm above the sediment was collected several times between the 
winter dieback in February and March 2015. The harvested plants were cut into manageable pieces 
(20-50cm in length) and washed free of sediment with freshwater under constant flow. The 
fragments were dried in a fan assisted oven at 65oC for 48 hours to replicate strandline dehydration. 
The resulting dried biomass was further fractionated size with a Retsch Cutting Mill SM 300 installed 
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with a 7mm bottom sieve at 2300rpm; the biomass was further fractioned with 1.12mm, 500µm, 
250µm aperture sieves). Two of these fractions were pooled and the final biomass fraction consisted 
of 80% of the >1.12mm (large) fraction and 20% of the <1.12mm ->500µm (small) fraction, to 
replicate natural detrital fragmentation.  
     Nylon 66 monofilament woven bags (18.5cmx18.5cm), ‘degradation bags’ of aperture size 200µm 
were used to exclude larger invertebrates and focus primarily on microbial degradation whilst 
maintaining gaseous exchange. These bags were weighed (Wbag) and then filled with 50g biomass 
and weighed again (Wfilled), they were then sealed with 100% polyester thread and weighed again 
(Wthread). This allowed for the exact mass of lignocellulosic material to be calculated for each bag.  
   
               3.2.2.3     Deployment 
 
   The bags were placed in a 3 x 3 conformation in five stainless steel cages (711.2mm x 711.2mm x 
63.5mm) with 25cm legs, were interspersed by 75m along a 300m parallel elevation transect, 
defined by plant zonation patterns (dominance of Spartina anglica, Puccinellia maritima and 
Salicornia europaea) in Welwick salt marsh (53.650715, 0.023144; Humber estuary, Hull, UK) (Figure 
3.2). There was roughly 13km between where the biomass was collected in Cherry Cobb sands and 








Figure 3.2 Experiment location. A) The Humber estuary (Hull), in relation to the UK. B) The North 
bank of the Humber estuary, Welwick salt marsh is highlighted in orange and the cage locations 
along the transect in white (C), Cherry Cobb Sands is highlighted in blue with the location of the 
collected Spartina anglica (D). Imagery sourced from Esri (2018, colour) and Ordinance Survey (2016, 
grey) and created using ArcGIS Pro (version 2.2).  
 
     Deployment was conducted during the point of low tide (12:04pm, 1.2m above chart datum 
(ACD)) on the 16/07/2015. The faunal under canopy was removed to expose the sediment prior to 
deployment to facilitate biomass-sediment crosstalk. The cages were mapped to position with GPS 
coordinate android application (Woozilli Inc.) to within 4m accuracy (Table 3.1). The cages were also 
fitted with a water trap to ascertain water salinity and pH throughout the time course. All cages 
were orientated with the water traps facing shoreward. The cage legs were hammered into the 
sediment until the flexible mesh was in contact with the sediment to ensure stability.  




Figure 3.3 Deployment of the in situ degradation experiment. A) Cage layout. B) Under canopy 
removal. C) Cage deployment and fixation to the sediment. D) First tidal inundation on the 
16/07/2015.  
 
Table 3.1 Transect position of the five biological replicates in Welwick salt marsh.   
Cage  OS GR Coordinates Latitude/Longitude 
Elevation 
(m) 
A TA 33850 18626 53.647022, 0.023465794  53°38'49.28"N/ 0° 1'24.48"E 2 
B TA 33915 18656 53.647271,0.024455525  53°38'50.18"N/ 0° 1'28.04"E 2.2 
C TA 33977 18676 53.647439, 0.025407313  53°38'50.78"N/ 0° 1'31.47"E 2.7 
D TA 34038 18704 53.647678,0.026343800  53°38'51.64"N/ 0° 1'34.84" 3 
E TA 34105 18719 53.647792, 0.027360971  53°38'52.05"N/ 0° 1'38.50"E 3 
† Coordinate accuracy ±4m 
‡ Coordinates mapped with GPS Coordinates android application (Woozilli Inc.) 
                3.2.2.4     Sampling harvesting 
 
      Random sampling was conducted using a priori selected bags using a custom Python script for 
randomisation (Python 2.7). The tidal regime was estimated from the Sunk Dredged Channel station 
and missing data was kindly provided via personal communication (UK Hydrographic Office, 
http://www.ukho.gov.uk/Easytide/easytide/SelectPort.aspx). Sampling began at the point of low 
tide for each timepoint and was finished within two hours (Table 3.2). A single bag from each of the 
five cages was harvested weekly during the first six weeks, then at week eight, ten and 16. The bags 
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were opened in the field and approximately 2.5g of wet biomass was placed into a 15mL pre-
weighed Sarstedt tube containing 12.5mL RNAlater® (Thermo). The remaining biomass (including the 
bag) and tube containing the RNAlater and biomass were then placed into a pre-cooled (4oC or 
below) 1L container, sealed (air-tight) and placed into a thermally insulated field bag (chilled with 
ice-bricks that had been pre-cooled to -80oC). 
     The surrounding top 5cm of sediment was randomly sampled from each cage and placed into a 
50mL Sarstedt tube until full. The water traps were also emptied into 15mL Sarstedt tubes. During 
deployment (day 0) only coastal water was sampled. The sediment and water samples were kept in 
the thermally insulated bags. The harvested samples were transported from Welwick salt marsh in 
Hull to the University of York within two hours where sample processing began immediately, 
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Table 3.2 Sampling and tidal regime. The bold times indicate the low tide during which sampling 
began. Tidal regime was measured from the Sunk Dredged channel station.  
Timepoint Date Tide Time (24hr) ACD(m) 
0 16/07/2015 HW 05:39 6.9 
 Thursday LW 12:04 1.2 
    HW 18:11 6.8 
1 23/07/2015 LW 03:42 2.3 
 Thursday HW 09:42 6.3 
  LW 16:19 2.1 
    HW 22:22 5.9 
2 30/07/2015 HW 04:24 6.8 
 Thursday LW 10:52 1.6 
  HW 16:55 6.7 
    LW 23:12 1.5 
3 06/08/2015 LW 03:42 1.5 
 Thursday HW 09:37 7 
    LW 16:17 1.3 
4 13/08/2015 HW 04:45 6.7 
 Thursday LW 11:03 1.5 
  HW 17:21 6.6 
    LW 23:15 1.8 
5 20/08/2015 LW 02:35 1.9 
 Thursday HW 08:30 6.7 
  LW 15:04 1.8 
    HW 20:57 6.4 
6 27/08/2015 HW 03:13 6.4 
 Thursday LW 09:33 2 
  HW 15:51 6.5 
    LW 22:01 1.9 
8 10/09/2015 HW 03:40 6.3 
 Thursday LW 09:55 1.9 
   HW 16:25 6.3 
    LW 22:11 2.1 
10 24/09/2015 HW 01:43 5.9 
 Thursday LW 07:49 2.4 
  HW 14:34 6.1 
    LW 20:32 2.5 
16 05/11/2015 HW 00:01 5.8 
 Thursday LW 06:40 2.5 
  HW 12:57 5.7 
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               3.2.2.5     Sample processing     
      
     Sample processing began immediately upon return to the laboratory. Initially all containers were 
weighed and recorded (large containers and RNAlater tubes). The biomass was homogenised and for 
each of the five containers split into a single 10g wet weight aliquot for nucleic acid extraction 
(section 3.2.1.5.1) and four 7.5g wet weight aliquots for protein extraction (section 3.2.1.5.2). The 
remaining biomass and bags were used to assess the mass balance (section 3.2.1.5.3). The nucleic 
acid extraction was initiated first, and one hour into the protocol the protein extracted was initiated, 
both extractions were conducted in parallel.  
 
                    3.2.2.5.1     Simultaneous DNA and RNA extraction 
 
     All H2O in this extraction was diethyl pyrocarbonate (DEPC) treated for 2 hours at 37oC and 
autoclaved at 121oC for 15 min. 10g of biomass was aliquoted into 50mL Sarstedt tubes and ice-cold 
(4oC) 1x PBS pH 8.15 was added (to 50mL), and the tubes were centrifuged for 20 min at 4600rpm in 
Haraeus Multifuge3 S-R with a swing-out rotor (Sorvall). The supernatant was discarded, and 
another wash step was conducted. 0.5g of biomass was added to screw cap tubes (2mL) containing 
0.5g 0.5mM glass beads (Sigma G9268) and 0.5g 0.1mM glass beads (Sigma G8893). 0.5mL cetyl 
trimethylammonium bromide (CTAB) buffer containing 10% CTAB (m/v) in 0.7M NaCl, 240mM 
potassium phosphate pH8 and 0.1% ß-mercaptoethanol was added to the tubes. 0.4mL 
phenol/chloroform/isoamyl alcohol (25:24:1) pH 8. The samples were homogenised in a TissueLyser 
II (Qiagen) for 2 x 2.5 min at 30/s. The tubes were then centrifuged in a pre-cooled (4oC) accuSpin 
Micro17R (Fisher Scientific) at 13,300 rpm for 15 min. The aqueous phase was transferred to a new 
tube and an equal volume of chloroform:isoamyl alcohol (24:1) was added and centrifuged as 
previously. The aqueous phase was transferred to a new tube and precipitated for 16 hours at 4oC 
with two volumes of PEG precipitation solution containing 20% (w/v) PEG8000 (Sigma) in 1.6M NaCl. 
The nucleic acid pellet was collected by centrifugation as above for 30 min at 4oC. The pellet was 
washed twice in 75% ethanol. The quality of the DNA and RNA mixture was assessed by agarose gel 
electrophoresis, quantified using a NanoDrop™ (Thermo) spectrophotometer and stored at -80oC for 
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                    3.2.2.5.2     Protein processing 
 
          Two washes were performed on 7.5g biomass with 40mL ice cold 0.5x PBS pH 8.15, centrifuged 
at 4500rpm for 20 min and the supernatant was discarded using a Haraeus Multifuge3 S-R with a 
swing-out rotor (Sorvall). The extracellular and transmembrane proteins were labelled in triplicate 
and 2.5g biomass aliquots for each of the biological replicates were resuspended in 10mM EZ-link-
Sulfo-NHS-SS-biotin (Thermo Scientific #21331) in 0.5x PBS and incubated at 4oC for 1 hour. The 
biomass was centrifuged for 10 min at 4500rpm as above, the supernatant was discarded and the 
biontinylation reaction was quenched with 25mL 50mM Tris-HCl pH8 and incubated for 30 min at 
4oC. Excess Tris-HCl and residual biotin was removed with two washes with 20mL ice cold 0.5X PBS 
pH8 with centrifugation steps for 5 min at 4500rpm.  
    Proteins were extracted from the biomass with 10mL 2% (w/v) SDS pre-heated to 60oC and 
incubated for 1 hour. The supernatant was extracted, and the proteins were precipitated with five 
volumes of pre-chilled (-20oC) 100% acetone and incubated at -20oC for 16 hours. The residual 
biomass at this point was utilised in section 3.2.1.5.3. Precipitated proteins were pelleted by 
centrifuging at 4500rpm for 20 min and the residual acetone was discarded. The pellets air dried and 
resuspended in 1mL 0.1% SDS in 1x PBS, filtered through 0.22µm syringe driven filter units and 
loaded onto 1mL HiTrap Streptavidin HP columns (GE Healthcare #17-5112-01) and incubated for 1 
hour at 4oC. The proteins were eluted with 1mL 50mM dithiothreitol (DTT) in 1x PBS, the column was 
incubated for a further 1 hour and eluted again, this was performed three times and the first two 
1mL fractions were pooled.  
     The protein fractions were desalted, and buffer exchanged into H2O using 5mL Zeba™ Spin 7k 
MWCO columns (Thermo 89882) according to the manufacturer’s protocol. The buffer exchanged 
protein was frozen in liquid nitrogen, lyophilised using a Heto PowerDry LL3000 Freeze Dryer (Thermo) 
and resuspended in 210µL H2O. The proteins were stored for LC-MS/MS analysis by solubilising in 
NuPAGE LDS sample buffer (Life Technologies) and incubating at 70oC for 10 mins prior to a short (6 
min) run into a 7 cm NuPAGE Novex 10% Bis-Tris Gel (Life Technologies) at 200 V. The gels were stained 
with SafeBLUE protein stain (NBS biologicals) for 1 hour before de-staining with H2O for 1 hour. The 
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                    3.2.2.5.3     Biomass preparation 
 
     The residual biomass from 3.2.1.5.2 was utilised in this section. The biomass was washed free of 
SDS with four washes of 40mL ethanol:H2O (1:1) followed by two washes of 40mL H2O. The biomass 
was flash frozen in liquid N2, lyophilised and stored at room temperature.  
 
                    3.2.2.5.4     Mass balance 
 
     Mass loss was obtained using a partial conversion factor (equation 3.1). For each biological 
replicate, after the nucleic acid extraction fraction (10g; BNA) and protein extraction fraction (4x7.5g; 
BP) had been removed, the remaining wet biomass and bag were weighed (Bw). The biomass was 
then washed free of sediment through a 100µM mesh under constant agitation and lyophilised in a 
Heto PowerDry LL3000 Freeze Dryer (Thermo). The dry biomass was weighed (BD) and a partial 
conversion factor was calculated and applied to the sum of all other fractions (including the 
RNAlater field sample fraction; BRL). This was applied to every biological replicate at every time point.  
 
Equation 3.1 Mass balance partial conversion factor. Where BD is the dry weight biomass remaining, 
BW is the wet weight biomass remaining, and E is the sum of all fractions utilised for extraction as 
wet weight (BNA, BP, BW and BRL; see text).  
𝐵𝑖𝑜𝑚𝑎𝑠𝑠 𝑟𝑒𝑚𝑎𝑖𝑛𝑖𝑛𝑔 = (
B𝐷
𝐵𝑊
) ∑ E 
 
     The partial conversion factor was also applied to each of the nucleic acid and protein fractions to 
determine the dry weight biomass used in the extraction. This was necessary as despite normalising 
sampling to the time at which low tide occurs, weekly changes in tidal height effects the exposure 
time between inundation and sampling, resulting in wet weight variation between weeks. This was 
particularly notable for week one where the hygroscopic biomass was not fully saturated with water.   
 
                    3.2.2.5.5     Salinity and pH measurements 
 
     The tubes containing the collected sediment and water were centrifuged at 4oC at 4600 rpm for 
30 min in a Haraeus Multifuge3 S-R with a swing-out rotor (Sorvall). The supernatant was collected, 
warmed to ambient temperature and the pH was measured. Salinity was assessed with a 
temperature compensated H2Ocean Refractometer (D-D The Aquarium Solution Ltd.).         
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          3.2.3     Enzyme assays 
 
     Enzyme assays were conducted to ascertain (in consideration with mass loss) which time points to 
take forward for sequencing. The proteins that were pooled in equal mass ratios (those placed into 
gel storage for LC-MS/MS analysis) were utilised. All assays were conducted in triplicate. Cellulase, 
hemicellulose and peroxidase activity were assessed. For cellulase activity, reducing sugar assays (4-
hydroxybenzoic acid hydrazide; PAHBAH) for carboxymethyl cellulose (CMC; 0.1%) and phosphoric 
acid swollen cellulose (PASC; 0.1%) were conducted. Peroxidase activity was assessed with 2,2'-
azino-bis (ABTS, 1mM). Hemicellulase activity was assessed with beechwood xylan (1%; Megazyme) 
and chromogenic substrates (at 0.1% (w/v) concentration); AZCL xylan (Megazyme), AZCL 
galactomannan (Megazyme) and AZCL arabinoxylan (Megazyme). Activity was also assessed with 
non-pretreated Spartina anglica biomass (1%). 
     The assays were conducted in four buffers designed to mimic various levels of environmentally 
relevant salt concentrations (20mM Tris-HCl pH8, 1.75% NaCl in 20mM Tris-HCl pH8, 3.5% NaCl in 
20mM Tris-HCl pH 8 and 1x artificial seawater (SeaChem) pH 8), in a final volume of 200µL and 
incubated for 16 hours. In depth analysis of xylanase activity was conducted in triplicate, with 1% 
beechwood xylan, 3µg crude metasecretome protein in a final reaction volume of 200µL for 9 hours 
and measured using the PAHBAH method. The buffers described above were applied.   
 
          3.2.4     Biomass composition analysis 
 
     Biomass composition analysis was conducted to determine and quantify the composition of the 
important lignocellulose fractions; crystalline cellulose, hemicellulose (matrix polysaccharides) and 
lignin. The matrix polysaccharides were analysed first followed by the crystalline cellulose (from the 
same biomass fraction). Lignin was measured using an independent biomass aliquot by assessing the 
acetyl bromide soluble fraction. Ash (non-carbon) content was also determined. For each of the five 
biological replicates for each of the nine time points including starting day 0 biomass (for a total of 
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               3.2.4.1     Analysis of matrix polysaccharides 
 
    Biomass samples were aliquoted into five 5mg technical replicates for each biological replicate for 
each time point. The biomass was hydrolyzed with 500µL 2M triflouracetic acid (TFA) under an argon 
atmosphere during a four hour incubation at 100oC. The samples were mixed every hour during the 
incubation. Upon completion the samples were cooled and dehydrated in a Savant SpeedVac 
concentrator SPD131DDA (Thermo) used in conjunction with a Savant refrigerated vapour trap 
RVT4104 (Thermo). The samples were washed (to remove residual TFA) twice with 500µL propan 2-
ol, mixed and dried again as above. The sugars were the solubilised in 200µL H2O and the 
supernatant was extracted, filtered through 0.45µm PTFE filters and placed into HPLC vials for 
analysis using an ICS-3000 Ion Chromatography System with AS loading units (Dionex, Thermo). The 
residual pellet was used to assess the crystalline cellulose content (section 3.2.2.2). 
     Samples were quantified against a standard curve containing various concentrations (100µM, 
250µM and 350µM) of each of the expected monosaccharides; arabinose, fucose, galactose, 
galacturonic acid, glucose, glucuronic acid, mannose, rhamnose, and xylose. As 5µL of hydrolysate 
(and standard) was injected onto the column this facilitated the absolute quantification of each 
monosaccharide present in the matrix polysaccharide fraction. Peak area integration and 
quantification was performed using the Chromeleon software package (version 6.80 SR16 Build 
5387, Thermo). 
 
               3.2.4.2     Analysis of crystalline cellulose  
 
          The pellet generated in section 3.2.2.1 was cleansed of impurities using 1mL Updegraff reagent 
(acetic acid: nitric acid: water, 8:2:1 v/v) at 100oC for 30 min to generate an insoluble cellulose pellet 
(Updegraff, 1969). The samples were centrifuged at 10,000 rpm for 15 min using a Centrifuge 5424 
(Eppendorf), the supernatant was discarded. A single wash was performed with 1.5mL of H2O and 
three times with 1.5mL acetone and centrifuged as above. The cellulose pellet was air dried at room 
temperature after the final wash. Saeman hydrolysis was performed with 90µL of 72% H2SO4 and 
incubated at room temperature for four hours with agitation (Saeman, 1945). The samples were 
diluted to 3.2% H2SO4 with 1890µL H2O and incubated at 120oC for four hours. The samples were 
centrifuged at 10,000 rpm for 5 min to remove residual impurities.   
     The glucose content of the sample was assayed using the anthrone spectrophotometric assay and 
quantified against a standard curve of serially diluted glucose. Anthone reagent (10mM anthrone in 
72% H2SO4) was added to diluted hydrolysate (anthrone reagent, H2O, sample, 20:9:1, v/v) and 
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incubated at 80oC for 30 min. Upon cooling, a 200µL aliquot was transferred to an optical microplate 
and measured at 620nm using a Tecan Sunrise™ microplate spectrophotometer. 
 
               3.2.4.3     Analysis of acetyl bromide soluble lignin 
 
     Biomass samples were aliquoted into five 4mg technical replicates for each biological replicate for 
each time point and the lignin content was measuring using the acetyl bromide assay (Moreira-Vilar 
et al., 2014). Lignin was solubilised by the addition of 250µL acetyl bromide solution (25% acetyl 
bromide, 75% glacial acetic acid, v/v) to the biomass and incubated at 50oC for three hours and 
periodically vortexed. Upon cooling the liquid was transferred to a 5mL volumetric flask and 1mL 2M 
NaOH and 175µL hydroxylamine HCl was added. The mixture was vortexed and made up to 5mL with 
glacial acetic acid and the sample was taken for measuring immediately. Samples diluted 1:10 with 
glacial acetic acid and measured at 280nM in quartz cuvette using a Cary 50 UV-visible 
spectrophotometer (Agilent technologies). The percentage acetyl bromide soluble lignin was 
determined using equation 3.2, using a previously cited extinction coefficient of 17.75 for grasses 
(Foster et al., 2010). 
 
Equation 3.2 Determination of the proportion of acetyl bromide soluble lignin (ABSL). Absorbance is 
measured at 280nM. The coefficient for grasses was used at 17.75, the pathlength used was 1, the 
total volume was 5mL, the aliquot was 0.1mL and the dilution factor was 10 (1:10). Biomass weight 
was individually variable (0.005g). 
𝐴𝐵𝑆𝐿(%) =
𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒
𝐶𝑜𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑡 ×  𝑃𝑎𝑡ℎ𝑙𝑒𝑛𝑔𝑡ℎ
 ×  




               3.2.4.4     Analysis of total ash 
 
     Around 1g of biomass was placed in a pre-weighed crucible (WC) and weighed (WC+B). The biomass 
was incubated in a Carbolite AAF 1100 Type 301 furnace (Barloworld Scientific) for 24 hours at 
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               3.2.4.5     Absolute quantification of lignocellulose fractions  
 
     The fractional composition analysis conducted (sections 3.2.2.1-3.2.2.4) was used with the mass 
remaining data (section 3.2.1.5.4) to extrapolate absolute quantification of biomass composition 
during the in situ degradation experiment.  
 
     3.3     Results 
 
          3.3.1     Field observations 
      
     Welwick salt marsh, as expected from the coastal proximity and distance from the estuary mouth, 
was predominantly marine (Figure 3.4). Salinity in the sediments and water correlated closely at 26-
40ppt. The pH in the sediments were borderline neutral at pH 7.1 where the water pH was 
consistently alkaline at pH 7.9-8.7. Oceanic seawater is often cited at 35ppt and pH 8.15. Samples 
were not collected during weeks 10 or 16. 
 
 
Figure 3.4 Measured pH and salinity throughout the time course experiment.   
 
     The experiment was deployed during the middle of a neap tide, and the experiment ran for four 
spring and four neap tides (Figure 3.5). There appeared to be no correlation between pH and salinity 
with respect to tidal regime. Cage elevation varied between 2m and 3m and were therefore 
inundated during every tide throughout the experiment. 




Figure 3.5 Tidal and sampling regime. Data is displayed as meters above chart datum (ACD). The 
black lines indicate the approximate elevation range of the cages. Plots indicate the dates during 
which sampling occurred and the tidal level at that point.  
 
          3.3.2     Nucleic acid extractions 
 
     Genomic DNA and total RNA was successfully extracted from all nine time points excluding the 
day 0 outgroup where only genomic DNA was recovered. The rRNA profile was suggestive of 
prokaryotic dominance, with 18S and 28S rRNA (which are comparably larger than their 16S and 23S 
prokaryotic equivalents) bands only faintly observable in a few time points and only in select 
replicates. The quality of the extractions was assessed with agarose gel electrophoresis and the 
strength of rRNA bands were used to determine qualitative quality (Figure 3.6). Total nucleic acids 
were stored at -80oC until required for downstream processing. 
 
Figure 3.6 Genomic DNA and total RNA extractions. A) Week one. B) Week three. C) Week five. D) 
Week ten. 
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          3.3.3     Mass balance 
 
     Relative to the starting biomass, during the 16-week time course a total of 69.55 ± 1.18% mass 
had been lost (Figure 3.7A). The greatest loss in mass occurred between day 0 and week one 
(28.26%), however the following week exhibited the least temporal loss in mass (2.53%). The second 
largest loss in mass was observed between week two and three (10.7%) before the rate of mass loss 
plateaued to 3-5% to week 10, before declining to an average weekly loss of 1.28% between weeks 
10 and 16. Relative mass loss fit a first order decay model (R2=0.99) Mass loss as a function of mass 
remaining exhibited a non linear profile with a gradual decline in rate over time, from 4.05 ±  0.22% 
to  0.17 ± 0.03% mass loss per day in weeks one and 16 respectively (Figure 3.7B).  
 
 
Figure 3.7 Temporal mass loss and decomposition rates. A) Relative and absolute mass loss. B) 
Decomposition rate as a function of remaining biomass.  
 
          3.3.4     Protein extraction 
 
     Extracellular protein extractions were successfully performed on biomass from all nine time 
points (excluding day 0). Extraction success was assessed using SDS-PAGE, upon staining a visible 
smear was indicative of a sufficient quantity of metasecretome protein for downstream processing 
(Figure 3.8A). The metasecretome extraction was quantified using the Bradford method (Table 3.3). 
Biological replicates were pooled in equal mass ratios for each time point, and aliquots of 25µg, 50µg 
and 100µg were short-run with SDS-PAGE. The resulting gels were stained (Figure 3.8B) and excised 
into 1mm2 fragments for storage at -20oC. Individual biological replicates were run into gel and 
stored but not used in this study. Extracellular biotinylated protein represented 9.06 ± 0.65% of the 
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total protein from week five to ten (this was not assessed in earlier time points) and was 
unexpectedly consistent between time points and biological replicates.  
 
 
Figure 3.8 SDS-PAGE of metasecretome extraction and storage. A) Week three metasecretome for 
each biological replicate (cages A-E) post lyophilisation and buffer exchange. B) Four 100µg technical 
replicates of pooled week three biological replicates short-run SDS-PAGE. 
 
Table 3.3. Quantitative metasecretome recovery by biological replicate per time point. All values 
expressed are µg of protein. 
  Biological replicate         
Week A  B C D E   Mean Error Total 
1 274.99 335.10 321.71 329.59 315.28   315.33 10.64 1576.66 
2 178.93 270.28 172.37 208.07 330.79   232.09 30.14 1160.43 
3 385.58 323.33 373.13 347.33 408.23   367.52 14.79 1837.60 
4 328.78 227.83 285.58 292.63 437.68   314.50 34.79 1572.50 
5 310.17 346.79 345.48 293.11 384.06   335.92 15.85 1679.61 
6 183.25 234.05 300.59 215.15 295.08   245.62 22.83 1228.11 
8 172.41 317.39 415.82 215.55 334.93   291.22 43.57 1456.10 
10 401.88 307.55 428.36 319.55 432.48   377.96 26.88 1889.82 
 
 
     The dried Spartina biomass was hygroscopic and determined to absorb up to 350% dry weight in 
water. If the biomass was not saturated within the first 7 days this may have affected the relative dry 
weight biomass used to extract the metasecretome. The partial conversion factor was applied to this 
data and week one and two were significantly larger (p=<0.05 assessed by a one-way ANOVA) from 
all other time points (week two was not significantly different from week four) (Figure 3.9). 
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Suggesting saturation occurred during week two to three. This may have had an effect on the 
amount of biotinylated protein extracted, as greater dry weight mass can harbor more organisms 
and bind more enzymes 
 
 
Figure 3.9 Dry weight biomass and recovered protein.      
 
      To explore if the effect of dry weight biomass as a function of the amount of protein recovered, 
regression analysis was conducted which revealed no correlation (R2 = 0.012), however as a function 
of time distinct clusters were observable (Figure 3.10). Weeks one and two were distinct outliers 
(Figure 3.10B), however all other time points (weeks three to six) and weeks eight and ten were not 
distinctly different. These results suggest that the median weeks (belonging to weeks three, four, 
five and six) were the most productive (highest metasecretome yield per dry weight biomass), with 
an observable decline in weeks eight and ten. To assess this; protein yields were normalised to per 
unit dry weight and analysed with regression. 
 
 




    Figure 3.10 Analysis of protein recovered as a function of dry weight biomass. A) Regression 
analysis. B) Temporal cloud analysis.  
 
     The normalised yields revealed a weak correlation (R2=0.10) indicative that water content of the 
biomass would not significantly effect protein yields (Figure 3.11). This also revealed the least 
productive weeks to be week one and two.  
 
 
Figure 3.11 Regression analysis of normalised protein yields per dry weight unit biomass.  
 
          3.3.4.1    Metasecretome activity 
 
     Enzyme assays were conducted to ascertain (in consideration with mass loss) which time points to 
take forward for sequencing. The proteins that were pooled in equal mass ratios (those placed into 
gel storage for LC-MS/MS analysis) were utilised and pooled further to generate an equal-mass pool 
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for all time points. Significant activity was measured against all substrates tested (CMC, PASC, 
beechwood xylan, AZCL-xylan, and AZCL-arabinoxylan) except for AZCL-galactomannan and ABTS. An 
anomalous reading in xylan beechwood experiment yielded a significance value of p=0.0647, 
exclusion of which yielded p=0.033 and was taken as significant (Figure 3.12). The high 
metasecretome loadings (0.5-3µg) required to observe activity restricted further analysis to one 
substrate, for which the most active substrate (beechwood xylan) was selected, which required 3µg 
crude protein for observable activity in reasonable timeframes.  
 
   
Figure 3.12 Lignocellulolytic activity of the pooled metasecretome across all time points. Asterisks 
indicate significance at a confidence interval of p=<0.05 assessed by a one-way ANOVA. 
     
      Analysis of metasecretome xylanase activity for the time course revealed an increase in activity 
over time (Figure 3.13). Increased activity was observed in saline buffers compared to the non-saline 
counterparts. Activity was lowest in weeks one and two and began to increase to week six where it 
largely plateaued to week ten (excluding a slight decline in week eight). This suggests an increase in 
activity within the in situ biomass. 




Figure 3.13 Metasecretome xylanase activity by time point. ASW; artificial seawater.  
 
     The rates of activity observed here were normalised against the dry weight biomass used to 
extract the protein (as both were quantified) and extrapolated to total in situ activity by assessing 
dry weight remaining. Extrapolating activity to dry weight biomass remaining in the bags indicates 
relative activity rates (Figure 3.14A). Significant activity was observed increasing from 7.23 to 92.18 
nmol xylose reducing sugar equivalents per hour per gram of dry weight biomass (1.08 and 13.8mg 
of xylose respectively) in artificial seawater (ASW). Extrapolating this rate further to dry weight 
remaining indicates the theoretical maximum potential xylanase activity of a specific in situ 
degrading biomass bag at a certain time point (Figure 3.14B). This translates to total activities in the 
in situ degrading biomass bags of 259.5 to 1743.49 nmol xylose reducing sugar equivalents per hour 
(week one and week ten respectively). However, these experiments were performed on pure 
polysaccharide substrates and lignocellulosic substrates are significantly more complex, conferring 
recalcitrance which would display significantly lower rates of product evolution.  




Figure 3.14 Xylanase activity of the metasecretome. A) Metasecretome xylanase activity normalised 
to per unit dry weight biomass. B) Maximum potential metasecretome xylanase activity as a function 
of dry weight biomass remaining per time point. 
 
     In all of the presented data, the temporal activity increases, suggesting that enzymatic activity is 
increasing in concentration per unit biomass, when considering the decreasing trend in remaining 








Figure 3.15 Regression analysis of xylanase activity concentration.  
 
     Residual metasecretome protein was used to assess hemicellulose activity with AZCL-
arabinoxylan and AZCL-xylan. Protein quantity restricted these analyses to relative expression and, 
therefore, could not be extrapolated to biomass remaining. Whilst the profiles displayed differ, the 
increase over time trend persisted (Figure 3.16). 
 
 
Figure 3.16 Relative metasecretome activity rates for AZCL substrates. A) AZCL-xylan. B) AZCL-
arabinoxylan.  
 
   The results were generated to indicate which time points were most active, in order to maximise 
the probability of identifying these enzymes in downstream analyses. As each profile loosely 
suggested an increase in activity over time, a temporal distribution of time points was selected for 
further investigation. This included week one, three, five and ten.  
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          3.3.5     Biomass composition analysis 
 
     Biomass composition analysis was conducted to elucidate the temporal composition profile of the 
in situ biomass. This analysis determined the composition of the major biomass fractions; crystalline 
cellulose, matrix polysaccharides, lignin and the non-carbon fraction determined by ash.  
 
                3.3.5.1     Absolute composition values 
 
                     3.3.5.1.1     Matrix polysaccharide composition 
 
     The hemicellulose fraction increased in relative mass over the time course (Figure 3.17). Total 
matrix polysaccharides in the day 0 biomass were 19.2% increasing to a temporal maximum of 27.3% 
in week 5. This would suggest other fractions are preferentially degraded. The largest 
monosaccharide component was expectedly xylose (xylan is predominantly composed of xylose and 
is the largest hemicellulose polysaccharide in grasses) followed by galactose and glucose, with 
notable contributions from rhamnose, arabinose and galacturonic acid. Mannose, glucuronic acid 
and fucose were not highly abundant. There were significantly different neighbouring time points 
(p=<0.05 assessed by a one-way ANOVA), and a profile suggesting initial lack of degradation, 
followed by an increased rate, suggesting degradation proceeded non-linearly (Figure 3.18).  
      
 
Figure 3.17 Temporal composition of matrix polysaccharide constituent sugars.  
 




Figure 3.18 Total matrix polysaccharide temporal profile. Asterisks indicate significance at a 
confidence interval of p=<0.05 assessed by a one-way ANOVA. 
 
         Interestingly, the relative proportions of the constituent sugars remained largely unchanged, 
suggesting parallel degradation of all the complex hemicellulose polysaccharides. This would suggest 
a plethora of enzymatic activates exist within the salt marsh environment to catalyze the 
deconstruction of the variety of monosaccharide units and bonds in the hemicellulose matrix.  
      
                     3.3.5.1.2     Crystalline cellulose 
 
     Crystalline cellulose displayed an interesting temporal profile with no change within the first two 
weeks, followed by an increase to week 5 which declines thereafter (Figure 3.19).  The pristine day 0 
biomass consisted of 15.5% crystalline cellulose, with temporal minima and maxima (13.1% and 
20.9% respectively) at weeks five and eight respectively. The initial stability would suggest no 
preferential cellulose degradation was occurring whilst the following increase also suggests that 
other fractions were degraded during this time point, however the matrix polysaccharides exhibited 
a similar temporal profile.  
     There are no statistically significantly different neighboring data points for the temporal 
crystalline cellulose profile. This would suggest gradual linear degradation of this fraction with no 
rates of increase, likely due to limited accessibility by the matrix polysaccharides.  




Figure 3.19 Temporal in situ biomass crystalline cellulose profile. There were no statistically 
significant neighbouring data points (confidence interval of p=<0.05 assessed by a one-way ANOVA). 
 
                     3.3.5.1.3     Acetyl bromide soluble lignin 
 
     The lignin fraction measured as the acetyl bromide soluble fraction exhibits an increase in 
abundance per unit weight over time (Figure 3.20). Despite a decline in the first two weeks from 
26.97% in the day 0 outgroup to 20.5% in week two, which is the lowest in the time course. The 
profile gradually increases to the later time points, suggesting accumulation of this fraction. Week 
eight and ten are statistically different neighbouring time points. 
     The initial removal of lignin in the first two weeks is offset by an increase in matrix 
polysaccharides. The matrix polysaccharides may have increased in abundance as lignin restricts 
enzyme accessibility and is therefore the first to be degraded. In week two lignin is observed at its 
least abundant, during this week, hemicellulose begins to degrade as lignin deconstruction may have 
exposed matrix polysaccharides. During this time cellulose has remained completely unchanged, 
likely still sheltered by matrix polysaccharides.   
     




Figure 3.20 Temporal in situ biomass lignin profile. Lignin measured as the acetyl bromide soluble 
fraction. Asterisks indicate significance at a confidence interval of p=<0.05 assessed by a one-way 
ANOVA. 
 
                     3.3.5.1.4     Ash 
 
     The ash profile displayed huge fluctuations, multiples of the original day 0 outgroup biomass. This 
suggested external factors were influencing the ash constituent in the biomass (Figure 3.21). Ash 
measured the non-carbon (non-combustible) fraction. The salt marsh is a moderately disturbed 
environment rich in iron, sulfur and silica, it is, therefore, likely that this material was washed into 
the biomass containing bags. The in situ bags were 200µM, and the biomass was washed through a 
100µM filter during processing. Degraded biomass becomes increasingly fibrous and mesh sizes 
larger than 100µM under constant flow may have resulted in unnecessary biomass loss, resulting in 
inaccurate measurements. Therefore, particle sizes between 100µM-200µM would have been 
retained. Due to the entry of exogenous non-carbon material, this profile is unlikely to be a true 
representation of the biomass ash profile.  
 




Figure 3.21 Temporal in situ biomass ash profile. Asterisks indicate significance at a confidence 
interval of p=<0.05 assessed by a one-way ANOVA.  
 
     In consideration of potential detrital entry due to mesh size discrepancy, the change in ash 
content was explored in relation to tidal height. Tidal energy (and turbidity) correlates with tidal 
height, therefore larger (spring) tides can resuspend and deposit greater amounts of sediment 
(Wang, 2002, Byun and Wang, 2005). To affirm this regression analysis was conducted (Figure 3.22). 
A positive correlation between inter week ash deviation and tidal height was found (R2=0.63). 
Therefore, it is concluded that the proportions of ash measured in this study are not inherent to the 








Figure 3.22 Regression analysis of inter week ash deviation and mean tide height. ACD; above chart 
datum. 
 
                    3.3.5.1.5     Integrated biomass composition 
 
     A holistic view of all the fractions is indicative of a rate limiting hierarchy of fractions, where lignin 
is rate limiting for hemicellulose degradation, and hemicellulose is rate limiting for cellulose 
degradation (Figure 3.23-24). Whilst all fractions are degraded at every time point, the changes in 
relative rate of degradation or accumulation (inter week deviation) displays three phases of 
degradation during which complex interplay is observable; a likely prerequisite of equilibrium 
between fractions (Figure 3.24). In the early weeks of the experiment (week one to three; Figure 
3.24, phase I), the proportion of cellulose remains unchanged whilst lignin is degraded at an 
increasing rate. Hemicellulose increases but the rate of change remains constant, suggesting 
minimal degradation. This would suggest lignin is limiting degradation in the early time points. These 
results are concordant with the hemicellulose assays in section 3.3.4 where hemicellulase activity is 
largely muted in the first two weeks for three hemicellulose substrates. 
      During the mid-stage of degradation (weeks three to five), cellulose begins to accumulate at an 
increasing rate suggesting reduced degradation (Figure 3.24, phase II). This is likely as the 
fractionation technique used to size reduce biomass exposed cellulose microfibrils that were 
degraded and exhausted within the first two weeks. During this phase, hemicellulose begins to be 
selectively degraded as the rate of hemicellulose degradation begins to increase whilst 
simultaneously lignin is increasingly disregarded and begins to accumulate. Only during week five 
(phase III) the rate of cellulose degradation begin to increase. 
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     The enzyme assays (section 3.3.4) revealed week five to be the most active hemicellulolytic time 
point, where derivative mass loss revealed the greatest accumulation in this time point. It may be 
week five was an inflection point to increased hemicellulolytic activity. This may have resulted in the 
consistent decline in hemicellulose observed afterwards. 
      During phase I, lignin degradation likely exposed matrix polysaccharides which were selectively 
degraded during this phase, with cellulose remaining centrally barricaded and not easily accessible 
to enzymes. During the later time points (week 5 to 16) all fractions appear to be lost (week 10 
appears to be an anomaly), with preferential degradation of crystalline cellulose suggesting cellulose 
is sufficiently exposed (Figure 3.24, phase III). These time points are the only time points in which all 
fractions are lost and excluding cellulose, appear to be lost at equal rates. This suggests degradative 
equilibrium has been achieved and complex interplay between the rate-limitation hierarchy is 
occurring to progress degradation optimally.   
 
 
Figure 3.23 Lignocellulose composition of in situ biomass.  
 




Figure 3.24 Rate of change of the lignocellulose fractions. Red indicates decrease, blue indicates 
increase, relative to the previous week. A) Absolute rate of change. B) Normalised rate of change by 
time point. Phase I: accelerated lignin degradation, Phase II: accelerated hemicellulose degradation, 
Phase III: Accelerated cellulose degradation and degradative equilibrium reached.  
 
               3.3.5.2     Extrapolated composition values 
 
      Extrapolating absolute mass composition values to mass remaining in situ elucidates a complete 
profile of temporal change (Figure 3.25). All mass loss was closed (relative to the total) to greater 
than 70%, with the later time points closed to 90% or above. This would suggest that amorphous 
cellulose and other fractions represent a significant fraction of Spartina anglica biomass which may 
be entirely degraded in the later time points (or supplanted with ash).   
 




Figure 3.25 Composition of in situ remaining biomass.  
 
     Normalisation of all values reveals the extent of tidal-driven sediment deposition and erosion 
(Figure 3.26). Therefore, ash was excluded from further analysis (Figure 3.27). The ash excluded 
profile reveals largely linear degradation of all fractions, despite subtle changes in the rates of 
degradation explored in section 3.3.5.1.5. This would suggest a diversity of lignocellulolytic enzymes 
targeting all fractions should be present at all time points.  
 
Figure 3.26 Normalised composition of remaining biomass inclusive of ash.   
 




Figure 3.27 Normalised composition of remaining biomass excluding ash.   
 
     3.4     Discussion 
 
     The Humber estuary is one of the largest estuaries in England and Welwick salt marsh is the 
largest contiguous well-established marsh on the north bank of the Humber estuary. Historically, 
Welwick has been fractionated by extensive reclamation since the 1770s for agricultural and 
woodland purposes, with an estimated minimum of 0.3km2 of natural marsh remaining (Armstrong 
et al., 1985). Welwick is now an actively accreting, expanding salt marsh which is a rare occurrence 
in the current state of global salt marshes (Andrews et al., 2008). Salt marshes accrete when the 
rates of material retention exceed that of erosion and is imperative to salt marsh persistence against 
rising sea level (Chmura, 2013). More recently, during this study, the banks surrounding the 
reclaimed areas (adjacent to Welwick) were breached to allow salt marsh realignment, further 
facilitating salt marsh accretion.  
     One major source of accretion facilitating material is the primary production and retention of 
lignocellulosic biomass (Chmura, 2013). Therefore, accreting salt marshes are likely to have healthy 
lignocellulolytic microbiomes capable of remineralising this sugar rich feedstock. In addition to this 
sediments at Welwick (and surrounding areas) exhibit invariably high carbon concentrations of 2-4% 
(by weight) from the lower to upper marsh, which decreases gradually with depth, suggestive of 
decomposition and remineralisation (Andrews et al., 2000, Lamb et al., 2007, Andrews et al., 2008). 
     As Welwick lies on the outer estuary it was unlikely to be significantly affected by the estuarine 
freshwater input. This was reflected in the measurements during the experiment, where salinity was 
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comparable with seawater and stable between 26-40ppt. Therefore, Welwick salt marsh can be 
categorised as a marine salt marsh. This is key to the identification of halotolerant enzymes. 
     The nonlinear rate and magnitude of mass loss (69% during the 16-week season) in this study fits 
a first order decay model which has been alluded in previous necromass-bag approaches (Curco et 
al., 2002, Negrin et al., 2012, Simoes et al., 2011). These results also suggest the majority of biomass 
degradation occurs within the first year of entry into the system. Previously three phases of decay in 
salt marshes have been described which include a leaching phase (leaching of soluble biomass 
components), followed by a decomposition period (characterised by a slower decomposition) and a 
final refractory phase (where decomposition rates are greatly diminished) (Valiela et al., 1985). The 
leaching phase reportedly lasts two to four weeks. In this study, most of the leaching occurred within 
the first week, putatively due to the extent of biomass size reduction (increase surface area for 
leaching) and immobilisation on the lower marsh (greater inundation frequency). The greatest loss in 
mass occurred between day 0 and week one (28.26 ± 1.58%), followed by the lowest loss in mass 
between week one and two (2.52 ± 2.44%) which is where the decomposer phase likely begins. 
     The initial rate of decomposition in the decomposer phase likely resulted from the established 
microbiome satisfying their nutritional requirements from the leaching compounds. It is probable 
the lignocellulolytic enzyme production coincided with the relative exhaustion of leaching 
compounds. The enzyme assays revealed minimal activity in weeks one and two, concordant with 
the sudden change in rate of loss. This phenomenon has been reported to an even greater extent 
where an increase in biomass has been reported directly after a large decline (Buth and Dewolf, 
1985). This is ostensibly a consequence of many factors including microbial establishment (mass 
increase) and entry of exogenous material (mass increase) and an absence of degradative enzymes 
(lack of mass loss). An increase in this study was not observed, likely due to the washing process not 
utilised in other studies.  
     The results published by Valiela ei al., (1985) results suggest the refractory period is characterised 
by and confined to decomposition rates below 0.4% weight loss per day. The refractory period in this 
study may have been experienced in weeks eight, ten and 16 observed to be 0.22 ± 0.087, 0.379 ± 
0.11 and 0. 0.176 ± 0.03 mass loss per day respectively. Therefore, this study has captured a large 
proportion of the decomposition process. 
     Studies have assessed the effect of temperature and inundation on decay rates, with large 
differences occurring between seasons; however, this experiment was concluded within one season 
and as such the effect of temperature variation should not have played a significant role (Kirwan and 
Mudd, 2012). Biotic factors were the focus of this study and rates of decay as a function of abiotic 
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factors were not explored, instead, the molecular mechanism of biomass decay were assessed 
through changes in biomass composition.  
     Previous studies have anatomically fractionated plants to assess degradation and expectedly the 
recalcitrant, lignified parts (stem, sheath) are more resistant (Liao et al., 2008). Only one study has 
assessed the biomass composition changes during decomposition (Valiela et al., 1984). This 
investigation explored the relative composition of Spartina alterniflora for 24 months, beginning in 
winter. The study by Valiela et al., (1984) is not directly comparable to this study due to the location, 
start date and different species of biomass, which significantly affects decomposition (Simoes et al., 
2011); however, there is an undeniable synchrony between the profiles. An initial increase in 
cellulose and hemicellulose, sequentially followed by lignin degradation, then hemicellulose 
degradation. The hemicellulose degradation then coincides with cellulose degradation whilst lignin 
increases. This fits the rate limitation hierarchy asserted in this Chapter. 
     In all time points in this study, all biomass fractions are deconstructed. However, the rates of 
deconstruction assessed from the biomass composition indicate three unique phases that follow a 
rate limiting hierarchy exist that prohibit optimal degradation. All of these phases occurred within 
the decomposer phase discussed above. To date, microbial decomposition as a function of the 
complex interplay of biomass composition deviation has not been explored. 
     In phase I, during decomposition which spanned weeks one and two, the rate of lignin 
deconstruction increases, whilst the rates of hemicellulose and cellulose deconstruction decreases. 
Lignin is known to be the most recalcitrant cell wall polymer to deconstruct (Li et al., 2016a). It also 
structurally fortifies the inner matrix polysaccharides (and cellulose), limiting accessibility for 
deconstructive enzymes. For lignocellulose degradation to progress, initially (phase I) lignin must be 
removed, to expose the matrix polysaccharides to enzymatic digestion. 
     Phase II occurred from week three to four, and is characterised by an increased rate of 
hemicellulose deconstruction, which is now likely more exposed than during phase I. As with lignin 
which shields the matrix polysaccharides, the matrix polysaccharides provide a physical barrier to 
cellulose. Progression of the biomass deconstruction reaction requires matrix polysaccharides to be 
removed. During this phase, the rate of cellulose hydrolysis decreases, resulting in relative 
accumulation. This phase begins (week three) with a reduction in the rate of lignin deconstruction, 
and by week four the rate is significantly increased. The sudden increase in hemicellulose hydrolysis 
in week three likely offsets production of ligninolytic enzymes, which are required during week four 
to maintain equilibrate degradation of the two fractions.   
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     Only in the final phase (Phase III) does the rate of cellulose hydrolysis increase significantly, which 
is now exposed post matrix polysaccharide removal in phase II. Cellulose has the greatest rate of 
deconstruction in this phase for all but one time point (week 10). This would suggest complex 
interplay between the rate limiting fractions as the relative rate of degradation of all fractions 
approaches equilibrium, allowing the reactions to process optimally.  
     The enzyme assays are concordant with the biomass analysis. On all hemicellulose substrates, 
weeks one and two displayed significantly lower hemicellulose activity, with coincides with the rate 
of loss decline. The greatest hemicellulolytic activity is observed in week five, biomass deviation 
suggests the rate of change for hemicellulose deconstruction is greatest in week four (compared to 
previous weeks), with week five eliciting the first increase in the rate of cellulose deconstruction. 
This suggests week five is an inflection point during which hemicellulose is no longer rate limiting 
and after this point, the composition of hemicellulose decreases in relative abundance. 
     To identify the halotolerant enzymes involved in the process of lignocellulose deconstruction in 
salt marsh environments, a temporal profile of time points were selected for further processing. 
Weeks one, three, five and ten were selected for DNA, RNA and protein sequencing. This 
information was used in conjunction to identify the key organisms and enzymes which are discussed 
in further detail in Chapters 4 and 5. Selected identified enzymes are recombinantly expressed in 
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Chapter 4 Proteomic analysis of salt marsh derived lignocellulose 
associated exo-metaproteome 
 
     4.1    Introduction 
 
         A large proportion of lignocellulolytic enzymes are extracellular and often strongly bind to the 
lignocellulosic biomass (Yu et al., 2013, Alessi et al., 2017). In salt marshes, this phenomena may be 
magnified as retaining proximity to the secreting organism and biomass upon tidal inundation (and 
potential loss in the water column) would be energetically favourable. The EZ-link-sulfo-NHS-SS-
biotin labelling technique in this study developed by Alessi et al., (2017) is well suited for the 
identification of these biomass bound enzymes in a salt marsh environment, which would otherwise 
not be observable. This technique enables labelling of proteins at the biomass interface and 
facilitates the enrichment of extracellular (biomass-bound and unbound) and transmembrane 
proteins from the total protein fraction (the tag is impermeable to cell membranes) through a 
streptavidin affinity column. The resultant protein fraction represents the exo-metaproteome 
(metasecretome).  
     Recent advancements in the development of high throughput DNA sequencing technology has 
facilitated growth in its use driven by cost effective, high quality data acquisition. However, the 
datasets generated are often complex and their value is often restricted by the availability of well 
curated archive datasets. This is not an obstacle for well characterised model organisms; however, 
metagenomic and metatranscriptomic sequence datasets contain orders of magnitude greater 
complexity than single organism sequencing, for which current archive databases are inadequate for 
feasible valuable data extraction. This is a significant issue for unexplored environments such as salt 
marshes where little genetic data has been published. 
     In this study Illumina sequencing generated large metatranscriptomic databases. The complexity 
of salt marsh microbiomes, the lack of archived reference datasets and the data size and depth 
achieved with Illumina sequencing required de novo assembly of raw reads into contiguous 
sequences (contigs) (Grabherr et al., 2011). Proteomic techniques can be used in conjunction with 
assembled databases to aid in filtering redundant data as the data acquired is generated from 
putatively functional proteins, alleviating the limitations arising from loose correlations between 
transcription levels and expression levels (Vogel and Marcotte, 2012).  
     The proteomic approach used in this study involved liquid chromatography tandem mass 
spectrometry (LC-MS/MS). An isolated heterogeneous protein fraction is digested to smaller 
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peptides which are size fractionated by liquid chromatography before mass identification by mass-
spectrometry. The unique spectra for each peptide can then be cross-referenced with the 
metatranscriptomic database and significant matches can be used to discern its originating 
nucleotide sequence. An enriched database of peptide matching sequences can then be constructed 
(metasecretome), and non-matching sequences discarded. This metasecretome database provides a 
non-redundant foundation upon which lignocellulose degrading enzymes can be identified.  
     This approach facilitates the discovery of novel enzymes by reducing database redundancy by 
creating a profile of captured proteins consisting of information acquired at the protein level only; 
this can be semi-quantitatively compared in relative terms. Additionally, this centralises focus on 
proteins that would be otherwise overlooked if archive databases are inadequate. Multi-faceted 
‘omics approaches are becoming well practised in investigating enzyme associations and 
functionality in lignocellulose deconstruction (Zhu et al., 2016, Jimenez et al., 2016, Alessi et al., 
2017, Alessi et al., 2018).  
     There are a variety of tools available for the identification of putatively lignocellulose-associated 
proteins. These tools rely upon homology modelling (Hidden Markov Models) which use a 
probabilistic score approach in recognising regular expressions within consensus sequences logos, 
which are determined by the database curator. Therein lies the caveat of these tools, whereby they 
are only as powerful as the information contained within the reference (sequence logos). These 
tools can be applied to the sequences contained within a metasecretome database to identify signal 
peptides (SignalP v4.1) and regions homologous to known carbohydrate active domains (dbCAN, 
pFAM, NCBI NR_Prot) (Petersen et al., 2011, Yin et al., 2012, Finn et al., 2016). The resulting 
information can be parsed to identify the secreted lignocellulose associated proteins from 
transmembrane and contaminating proteins. 
       The depolymerisation of cellulose for industrial applications has long been known to be not only 
rate limiting but also prohibitively expensive (Cherry and Fidantsef, 2003, Klein-Marcuschamer et al., 
2012). There are a number of approaches to increase the economic viability of enzyme cocktails and 
currently the most popular approach is the top down approach. This approach improves current 
cocktails by supplementation (post production or by engineering Trichoderma reesei strains) of 
missing synergistic activities (such as AA9 family enzymes, ß-glucosidase and xylanase to Cellic® 
CTec1 (Novozymes) to formulate CTec3) (Sun et al., 2015a, Druzhinina and Kubicek, 2017, Takashima 
et al., 1999). The inability to modify the starting cocktail (beyond culture conditions) represents the 
major disadvantage of a top down approach, which in the case of T. reesei is surprisingly not optimal 
(Billard et al., 2012).  
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     The alternative bottom up approach is being increasingly reported where synthetic cocktails are 
constructed and optimised on an individual enzyme and substrate basis, facilitating total 
customisation (Karnaouri et al., 2016, Billard et al., 2012). These cocktails require well characterised, 
highly active enzymes that are tolerant of inhibitors to be competitive. A bottom up approach also 
provides an opportunity to exchange the media from freshwater to seawater, the world’s most 
abundant and inexpensive resource, as the solvent of choice in biorefining processes. Seawater is a 
complex chemical substance containing approximately 3.5% salt (84% sodium chloride, 14% 
potassium chloride, and over 82 trace salts), and complicated further by the presence of diverse 
chemical species (Elderfield et al., 2006, Turner et al., 1981, Byrne et al., 1988). Current cocktails are 
impaired in this medium (Grande and de Maria, 2012). Therefore, novel halotolerant enzymes must 
be identified, and synthetic cocktails constructed to apply untreated seawater as a solvent in 
biorefining.  
     The techniques described above were used in conjunction to simultaneously examine the ecology 
of the lignocellulose associated exo-metasecretome and identify putative halotolerant 
lignocellulolytic enzymes with biotechnological potential. These techniques were applied during an 
in situ degradation experiment of Spartina anglica biomass in Welwick salt marsh and ‘omics 
approaches were undertaken during weeks one, three, five and ten of a 16-week time course 
(described in Chapter 3). Data redundancy was managed and CAZy enzymes were identified using a 
novel pipeline. Protein profiles were assimilated from the generated databases and analysed at the 
ecosystem, enzyme family and protein levels. The most likely taxonomic origin of these identified 
proteins was compiled to further investigate the functional ecology of the system.  
     
     4.2    Methods 
 
          4.2.1     Transcriptomic analysis 
 
               4.2.1.1     DNA depletion 
      
     The extracted nucleic acid mixture containing genomic DNA and total RNA obtained in Chapter 3 
was utilised in this section for the depletion of DNA and subsequent enrichment and isolation of 
mRNA. Biological replicates (cages A-E) were pooled in equal ratios for each time point (week one, 
three, five and ten) and DNA contamination was removed using a DNAse Max kit (MoBio UC-15200-
50) according to the manufacturer’s protocol. 
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               4.2.1.2     mRNA enrichment 
 
     These experiments were conducted in triplicate for each time point (week one, three, five and 
ten), from the pooled DNA depleted samples in section 4.2.1.1. The samples were cleaned using 
Clean & Concentrator™ columns (ZymoResearch R1015) according to the retention of >17nt 
protocol. The quality of the resulting total RNA was assessed with a Bioanalyser 2100 (Agilent) and 
samples with an RNA Integrity Number (RIN) of greater than 7.5 were taken further. Messenger RNA 
(mRNA) was enriched by depleting ribosomal RNA (rRNA) using Ribo-Zero™ Magnetic Epidemiology 
rRNA removal kit (RZE1224/MRZ11124C; Illumina) according to the manufacturer’s protocol. The 
enriched mRNA was cleaned using Clean and Concentrator™ columns as above according to the 
retention of >200nt protocol. Technical replicates were assessed using the Bioanalyser and pooled if 
suitable quality was obtained. 
 
               4.2.1.3     RNA sequencing 
 
    A 25µL volume (at a minimum concentration of 2 ng µl-1) of rRNA-depleted RNA (section 4.2.1.2) 
was provided to the Next Generation Sequencing Facility (NGS) at the University of Leeds. RNA-seq 
libraries were prepared using a NEBnext RNA Ultra Library preparation kit with NEBnext single 6bp 
indexing primers (New England BioLabs) according to the manufacturer’s protocol. Quality checking 
was conducted using an Agilent Bioanalyser (HS DNA chip) and quantified using the Qubit high 
sensitivity DNA kit (Thermo) and pooled in equimolar ratios. The pooled RNA-seq library was spiked 
with 1% PhiX and sequenced on a single lane of an Illumina HiSeq 3000 2 x 150 base pair chip at the 
University of Leeds NGS.  
 
               4.2.1.4     Transcriptome assembly (de novo) 
 
     The transcriptome assembly in this study was performed by Dr Yi Li (Centre for Novel Agricultural 
Products, University of York). The raw reads of the sequenced libraries were searched against 
Silva_115 database to identify ribosomal RNA (rRNA) genes using the Bowtie2 software package 
(Quast et al., 2013, Langmead and Salzberg, 2012). rRNA reads, orphan reads in the paired reads and 
poor-quality sequences were removed with the ngsShoRT software (Chen et al., 2014). Duplicated 
reads in each library were removed and the remaining sequences were assembled de novo with the 
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Trinity software package (Grabherr et al., 2011). Read counts and gene expression abundance 
(estimated) were obtained with the utility programs within the Trinity software package. The 
databases for week one and five were obtained with an archive version of Trinity 
(trinityrnaseq_r20140413p1), the databases for week three and ten were obtained using Trinity 
version 2.2.0. 
 
               4.2.1.5     Filtering and processing 
      
     The de novo assembled transcriptome databases (metatranscriptomes) were subject to various 
filtering techniques to reduce dataset size, remove background noise and remove redundancy. 
There is currently no consensus approach to preparing metatranscriptomic datasets. A common 
filtering technique for assembled transcriptomes originating from single organisms is filtering by 
fragments per kilobase of transcript per million mapped reads (FPKM) as a proxy of relative contig 
abundance (Hart et al., 2013). Where density against FPKM elucidates an abundance profile which 
can be normalised, to which a gaussian distribution can be fitted to; contigs that fall within the 
gaussian distribution can considered highly expressed.  
     FPKM values for every contig in each database was extracted and assimilated relative to FPKM 
value density. The zFPKM values were calculated as in equation 4.1 (Hart et al., 2013). The best fit 
gaussian distribution was calculated and fit to this data and used to determine the best zFPKM 
threshold for data filtering. It was found that the metatranscriptomic databases in this study did not 
conform to a typical binomial distribution (with a larger proportion of less abundance contigs, the 
opposite of which is true for single organism transcriptomics, likely arising from the complexity 
within these samples), causing the binomial distribution to fit to the smallest, less abundant contigs, 
which would filter out a large proportion of valuable data. 
 






    An alternate method of filtering is to filter smaller sequences (and by proxy of their small size 
filters low FPKM value contigs). A contig size of greater than or equal to 500bp was selected for 
filtering. The transcriptome databases were pooled into a single database containing 29,938,8668 
contigs and filtered as above to 1,725,357 sequences. The contigs in this filtered database were 
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separated into all open reading frames (ORFs) using Emboss GETORF 
(http://www.bioinformatics.nl/cgi-bin/emboss/getorf) that are greater than or equal to 300bp and 
contain alternative initiation codons (including methionine and leucine). Using this methodology an 
ORF database containing 2,726,694 sequences was generated. This ORF database was dereplicated 
by sequences to generate 2,400,360 unique ORFs using a custom python script. Finally, the 
databases were concatenated into a single database as merged databases yield more accurate 
results in proteomic searches (Tanca et al., 2016). 
 
          4.2.2     Proteomic analysis 
 
               4.2.2.1     Liquid chromatography tandem mass spectrometry (LS_MS/MS) 
 
     LC-MS/MS analysis was undertaken to identify proteins present with the collected fractions from 
their constituent peptides. The proteomic experiments in this section (4.2.2.1) were conducted by Dr 
Adam Dowle (Technology Facility, University of York) after (Dowle et al., 2016). 
          Tryptic digestion was performed for in-gel proteins post reduction with DTE and S-
carbamidomethylation with iodoacetamide. Gel pieces for weeks one, three, five and ten obtained in 
Chapter 3 were washed twice with 50% (v:v) aqueous acetonitrile containing 25 mM ammonium 
bicarbonate. A final wash was conducted with acetonitrile which was then dried in a vacuum 
concentrator for 20 min.  Modified porcine trypsin (Promega) was dissolved in 50 mM acetic acid 
and diluted with 25 mM ammonium bicarbonate to generate a trypsin solution of 0.02 µg/µL. 25 µL 
of trypsin solution was added to the gel pieces and incubated for 10 min before adding 25 mM 
ammonium bicarbonate (until the gel pieces were submerged).  The gel pieces were incubated for 16 
hours at 37oC. Three washes were performed with 50% (v:v) aqueous acetonitrile containing 0.1% 
TFA (v:v), dried in a vacuum concentrator and reconstituted in aqueous 0.1% trifluoroacetic acid 
(v:v). 
     The acquisition of peptide spectra was achieved using a nanoLC system interfaced with a maXis 
HD LC-MS/MS system (Bruker Daltonics) and a CaptiveSpray ionisation source (Bruker Daltonics). 
Positive ESI-MS and MS/MS spectra were acquired using AutoMSMS mode. Instrument control, data 
acquisition and processing were performed using Compass 1.7 software (microTOF control, Hystar 
and DataAnalysis, Bruker Daltonics). Instrument settings were: dry gas; 3 L/min, ion acquisition 
range; m/z 150-2,000, MS/MS spectra rate; 5 Hz at 2,500 cts to 20 Hz at 250,000 cts, quadrupole low 
mass; 300 m/z, cycle time; 1 s, ion spray voltage; 1,450 V, collision RF; 1,400 Vpp, transfer time; 120 
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ms, MS spectra rate; 5 Hz and dry gas temperature; 150°C. Isolation and collision energy width 
settings were calculated automatically using the AutoMSMS fragmentation table; absolute threshold 
200 counts, preferred charge states: 2–4, singly charged ions excluded. A single MS/MS spectrum 
was acquired for each precursor and former target ions were excluded for 0.8 min unless the 
precursor intensity increased fourfold. 
 
               4.2.2.2     Peptide to protein identification pipeline 
 
     Peptide spectra generated with LC-MS/MS were cross referenced with the nucleic acid sequences 
contained within the pooled ORF database using Mascot version 2.5.1  (Matrix Science Ltd.), through 
the ProteinScape interface version 2.1 (Perkins et al., 1999). Mascot uses a probability bases scoring 
algorithm to assess peptide significance which is used predominantly to mitigate false positive 
results; the peptides are small (5-9 amino acids in length) and as such are likely to match to proteins 
they do not originate from (Perkins et al., 1999). Mascot searching uses a database of theoretically 
redundant nucleotide sequences to search against the peptide spectra, and as these sequences are 
redundant, no peptide matches are expected. Therefore this is thought to give an accurate 
representation of the number of false positives found in the target (ORF) database which is recorded 
as the false discovery rate (FDR) (Elias et al., 2005). If a peptide spectra scores more highly in the 
decoy database search than the target database search, it is recorded as a false positive.  
     There are issues with FDR and erroneous false positives using decoy database as the accuracy is 
effected by the size of the spectra database and the size of the target database (intrinsically linked to 
the size of the decoy database) (Tanca et al., 2016). When the target database is large, the 
theoretically redundant decoy database contains significantly more information, resulting in the 
identification of more false positives. In the context of this study where the target secretome (non-
redundant fraction) is proportionally insignificant compared to the redundant fraction. This is 
particularly inconvenient for low abundant proteins and low abundant transcripts.  This is 
inconsequential for single organism target databases (e.g. 8,000 and 26,00 sequences for E. coli and 
H. sapiens respectively), but for databases exceeding ~80,000 sequences these principles begin to 
fail (Noble, 2015, Tanca et al., 2016, Shanmugam and Nesvizhskii, 2015). In the case of this study, the 
incredible size and complexity of the metatranscriptome and its originating environment magnifies 
this detrimental effect. 
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     To overcome these limitations redundant sequences were removed by leveraging non-redundant 
sequences in an initial round of sequencing against subsets of sequences with high search 
stringencies (Figure 4.0). The ORF database was fragmented into 21 blocks of ~115,000 random 
sequences. Each of these sequence blocks were searched against each of the 12 peptide spectra 
databases (252 searches in total) with Mascot. The search criteria both searches were +2/+3/+4 
peptide charge, peptide tolerance ± 10ppm, modifications; carbamidomethyl and oxidation. The 
initial round of searching was performed with a significance threshold of p=0.05.  The peptide 
matching ORFs (PMOs) from each of these outputs were extracted and concatenated into a single 
‘true hit’ secondary database. This secondary database was finally searched against the peptide 
spectra databases with a significance threshold of p=0.1 and the result of these searches used to 
construct a metasecretome database.  
     Analysis was primarily conducted using a quantitative exponentially modified protein abundance 
index (emPAI, equation 4.2) which estimates the absolute abundance of proteins from LC-MS/MS 
data (Ishihama et al., 2005). emPAI values for each protein were then normalised against the emPAI 
sum for each peptide spectra database to generate the approximate molar percentage.  
 
Equation 4.2 Exponentially modified protein abundance index (emPAI). Where 𝑁𝑜𝑏𝑠𝑒𝑟𝑣𝑒𝑑  is the 
number of experimentally observed peptides in the protein and 𝑁𝑜𝑏𝑠𝑒𝑟𝑣𝑎𝑏𝑙𝑒 is the maximum 




𝑁𝑜𝑏𝑠𝑒𝑟𝑣𝑎𝑏𝑙𝑒 − 1 
 




Figure 4.1 Protein identification pipeline. The primary database is fragmented into 21 subsets of 
115,000 sequences and searched against peptide spectra Mascot searched independently with a 
significance threshold of p=0.05, the results of these are used to construct a secondary database 
with reduced redundancy. A second search is performed with the secondary database with a 
significance threshold of p=0.1.  
 
          4.2.3     Bioinformatic techniques in the analysis of the metasecretome 
 
      Multiple databases and methods were used to identify and extract information from the 
sequences contained within the metasecretome (Figure 4.2). Carbohydrate active enzymes (CAZy) 
within the metasecretome databases were identified by searching against the dbCAN database using 
HHMER3 (Yin et al., 2012). Carbohydrate binding domain activities were also assimilated from the 
dbCAN database. Additional annotations were ascribed with the Pfam database using HMMER3, 
identifications from the dbCAN database were valued more highly than Pfam and used as the 
strongest reference (Finn et al., 2016).  
     The metasecretome database was also searched against the NCBI non-redundant protein 
database (NR_prot; 62 files downloaded in February 2017) using BLAST+ (BlastP) version 2.2.31 with 
an expect value (e value) threshold of 1e-5 (Camacho et al., 2009). The resulting best-hit (highest 
expect value) was obtained for each protein in the proteome and an NCBI Accession number 
database was compiled. The most likely taxonomic origin of these proteins were extracted from 
their respective Accession numbers using tools within the Environment for Tree Exploration (ETE) 
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version 3 toolkit (Huerta-Cepas et al., 2016). Accession numbers were used to extract taxonomic 
identifiers (TaxID). The TaxID was used to extract a full taxonomic lineage. All subsequent analysis 
was conducted using custom programs written in python versions 2.7, 3.4, 3.5 and 3.6.  
 
 
Figure 4.2 Analysis pipeline for the annotation and analysis of the PMO database. PMO; peptide 
matching open reading frame. 
   
     4.3    Results 
 
          4.3.1     Transcriptomic filtering and processing 
 
               4.3.1.1     zFPKM and size exclusion filtering 
 
     Illumina sequencing generated a total of 383,122,461 raw reads across the four time points 
(weeks one, three, five and ten). These reads were filtered for ribosomal RNA contamination (rRNA) 
and dereplicated before assembly with Trinity. The assembly generated 29,938,668 contiguous 
sequences (contigs) across the four time points (Table 4.1). 
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Table 4.1 Sequence reads throughout RNA sequence processing and assembly.  
  Week 1 Week 3 Week 5 Week 10 Total 
Raw reads 82,966,972 99,319,322 95,318,915 105,517,252 383,122,461 
Percentage reads 
rRNA 10.71% 1.58% 2.74% 2.04% - 
Paired end reads (-
rRNA, -duplicates) 68,307,441 91,948,286 85,685,871 93,709,355 339,650,953 
Paired end reads (-
post QC) 68,302,150 91,926,491 85,676,818 93,700,742 339,606,201 
Contigs (Trinity) 4,100,865 9,720,697 7,501,904 8,615,202 29,938,668 
Genes (Trinity) 3,869,004 9,132,509 7,071,997 8,153,028 28,226,538 
Median contig length 187 195 185 201 - 
Average contig length 268.28 247.46 255.67 249.49 - 
 
      
               4.3.1.2     zFPKM and size exclusion filtering 
 
     The assembled metatranscriptomes were subjected to two different filtering methodologies. 
There is no accepted method for preparing metatranscriptomic databases. Filtering with zFPKM is 
often used for single organism transcriptome filtering and was applied to the metatranscriptomic 
databases generated in this study (Figure 4.3A-C). The metatranscriptome profile exhibited an 
inverse density profile to single organism metatranscriptomics, whereby larger, more abundant (high 
FPKM) values are more densely populated within the profile. The metatranscriptomic profile in this 
study was populated largely by smaller, less abundant contigs. This is likely a result of the complex 
nature of this environment which exhibits diverse biological functions acting competitively and 
synergistically. The use of zFPKM to filter this data would have removed excessive putatively 
valuable data and was deemed unsuitable (particularly for week one and week five which exhibited 
an interesting bimodal distribution (Figure 4.3C) 
     Size exclusion filtering of sequences less than 500bp in length was undertaken to remove smaller 
contigs and by extension sequences with low FPKM values (Figure 4.3D-E). However, not all 
sequences had low FPKM values (a small but highly abundant sequence may display high FPKM 
values (Figure 4.3F). However, the number of these sequences were insignificant therefore this 
method was deemed suitable and the resultant databases contained 1,725,354 contigs; a significant 
reduction from 29,938,868 contigs. 
 




Figure 4.3 zFPKM and size exclusion filtering of metatranscriptomic databases. A) FPKM density 
distribution for unfiltered databases. B) Log2 normalised FPKM density distributions, 0 FPKM values 
were removed. C) zFPKM distributions (overlay) against log2 normalised FPKM density distributions, 
0 FPKM values were removed. D) FPKM density distribution for size excluded (<= 500bp) databases. 
E) Log2 normalised FPKM density distribution for size excluded databases. F) FPKM density 
distribution for the size excluded sequences in D and E.  
 
          4.3.2     LC-MS/MS acquired data 
 
     Protein from each time point was analysed in triplicate for a total of 12 replicates. Peptide 
sequences were identified from the proteins recovered from the in situ decomposition experiment 
by Liquid Chromatography-Tandem Mass Spectrometry (LC-MS/MS), unique spectra (number of 
peptides) acquired per replicate were consistent irrespective of sample loading (Table 4.2). These 
databases were searched against the fragmented sequence blocks from the ORF database. The 
results of this were used to construct a peptide matching ORF database containing 42,894 unique 
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Table 4.2 Protein sample origin, loading and spectra acquired from LC-MS/MS analysis.  
Database identifier Protein gel loading (µg) Week Replicate Spectra acquired 
W1 - C201 50 1 a 32,877 
W1_3 - C429 100 1 b 39,998 
W1_4 - C429 100 1 c 39,735 
W3 - C201 50 3 a 32,159 
W3_1 - C429 100 3 b 39,509 
W3_2 - C429 100 3 c 40,065 
W5 - C201 50 5 a 31,713 
W5_100µg_C429 100 5 b 39,369 
W5_25µg - C429 25 5 c 39,642 
W10 - C201 50 10 a 31,456 
W10_100µg_i - C429 100 10 b 39,793 
W10_100µg_ii - C429 100 10 c 39,291 
 
          4.3.3     Protein profile 
 
     The final Mascot search with the secondary databases identified 11,268 unique peptide matching 
ORFs (17,841 total). Of these, 410 were found to be carbohydrate-active enzyme (CAZy) containing 
within 307 ORFs (2.7%). This ranged between 0.717% and 0.986% of the total proteome by molar 
percentage (Figure 4.4). The remaining ORFs were not analysed. Glycoside hydrolases were the most 
abundant CAZy class in all proteomes, representing 86.8% of all CAZy enzymes in week one, 
decreasing to 74.6% in week five. Carbohydrate esterases increased over the time course from 8.5% 
in week one, to 14.5% in week three where they then stabilise at 17.4% and 17.1% for week five and 
ten respectively. Auxiliary activities were not abundant throughout time course ranging between 
1.6% to 5.9% (week one and five respectively). Polysaccharide lyases are only observed in weeks 
three and ten (3.1% and 2.1% respectively). S-layer homology domains commonly associated with 
membrane anchoring and cellulosome complexes are only abundant in week five and ten (2.0% and 
0.59% respectively). 
 




Figure 4.4 Protein and CAZy distribution. A) Protein distribution by molar percentage for the whole 
proteome including CAZy and Non-CAZy proteins by time point. B) Distribution of CAZy classes by 
molar percentages by time point. GH: Glycoside hydrolase, CE: Carbohydrate esterase, AA: Auxiliary 
activity, PL: Polysaccharide lyase. SLH: S-layer homology.     
 
               4.3.3.1     Carbohydrate active enzyme profile 
 
     Of the 410 CAZy domains across 307 ORFs, 78 domains within 76 ORFs were below the expected 
value (e-value) threshold of 1e-10. Where a domain contained both a domain of high confidence (less 
than 1e-10) and low confidence (greater than 1e-10), the low confidence domain was supplanted back 
onto its originating ORF. There were 21 supplanted domains, resulting in 55 ORFs being filtered in 
total (252 remain). The database contained 49 glycosyl transferases (GTs) which were filtered, 203 
ORFs remain which were used for all subsequent analysis. Hierarchal Euclidean clustering of the 
enzyme classes revealed three clusters of temporally highly abundant classes which contain a 
diverse suite of activities, but are predominantly cellulose targeting (Figure 4.5).  
 




Figure 4.5 Hierarchal clustering of the temporal enzyme class profile (Euclidean). Standard scale 
normalisation of the sum of the mean molar percentage for each CAZy class was applied. GH: 
Glycoside hydrolase, CE: Carbohydrate esterase, AA: Auxiliary activity, PL: Polysaccharide lyase. SLH: 
S-layer homology.     
 
     Throughout the experiment, the number of CAZy classes identified remained consistent with 24 
families at every time point excluding week three which contained 30. The most abundant enzyme 
class were glycoside hydrolases with 37 families identified (Figure 4.5). The most abundant of which 
were GH6 homologs which contain ß-1,4-endoglucanases and cellobiohydrolases (Figure 4.6). This 
group also contained a_c570829_g1_i1_1, which was the most abundant ORF in both week one and 
ten whilst being absent from the intermediate weeks, with a mean molar percentage of 0.315% and 
0.165% respectively (Figure 4.7). This group was also bolstered by the 7th most abundant ORF overall 
a_c489891_g1_i1_1. The second and third most abundant classes were GH5 and GH3 respectively, 
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both of which are diverse classes with a plethora of potential activities. The fourth most abundant 
group was the carbohydrate esterase 1 (CE1) family which represent acetyl xylan esterases and 
lignin-associated esterases which contained three highly abundant ORFs a_c412941_g1_i1_1, 
b_TRINITY_DN851751_c0_g1_i1_1 and c_c997747_g1_i1_1. 
 
 
Figure 4.6 Temporal profile of the 15 most abundant enzyme classes. Mean molar percentage is 
displayed in descending order from left to right. Error bars are displayed as standard deviation. GH: 
Glycoside hydrolase, CE: Carbohydrate esterase. 
 




Figure 4.7 Temporal profile of the 20 most abundant ORFs. All contained CAZy domains are 
displayed, descending order by mean molar percentage from left to right. GH: Glycoside hydrolase, 
CE: Carbohydrate esterase, AA: Auxiliary activity, CBM: Carbohydrate binding domain. 
                           
                    4.3.3.1.1     Carbohydrate esterases 
 
     Six carbohydrate esterase (CE) families passed filtering with CE1 being the most abundant in every 
time point (Figure 4.8). Proteins homologous to CE10 were present in every week with the exception 
of week three. Interestingly both CE1 and CE10 are putatively involved in lignin degradation. The less 
abundant families with more sporadic temporal profiles (CE11, CE4, CE6, CE9) are all ostensibly 
involved in deacetylation of various substrates (acetyl xylan, N-acetylglucosamine and 
peptidoglycan). 




Figure 4.8 The temporal profile of the observed carbohydrate esterase (CE) families. Displayed by 
the sum of mean molar percentage in descending order from left to right. 
 
                    4.3.3.1.2     Auxiliary activities 
 
     The most abundant auxiliary family present throughout the temporal profile was AA2, a family of 
peroxidases involved in lignin modification (Figure 4.9). Other families in this class were observed 




Figure 4.9 Temporal profile of the observed auxiliary families (AA). Displayed by the sum of mean 
molar percentage in descending order from left to right.  
 
                    4.3.3.1.3     Polysaccharide lyases 
 
     Polysaccharide lyases (PL) were present throughout the experiment but no dominant families 
were observed (Figure 4.10). PL1 and PL4 appear to be involved in pectin deconstruction; however, 
the relative abundance of these families and their profile does not correspond to the proportion of 
rhamnose and galacturonic acid within the composition analysis. This suggests PL are not favoured 
and the required activities are likely to be found within the glycoside hydrolase profile.  




Figure 4.10 Temporal profile of the observed polysaccharide lyase (PL) families. Displayed by the 
sum of mean molar percentage in descending order from left to right. 
 
                    4.3.3.1.4     Cellulosome associated domains 
 
     While cohesin and dockerin domains were identified, none passed filtering thresholds, suggesting 
these sequences could be highly divergent from known homologs. S-layer homology (SLH) domains 
are involved in anchoring protein complexes on cell membranes to form cellulosomes indicative of 
anaerobism. SLH domains were present in the later time points only becoming abundant during 
week five through to ten where the experiment was visibly anaerobic (Figure 4.11). 
 
 
 Figure 4.11 Temporal profile of the observed cellulosome associated domains. Displayed by the sum 
of mean molar percentage in descending order from left to right. SLH: S-layer homology. 
 
               4.3.3.2   Carbohydrate binding domain profile 
 
      Carbohydrate binding domains (CBMs) were less diverse than the enzymatically active CAZy 
profile with 22 families observed. Two notable clusters (Euclidean) with abundant classes are 
apparent in this dataset (Figure 4.12). A cluster displaying a similar temporal profile containing CBM2 
and CBM44; both of which are predominantly associated with cellulose and hemicellulose binding 
and are dominant in weeks one and ten. A larger, secondary cluster is apparant containing CBM10, 
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CBM5, CBM60 which are present in week one but begin to dominate in week three through to ten, 
these classes are associated with cellulose, hemicellulose and chitin.  
 
 
Figure 4.12 Hierarchal clustering of the temporal carbohydrate binding domain profile. Euclidean 
clustering applied. Standard scale normalisation of the sum of the mean molar percentage for each 
CBM family has been applied. 
 
                    4.3.3.2.1     Catalytic associations to carbohydrate binding domains 
 
     CBM2 was the most abundant family followed by CBM4 and CBM44, the binding associations 
suggest proteins accompanying these were targeting exposed cellulose and hemicellulose polymers 
during the initial phases of the experiment for optimal energetic return (Figures 4.12-14). The onset 
of a more diverse suite of CBMs in the secondary cluster suggest exhaustion of the favoured exposed 
polymers and the requirement for a more dynamic set of affinities.  
     Catalytic associations to CBMs reveal potential activities when analysed in conjunction, which is 
useful in selecting expression targets. This information is also useful in supplementing knowledge 
gaps, such as CBM57, which currently has no known function, appearing to be associated to GH10, 
GH11 and CE11 families, which would convey a link to hemicellulose binding. CBM families 32, 35, 
51, 61 and 67 were present in the time course, although no associations to catalytic domains were 
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found. This may be due to a freestanding cellulosome complexation or having associations with 




Figure 4.13 Association of observed carbohydrate binding domains (CBM) to catalytic domains.GH: 
Glycoside hydrolase, CE: Carbohydrate esterase, AA: Auxiliary activity, PL: Polysaccharide lyase. SLH: 
S-layer homology. 
 




Figure 4.14 Temporal profile of the 15 most abundant CBM families.  Displayed by the mean molar 
percentage in descending order from left to right. CBM; carbohydrate binding domain. 
 
          4.3.4     Phylogenetic and functional classification of the metasecretome 
 
      A holistic view of the metasecretome places prokaryotes (although only a minor contribution by 
archaea was observed) as the dominant protein secreting organisms in this salt marsh which were 
consistently responsible for 66.5-79.45% of the metasecretome and enriched over time (Figure 
4.15). Archaea were expectedly inactive presenting only 0.04-0.2% of the total metasecretome. 
Negligible contributions were also made by Viruses. Eukaryotes were also responsible for 7.7-18.7%, 
decreasing temporally suggesting they may not have been active in carbon deconstruction. Of these 
eukaryotic proteins only 0.28-1.46% could be attributed to fungi, none of which were identified as 
lignocellulose associated, which was unexpected given the role ascribed to fungi as detrital 
degraders in most ecosystems. Almost all carbohydrate active proteins identified in this study were 
homologous to bacterial proteins, with exceptions of Annelida (known to salt marshes) and 
Chlorophyta (zooplankton).  
 




Figure 4.15 Metasecretome distribution at the superkingdom level. A) Distribution of the CAZy 
fraction only. B) Distribution of the entire metasecretome.   
     
    At phylum level resolution, the most likely taxonomic homology (BLAST best-hit) suggests 
Proteobacteria and Bacteroidetes were the dominant CAZy producing bacteria followed by 
Verrucomicrobiae (Figure 4.16).  Proteobacteria exhibited a decline in enzyme production in week 5, 
suggesting the representatives in this phylum responsible for carbon cycling are not as tolerant as 
the Bacteroidetes to anoxic stress during this visibly anaerobic time point. 
     At lower taxonomic resolutions, the classes responsible for the majority of CAZy production are 
Gammaproteobacteria and Deltaproteobacteria (belonging to Proteobacteria) and Bacteroidia, 
Cytophagia and Flavobacteriia (belonging to Bacteroidetes) (Figure 4.17). Analysis of within phyla 
CAZy profiles elucidated intrinsically distinct profiles with greater degrees of concurrence than 
distinction, with the distinct fraction constituted by less abundant CAZy classes. (Figure 4.18). All of 
the top five most abundant CAZy families and CBMs were present concurrently among 
Proteobacteria and Bacteroidetes, with the exception of CBM44 (produced exclusively by the 
former).  
 
      
 




Figure 4.16 Most likely taxonomic origin of carbohydrate active enzymes at phylum level. No 




Figure 4.17 Most likely taxonomic origin at class level resolution of carbohydrate active enzymes 
(CAZy). Classes responsible for less than 1% of the total CAZy have been excluded.  
 




Figure 4.18 Phylogenetic distribution of CAZy ORFs at phylum resolution for all time points. Absolute 
quantification is 1 x 103 (1000 is equivalent to one ORF). Only phyla producing greater than 1% of the 
total CAZy are displayed. Only CAZy greater than 1% total CAZy are shown, filtered CAZy are grouped 
into ‘CAZy’. Chord diagram created using the Circos software package (Krzywinski et al., 2009).  
 
 
Figure 4.19 Phylogenetic distribution of CAZy ORFs at class level resolution. Respective phyla are 
indicated in the left column.  Descending abundance by total temporal sum is displayed.  
 




Figure 4.20 Phylogenetic distribution of CAZy ORFs at class-order level resolution. Descending 
abundance by total temporal sum is displayed. Orders responsible for producing less than 1% (total 
temporal sum) are filtered. 
 
 
Figure 4.21 Phylogenetic distribution of CAZy ORFs at class-family level resolution. Respective classes 
are indicated in the left column.  Descending abundance by total temporal sum is displayed. Families 
responsible for producing less than 1% (total temporal sum) are filtered. 
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     Temporal analysis of taxonomically categorised CAZy and CBM profiles further demonstrates the 
existence of a core suite of enzymes and the dominance of Proteobacteria and Bacteroidetes (Figure 
4.18). These profiles exhibit an abundance of noise in the form of scarce families present in few time 
points, likely due to poor depth in the proteomic databases. Gammaproteobacteria and 
Bacteroidetes had similar CAZy profiles with succinct differences in the less abundant fraction (Figure 
4.18). 
     Due to the imperfect method of attributing a most likely taxonomic origin, greater taxonomic 
depth confers greater inaccuracy. In this study the lowest taxonomic resolution (for the most likely 
origin) is the class level which reveals an interesting temporal progression. Whilst 
Gammaproteobacteria remain dominant throughout the entire time series, Bacteroidia, Cytophagia 
and Flavobacteriia encroach significantly into this position progressively throughout the later time 
points (Figure 4.19-24). At family level resolution, the dominant CAZy producing taxa include (in 
descending order of abundance); Vibrionaceae, Flavobacteriaceae, Cellvibrionaceae, Cytophagaceae, 
Saccharospirillaceae, Prolixibacteraceae, Sphingobacteriaceae, Marinilabilaceae and Bacteroidaceae 
(Figure 4.21).   
    Gammaproteobacteria and Bacteroidetes displayed similar levels of CAZy diversity throughout the 
time series increasing over time while other taxa remained largely static. At the class level the 
diversity within Bacteroidetes were split between Bacteroidiia, Flavobacteria and Cytophagia. 
Interestingly Bacteroidiia displayed high levels of diversity in week one but gradually became less 
diverse. The inverse was true for Cytophagia whose diversity increased consistently. Flavobacteria 
were largely static.  Whilst there were some temporal shifts in dominance between the 
Bacteroidetes classes, there attributed CAZy molar percentage remained largely unchanged.  
     Gammaproteobacteria exhibited the highest diversity throughout the entire time course, this also 
translated to productivity with Gammaproteobacteria producing more CAZy than any other taxa in 
all time points. As this level of diversity or abundance was not observed for any other taxa this 
suggests an important role of carbon cycling within salt marshes (Figure 4.22).   
 




Figure 4.22 Taxonomic CAZy diversity of the metasecretome. A) Violinplot of the diversity of CAZy 
families within Phyla. B) Violinplot of the diversity of CAZy families within classes. C) Class level origin 
of the CAZy fraction. Violin widths are proportional to the relative density of independent variables 








Figure 4.23 Phylogenetic distribution of CAZy classes at class resolution. a) week one. b) week three. 
c) week five. d) week ten. Absolute values of segments are the sum molar percentage 1e3 (1000 = 
1%). Ribbon size is relative to the contribution to or of the taxa/CAZy. Segment size is 
intraspecifically relative only to taxa or only to CAZy and not interspecifically comparable. Only phyla 
producing greater than 1% of the total CAZy are displayed, filtered taxa are grouped into ‘Taxa (n)’. 
Only CAZy greater than 0.85% total CAZy are shown, filtered CAZy are grouped into ‘CAZy (n)’.  Chord 
diagrams were generated using the Circos software package (Krzywinski et al., 2009). 
 
 








     4.4    Discussion 
 
     The data presented in this Chapter represents the first in depth investigation into natural carbon 
cycling within a salt marsh environment. The time points chosen during the time series (Chapter 3; 
weeks one, three, five and ten) provided a temporally interspersed overview of biotic lignocellulose 
deconstruction. The process of lignocellulose deconstruction in native conditions was examined at 
the extracellular protein level by assigning putative function to proteins and probing the phylogeny 
to elucidate function.  
          The relatively low proportion of the proteome represented by CAZy members reflects the 
complex nature of salt marsh environments and the diverse communities within. With the non-CAZy 
proteome representing around 99% (Figure 4.4) of the proteome this suggests many major 
processes are occurring. The nature of the labelling technique utilised in this study may also 
underrepresent the CAZy fraction by detecting degraded, partial or inactive proteins which are the 
result of natural lysis and environmental conditions. Additionally, many halotolerant proteins are 
tolerant to denaturing agents, and the desorption method in this study may have been too gentle to 
desorb bound proteins from the biomass (Sinha and Khare, 2014).  It has also been shown by Alessi 
et al,. (2017) that the soluble and insoluble fractions are significantly different, the soluble (water 
column suspended) fraction was not assessed in this study, and as only 29% of ORFs contained CBMs 
it is possible many proteins are suspended, despite this being energetically incongruous. 
     It is also true that CAZy homology in this unexplored environment has yet to be established. To 
date ‘omics databases for salt marsh environments are lacking.  If these novel sequences have yet to 
have homologs identified, then the homology-based approach in this study would have overlooked 
these sequences by omitting them from the analyses. These factors may have attributed to the low 
representation of CAZy, although no other in situ studies have been conducted, in vitro enrichment 
studies (not directly comparable) have observed higher total CAZy representations (5-15%) (Ma et 
al., 2016, Jimenez et al., 2015b) . 
 
          4.4.1    Functional assignment of the metasecretome 
 
     The greatest shift in CAZy profile occurs between week one and three. The relative proportions of 
CAZy classes stabilises from week three to ten after an initial reduction in glycoside hydrolase 
families (GH), substituted by an increase in carbohydrate esterases (CE) and auxiliary activities (AA). 




This observation is concordant with the community succession analysis in Chapter 5. Whilst the 
dominance of GH families is a common feature of CAZy profiles (Zhu et al., 2016, Wong et al., 2017).   
     It is apparent that cellulose is the target substrate within the most abundant GH families (GH3, 
GH5 and GH6). GH6 and GH3 predominantly contain endoglucanases, cellobiohydrolases and ß-
glucosidases. The GH5 family is diverse and members of this family may be active on the majority of 
lignocellulose polysaccharides. The identified GH5 members in this study were predominantly 
associated with cellulose targeting carbohydrate binding modules (CBM10, CBM4, CBM2), but also 
chitin (CBM5, CBM3, CBM2) and hemicellulose (CBM35, CBM3, CBM2). These three dominant 
families contain all required catalytic activities to completely hydrolyse cellulose. The focus on 
cellulose deconstruction likely arises from the favourable energetics of glucose metabolism 
compared to xylose (lignocelluloses second most abundant monomeric constituent) where net ATP 
yield is significantly greater for glucose (Liu et al., 2012, Temudo et al., 2009).  
         Hemicellulose targeting families were also highly abundant, such as GH10, GH11 and GH16 all 
of which putatively require xylan or associated xylans as a substrate. These are the most abundant 
hemicellulose polysaccharides in grasses, the depolymerisation of which is required to access the 
cellulose. The abundance of these groups in later time points relative to week one is likely due to 
preferential binding to an artificially greater number of exposed cellulose microfibers from 
mechanical fractionation of the biomass. Interestingly the number of CAZy families across all time 
points remained similar, suggesting the ‘noisy’ families were likely transient or below detectable 
limits. 
     The low abundance of auxiliary activity (AA) families (with the exception of AA2 in week five) 
established largely as oxidative enzymes targeting lignin and cellulose coincides with the oxygen 
deficiency within the environment from which they were sampled; inhibiting their function and 
ultimately their production. There is increasing evidence that anaerobic communities operate devoid 
of auxiliary redox activities with many studies reporting their complete absence (Svartstrom et al., 
2017, Al-Masaudi et al., 2017, Wong et al., 2017). Two of these anaerobic studies also reported high 
relative abundances of carbohydrate esterase family 1 (CE1) genes but not of the order observed in 
this study (highlighting weaknesses in metagenomic approaches) (Wong et al., 2017, Al-Masaudi et 
al., 2017).  
     Interestingly the fourth most abundant enzyme family in this study was CE1, which contains 
esterases with the capability to catalyse the removal of O- or N-acetyl decorations from 
polysaccharides (Nakamura et al., 2017). The CE1 family was most strongly associated with a 
diversity of CBMs and the strongest association was with chitin binding CBM5 (weak cellulose 




binding in this family has been observed (Hogg et al., 2003)). Currently no chitin degrading CE1 
family enzymes have been described and remain targets of interest for expression and 
characterisation studies. Chitin is a polymer of N-acetylglucosamine and is highly abundant in marine 
environments, therefore it is fitting that the enzymes identified in the present study act upon this 
substrate. 
     Other associations of the CE1 family included CBM families 4, 6, 10, 13 and 60 which are all 
associated with cellulose and hemicelluloses. Activities within the CE1 family can deacetylate xylan 
decorations and non-oxidatively disrupt the lignin-carbohydrate complexes (LCC) at the interface 
between lignin and cell wall polysaccharides via hydrolysis. LCC linkages are thought to consist 
mainly of aryl ester (furulic linkages from furulic acid to arabinose in grasses) and aryl ether bonds; 
hydrolysis of which would depolymerise the lignin, exposing the surface of the remaining 
hemicellulose/cellulose construct (Buanafina, 2009). The disengaged lignin would resuspend and 
redistribute within the upper sediments of the salt marsh where it would be subject to modification 
by function of oxidative attack by AA families (e.g. AA2), allowing the microbial community access to 
high value polysaccharides without the expenditure of fully deconstructing the recalcitrant lignin 
fraction. 
     It is also possible that oxygen-independent mechanisms of lignin disruption exist that have yet to 
be characterised. To address this knowledge gap, the data generated here can be analysed with 
respect to highly abundant proteins of unknown function. In the present study this direction was not 
explored but remains an interesting avenue for future research. 
      It has been reported that with increasing sediment depth carbohydrate content decreases whilst 
aromatic compounds increase, which can be explained by the gradual burial of freshly fallen material 
into oxygen depleted sediments where oxidative attack is inhibited by decreasing redox potential 
with depth (Zhang et al., 2014, Zhang et al., 2016b, Santin et al., 2008, Burdige, 2007). This suggests 
the fragmented lignin is not fully catabolised in this ecosystem and continues to persist in the 
sediment contributing to carbon sequestration. It is therefore possible the oxidative activities of AA 
families have been substituted for enzymes homologous to the CE1 family to fragment rather than 
deconstruct lignin.  
     Additionally, lignin is predominantly composed of ß-O-4 aryl ether linkages, which can be cleaved 
by ß-etherases (Marinovic et al., 2018). The dbCAN database does not incorporate ß-etherase 
models. Currently only three ß-etherases of prokaryotic origin have been described (Picart et al., 
2014, Masai et al., 1989, Masai et al., 1991). Sequence logos can be constructed and used as a 




template for Hidden Markov Model searching against the databases in this study and remains an 
avenue for future research. 
     The novelty is these databases arise from the potential for halotolerance conferring enzymes 
originating from the salt marsh environment. Beyond this there is scope to probe for novel activities 
by cross referencing domains of high and low confidence. As above for CE1, is it also associated with 
CBM57 which has no known binding function, exploring these identified sequences could yield 
interesting results. CBM57 is most strongly associated with GH11s (endo-ß-1,4 and endo-ß-1,3-
xylanases) and as such xylan (hemicellulose) binding (Figure 4.11). There were numerous ORFs (9.9% 
of all ORFs) containing single CBM domains (CBM families 9, 32, 56, 61, 67), if the catalytic domain in 
these sequences haves escaped annotation in these databases they may be truly novel (both in 
terms of sequence and function).  
 
          4.4.2     Functional phylogeny of the lignocellulose associated salt marsh microbiome 
 
          The phylogenetic distributions of CAZy classes across all time points suggest Proteobacteria are 
both first responders to lignocellulosic biomass in salt marshes and remain temporally dominant 
extracellular CAZy producers. Organisms belonging to Bacteroidetes were the second most dominant 
CAZy producing taxa.  These observations are concordant with salt marsh microbial profiles 
described previously and the profiles observed in this study; however, no other similar functional 
phylogenetic study has been undertaken (Bowen et al., 2012, Lasher et al., 2009, Engel et al., 2017). 
These phyla produced a tremendous diversity of CAZy that was not observed in any other taxa in this 
study. Other proteomic studies have observed a dominance of Proteobacteria and Bacteroidetes 
(Schneider et al., 2012, Alessi et al., 2017, Jimenez et al., 2015b). Metagenomic studies (whilst not 
directly comparable to proteomic studies) have also implicated Proteobacteria and Bacteroidetes in 
lignocellulose deconstruction (Zhou et al., 2017, Jimenez et al., 2015a). Enrichment studies of salt 
marsh sediment on lignocellulose have revealed Gammaproteobacteria and Bacteroidetes to be 
dominant, which is synonymous with the in situ observations in this study (Cortes-Tolalpa et al., 
2018). 
     The capability of representatives of Proteobacteria to degrade plant cell wall polysaccharides in 
the marine environment is known, however their contribution to carbon cycling has never been 
established or studied (Weiner et al., 2008). Despite Proteobacteria being copiotrophic, which 
explains their high relative abundance in detritus rich salt marsh sediments, the major contribution 




of Proteobacteria to lignocellulose degradation in this study is unexpected (Zhang et al., 2016a). 
Gammaproteobacteria in this study were the most abundant CAZy producing class. Interestingly 
enrichment studies on lignin in seawater resulted in a microbiome dominated by 
Gammaproteobacteria and absence of fungi (Woo and Hazen, 2018).  
          Bacteroidetes have been implicated as key in the marine carbon cycle with putative adhesive 
capabilities (which likely aided their establishment within the biomass) and contain the largest 
relative genomic arsenal of polymer targeting enzymes of all bacterial phyla (Bauer et al., 2006, 
Huang et al., 2017). Despite this their precise molecular mechanisms of action have not been 
captured until now. Sedimentary dwelling bacteria (particularly Bacteroidetes) originating from salt 
marsh environments are poorly characterised in terms of their ecosystem function, despite being 
implicated repeatedly in carbon cycling. 
          The fate of lignocellulose within salt marshes with stable isotope probing has shown that most 
decomposing carbon is utilised by bacteria (predominantly Gammaproteobacteria and 
Bacteroidetes, however this provides no insight as to their role in degradation (Darjany et al., 2014). 
The data in this study provides evidence that not only are bacteria the major benefactors of 
lignocellulosic breakdown products, but also orchestrate its deconstruction. Terrestrially fungi are 
thought to drive lignocellulose deconstruction, and proteomic evidence suggests they are the 
dominant producers of lignocellulolytic enzymes (de Boer et al., 2005, Schneider et al., 2012). The 
results obtained by Darjany et al,. (2014) in a Californian salt marsh and this study (UK salt marsh) 
emphasise the importance of Gammaproteobacteria and Bacteroidetes to carbon cycling in 
independent salt marshes. Priming studies (the effect of temporary lignocellulose enrichment on the 
degradation of previously sequestered carbon) have also implicated Gammaproteobacteria and 
Bacteroidetes in primed marine sediments (Gontikaki et al., 2015). 
      Salt marshes contain legacy microbiomes of terrestrial and marine origin and whilst marine 
environments are thought to be unfavourable for fungi, salt marshes are sheltered and less extreme 
than open oceans (Woo and Hazen, 2018). This challenges current theory that cross-kingdom 
interactions modulate carbon cycling processes with bacteria either facilitating fungi or interacting 
commensally in litter microbiomes (Purahong et al., 2016, Urbanova et al., 2015). The lack of fungi-
originating CAZy in this data would suggest the inverse is true and fungi are commensal in salt marsh 
environments (if they benefit from soluble degradation products), however, the extent of their 
interactions has yet to be fully elucidated.  
     Fungi from mangrove ecosystems have been shown to be capable of thriving in saline 
environments and produce lignocellulolytic enzymes (Arfi et al., 2013). In this study fungi are only 




responsible for 0.28% (week five) to 1.46% (week one) molar percentage of the metasecretome, 
none of which are identified as CAZy. An enrichment of salt marsh sediment also reported an 
absence of fungi, which the author attributed to nitrogen depletion (Cortes-Tolalpa et al., 2018). 
     The majority of studies have focussed on representatives of the kingdom fungi, as sources of 
lignocellulolytic enzymes for biotechnological applications, likely encouraged by the fact industrially 
derived cocktails are developed from Trichoderma reesei (filtered culture supernatant) which is 
capable of producing up to 100g/L cellulases (Cherry and Fidantsef, 2003, Brijwani et al., 2010). In 
this study fungal-derived lignocellulose degrading proteins were absent. Whilst eukaryotic derived 
proteins were identified (Annelida; AA2 and Chlorophyta; AA3), the majority of the carbohydrate 
active (CAZy) fraction of the metasecretome was of prokaryotic origin (100% in week one to 95% in 
week three). More recent studies are engaging the role of prokaryotes which also exhibit a diverse 
suite of lignocellulolytic enzymes, with genomes consisting of up to 8% CAZy for representatives of 
the Bacteroidetes phylum (Huang et al., 2017, Cragg et al., 2015). However fungal strains have been 
optimised to produce lignocellulose degrading enzymes and the use of prokaryotic equivalents (such 
as Saccharophagus degradans 2-40(T)) requires intensive optimisation to be competitive (Jung et al., 
2014). 
     Globally, salt marshes are in a state of decline. Historically salt marshes were lost through 
anthropogenic action (reclamation of land). Currently the loss of salt marshes in the UK have been 
mainly attributed to coastal squeeze although other mechanisms have been hypothesised (Hughes 
and Paramor, 2004). Coastal squeeze is when the rate of sea level rise exceeds the accretion rates in 
the salt marsh (by deposition of organic matter or sediment). This ‘squeezes’ the salt marsh against 
the coast, where it is eventually lost to the sea.  
     These ecosystems perform valuable services including nursery habitats, pollution and carbon 
sequestration, erosion barriers and coastal flood defences (Barbier et al., 2011). There is now a large 
intangible value ($24.8 trillion (2011)) placed on the global services provided by salt marshes (de 
Groot et al., 2012, Costanza et al., 2014). Therefore, the knowledge that Gammaproteobacteria and 
Bacteroidetes have a significant role in carbon cycling in situ may indicate a potential role as 
indicator taxa in assessing salt marsh susceptibility to coastal squeeze. Additionally, this data shows 
that salt marshes also contain a plethora of biotechnologically valuable organisms and enzymes that 
have yet to be exploited or valued. This further bolsters the defensive case for salt marsh protection. 
      
 





4.4.3     The identification of novel enzymes from the salt marsh metasecretome 
 
     To exploit the enzymes identified in this study, CAZy families were selected based upon their 
abundance at the ecosystem level to replicate the natural cocktail observed in this study. The most 
abundant groups in the ecosystem level profile were cellulose targeting, and these groups were 
selected (GH3, GH5 and GH6). The ecosystem level CBM profile was also considered when assessing 
individual ORFs. Additional auxiliary groups were also targeted including CE1, AA2, GH10, GH11, 
GH16 and other groups discerned only from the transcriptome not mentioned here (see Chapter 6). 
Only ORFs containing signal peptides were chosen as targets for further study (however this relies on 
sequence homology and sequence accuracy).  
     Given the complex architectures of some ORFs (where multiple CBM and multiple catalytic 
domains may be present), ORFs with and without CBMs for each family were selected. These subsets 
of sequences were further disintegrated by creating groups of high (>75%) and low (<50%) 
confidence based on sequence identity. This created a group of enzymes with a high likelihood of 
having a known function, and a divergent group of enzymes with potentially novel functions. It was 
expected all enzymes would have some degree of halotolerance to support their novelty. The result 



















Chapter 5 Decomposition associated microbial community profile 
 
     5.1     Introduction 
 
     Salt marshes exist as transitionary ecosystems between terrestrial and marine environments and 
putatively contain legacy microbiomes of each and an additional salt marsh adapted microbiome. 
The complex nature of the environment confers fluctuations in abiotic and biotic factors (pH, 
temperature, salinity, inundation frequency and longevity, pCO2, dissolved oxygen) at various 
heterogeneous spatiotemporal scales (Baumann et al., 2015). Therefore, this ecosystem 
convergence and perpetual inconsistency of deterministic factors is thought to confer great levels of 
microbial diversity. 
     Despite being regarded as highly diverse ecosystems, salt marshes are largely unexplored with 
few studies reporting in depth characterisations of the microbial communities. Salt marsh 
microbiomes contain bacterial, archaeal and fungal constituents (Bowen et al., 2012, Weber et al., 
2011, Seyler et al., 2014). Evidence suggests bacteria are dominant in this ecosystem; abundant at 
levels that are orders of magnitude greater than archaea, with fungi orders of magnitude less 
abundant than archaea (Lee et al., 2017, Chaudhary et al., 2018). Microbiome knowledge is 
important in facilitating potential assignment of function to taxonomic groups; for the few 
taxonomic groups with known and accepted functions. The relative size of these taxonomic groups 
allows extrapolation of the relative contribution of these functions to ecosystem processes, which 
may be compared with experimental data. Consequently, this may provide information about 
ecosystem functioning and status derived from a biological phylogenetic catalogue.  
     Cultivation techniques have historically been used to identify microbial constituents; however, 
the cultivable fraction of microorganisms is thought to represent only 1%, with many microbes 
putatively obligate symbionts (which likely form a complex network of dependence), isolation and 
cultivation of which is technically challenging (Buchan et al., 2003). Furthermore, these techniques 
are dependent upon isolation media, growth conditions and sampling techniques. These studies are 
empirical as it elucidates taxonomic characteristics, often at species level resolutions. Therefore, 
these techniques, whilst often successful, incredibly informative and imperative to the advancement 
of functional taxonomic understanding, only captures a fraction of species present. For this reason, a 
more appropriate approach is to identify organisms using DNA sequencing.  




     Genomic DNA sequences extracted from a microbiome contains the taxonomic information of the 
source organisms. Hypervariable regions (often located between conserved regions) confer great 
sequence heterogeneity, the magnitude of which is considered to positively correlate with 
evolutionary distance between taxa. Whilst caveats exist, the hypervariable sequences can be 
assigned to sequences originating from known taxa in curated archive databases by similarity. 
Regions for amplification and subsequent sequencing include the ribosomal 16S rRNA gene 
(prokaryotes; bacteria and archaea), ribosomal 18S rRNA gene (eukaryotes; universal) and internal 
transcribed spacers (ITS; eukaryotes and specifically fungi). The amplicon pool generated from the 
microbiome genomic DNA can then be clustered by similarity and the taxonomic information for 
these clusters allocated. The size of the clusters, and the taxonomic assignment facilitates the 
construction of a taxonomic profile presented in relative terms.  
           Delineating taxonomic profiles allows the assignment of putative functions, which provides 
insight into the state of ecosystem processes at the time of sampling. However, as salt marshes are 
underexplored, many of the taxonomic groups are likely unknown, or have no attributable ecological 
function. Identifiable organisms within salt marshes are also likely far diverged from their well-
studied, terrestrial counterparts (or equally understudied marine counterparts); therefore, 
ascertaining and ascribing function should be undertaken cautiously.  
     This task is challenging and is further exacerbated by the vast taxonomic and functional 
complexity within the salt marsh ecosystem. In depth functional characterisations of taxa are 
required, that can be cross referenced with sequence data to inform decisions about assigning 
ecological function to taxa; however, conclusive functional data in this ecosystem is severely limited.  
In this Chapter, community profiling is undertaken to identify the integral organisms in lignocellulose 
deconstruction. Bacteria, archaea and fungi are identified from the genomic DNA extracted in 
Chapter 3 by amplifying the hypervariable regions of the conserved ribosomal 16S, 18S and internal 
transcribed spacer regions.  
     Interestingly, fungi and archaea were not identified as CAZy producers in Chapter 4; 99-100% of 
the carbohydrate active enzyme fraction of the metasecretome identified in Chapter 4 was of 
bacterial origin; therefore, this kingdom is the primary focus of this Chapter.  Notable, yet minor 
exceptions were enzymes homologous to an Annelida and Chlorophyta protein. These bacterial 
enzymes spanned diverse taxonomic lineages but were predominantly of Proteobacterial and 
Bacteroidetes origin.  
      Gammaproteobacteria were identified as the major CAZy producing taxonomic group, 
particularly the families Vibrionaceae, Cellvibrionaceae and Alteromonadaceae. This class was 




followed closely by Bacteroidetes, which displayed greater a greater taxonomic diversity of CAZy 
producing lineages; Flavobacteriia (family; Flavobacteriaceae), Cytophagia (family; Cytophagaceae), 
Bacteroidia (families; Prolixibacteraceae, Marinilabiaceae, Bacteroidaceae, Paludibacteraceae and 
Lentimicrobiaceae) and Sphingobacteriia (family Sphingobacteriaceae). Deltaproteobacteria were 
also active producers (families; Polyangiaceae, Desulfovibrionaceae, Desulfobulbaceae and 
Desulfomonadaceae). Minor contributions were also made by the phyla Firmicutes (families; 
Peptococcaceae, Planococcaceae and Paenibacillaceae), Verrucomicrobiae (order Verrucomicrobiae) 
and Ignavibacteriae (order Ignavibacteriales). Many of these groups have been previously implicated 
as carbon cyclers (see section 1.7); however, direct evidence (such as metasecretome homology 
described in Chapter 4) for this has yet to be provided.  
     The aim of this Chapter is to identify and characterise the changes in community structure of the 
biomass associated microbiome during the time series of Spartina anglica decomposition in the 
natural salt marsh using amplicon sequencing and reference datasets. An additional aim was to cross 
reference the community profile generated in this Chapter with the proteomic taxonomic profile 
generated independently in Chapter 4, which, upon cross referencing, facilitates the identification of 
lignocellulolytic enzyme producing lineages. This will inform the assignment of function and 
productivity to these lignocellulose-associated taxa, thus identifying the organisms directly involved 
in salt marsh lignocellulosic carbon cycling. This is necessary as currently no available lignocellulose 
active enzyme databases exists for salt marshes.  
          
     5.2     Materials and methods 
 
          5.2.1     DNA Sequencing 
 
                    5.2.1.1     Genomic DNA preparation and RNA depletion 
 
          Total nucleic acids (genomic DNA (gDNA) and total RNA (tRNA)) obtained in Chapter 3 were 
diluted 1:2 with nuclease free H2O. Reactions were conducted in triplicate for each of the 46 time 
points. 100µL of diluted nucleic acids were incubated at room temperature for 5 min with 0.2µL 
RNAse A (Qiagen 1006671, 100mg/mL). tRNA depletion was assessed with agarose gel 
electrophoresis. The resulting genomic DNA was purified using a Genomic DNA Clean & 
Concentrator™ Kit (ZymoResearch D4065) according to the manufacturer’s protocol. gDNA was 
quantified using a nanodrop spectrophotometer (Thermo), technical replicates were pooled and 
diluted to stock concentrations of 100ng/µL with H2O as above and stored at -20oC. 




                    5.2.1.2     Target gene selection and primer selection and development 
 
     It was a priori determined that sequencing was to be conducted on an Illumina MiSeq with a 2 x 
250 base pair cartridge. This limited primer selection to a region of less than 500 base pairs (inclusive 
of primers and index tags, to ensure high confidence in overlapping regions of forward and reverse 
reads. Primers targeting bacterial and archaeal ribosomal 16S rRNA genes, eukaryotic ribosomal 18S 
rRNA genes and fungal internal transcribed spacer units (ITS1 and ITS2) were selected from the 
literature (Table 5.1). 
      For fungi, the internal transcribed spacer units (both region 1 and 2) are considered 
hypervariable universal DNA barcodes for fungi and were selected as markers to assess the fungal 
community in this study (Schoch et al., 2012). As these regions are significantly variable in size 
between taxa (700-5000 base pairs) it was unlikely overlapping regions could be established for all 
sequences. Consequently, only the forward read were to be analysed, and primers were selected 
solely on taxonomic coverage. In total 8 forward primers and 5 reverse primers were selected for 
testing (Figure 5.1). As there is little difference between taxonomic identification capabilities of ITS1 
and ITS2 (Wang et al., 2015c, Blaalid et al., 2013), ITS2 was selected due to novel degenerate primer 
availability. ITS4ngs was selected to compliment fITS7, which is degenerate in one position and 
exhibits enhanced fungal specificity and increased eukaryote exclusion (Tedersoo et al., 2014, 
Ihrmark et al., 2012).       
 
 
Figure 5.1 General ribosomal domain architecture. Highly cited primers are displayed and arrows 
indicate their position and direction. SSU: small rRNA subunit encoding gene, ITS1: internal 
transcribed spacer region 1, 5.8S: 5.8S rRNA gene, ITS2: internal transcribed spacer region 2, LSU: 
large rRNA subunit encoding gene. 
 
     For the universal assessment of eukaryotes, with a focus on fungi (contingent upon the taxonomic 
coverage of ITS2 as above), the hypervariable regions of the ribosomal 18S rRNA gene was selected 




as targets for amplification (Figure 5.2). A multitude of primers were assessed for their coverage of 
their respective taxonomic targets using TestPrime v1.0 (https://www.arb-
silva.de/search/testprime/) by cross referencing to the SILVA ssu-132 database RefNR ribosomal 
RNA sequence collection. This software performs an in silico PCR to determine taxonomic coverage.  
     The hypervariable regions of the ribosomal 18S rRNA gene vary in their degrees of heterogeneity, 
with regions V9, V2 and V4 (in descending order) being the most diverse and providing the greatest 
taxonomic resolution (Hadziavdic et al., 2014). In a marine context, V4 has been shown to be 
superior and was targeted in this study (Stoeck et al., 2010). 
 
 
Figure 5.2 Hypervariable regions of the ribosomal 18S rRNA gene. Arrows indicate primer position 
and direction. Sizes displayed are base pairs and correspond to the Saccharomyces cerevisiae 
ribosomal 18S gene template, adapted after Hadziavic et al,. (2010). 
  
     To assess the bacterial and archaeal salt marsh profile, the ribosomal 16S rRNA gene was targeted 
using the well established V4 region with primers that carry degeneracy to enhance taxonomic 
coverage by alleviating negative bias (Figure 5.3) (Vasileiadis et al., 2012). The 515f-Y primer contains 
degeneracy that supports detection of Crenrchaea and Thaumarchaeota (Parada et al., 2016). Both 
of which are considered abundant constituents of the archaeal salt marsh profile (Nelson et al., 
2009, Seyler et al., 2014). The 806R primer carries degeneracy that detects the SAR-11 clade in 
marine samples (Apprill et al., 2015). 
 
 
Figure 5.3 Hypervariable regions of the ribosomal 16S rRNA gene. Arrows indicate primer position 
and direction. Sizes displayed are base pairs and correspond to the Escherichia coli ribosomal 16S 
gene template, adapted after Vasileiadis et al., (2012).  
 




Table 5.1 Primer selection for salt marsh community profiling.   
Target Primer Sequence (5'-3') Coverage Size (bp) Reference 
16s rRNA gene V4 hypervariable region: Bacteria and Archaea 
515f-Y Forward GTGYCAGCMGCCGCGGTAA 85.3% Archaea 
290 
Parada et al,. (2016) 
806R Reverse GGACTACNVGGGTWTCTAAT 87.7% Bacteria Apprill et al,. (2015) 
Internal transcribed spacer region 2 (ITS2): Fungi 
fITS7 Forward GTGARTCATCGAATCTTTG n/a 
Variable 
Ihrmark et al,. (2014) 
ITS4ngs Reverse TCCTSCGCTTATTGATATGC n/a Tedersoo et al,. (2014) 
18S rRNA gene V4 hypervariable region: Eukaroytes 
574F Forward GCGGTAATTCCAGCTCCAA 85.1% Fungi* 
380 
Hadziavdic et al,. (2011) 
952R Reverse TTGGCAAATGCTTTCGC 74.3% Eukaryota* Hadziavdic et al,. (2011) 
* Coverage assumes 1 base pair mismatch 
 
     Amplicon libraries are low diversity as the same region is amplified. This is problematic for cluster 
identification on Illumina systems, which ostensibly uses the first 1-12 base pairs or the first read to 
determine cluster identity and quality. A random degenerate dodecamer sequence 
NNNHNNNWNNN (5’-3’) was prepended to the forward primers to reduce sample homogeneity by 
artificial inflation (Lundberg et al., 2013). The primer pairs used for direct amplification from 
genomic DNA had four regions; Nextera XT™ library prep adapter overhangs, flexible linker region, 
degenerate dodecamer sequence and target primer (Table 5.2). 
 
Table 5.2 Primer architecture for direct amplification to indexing. Base colours represent primer 
regions, Orange; Nextera XT™ adapter sequence, Purple; flexible linker, Green; degenerate random 
dodecamer, Red; target specific primer sequence. 
Primer Sequence (5'-3')       
515F-YMN TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGANNNHNNNWNNNHGTGYCAGCMGCCGCGGT AA 
806RMN GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGTGGACTACNVGGGTWTCTAAT   
fITS7MN TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGANNNHNNNWNNNHGTGARTCATCGAATCTTTG 
ITS4ngsMN GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGTTCCTSCGCTTATTGATATGC   
574FMN TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGANNNHNNNWNNNHGCGGTAATTCCAGCTCCAA 
952RMN GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGTTTGGCAAATGCTTTCGC   
 
     Consistent primer use within an environment allows comparable datasets to be generated; 
however, as amplicon sequencing for salt marshes has yet to be established, many combinations of 
primers were assessed. Primers were ranked by coverage (described above), if reproducible 
amplification was not achieved in all samples they were deemed inadequate. The chosen pairs 
(Table 5.1-2) were selected as they were the pair that were both most reliable and achieved the 
most coverage. This was exacerbated as Nextera XT™ library prep (Illumina) adapter overhangs were 




appended to primers, which interfered with the specificity and functionality of the primers (Table 
5.2). The combinations targeting the ribosomal 18S v4 regions that were considered inadequate, 
despite superior taxonomic coverage are shown in Table 5.3. 
Table 5.3 Primer pairs tested that were deemed inadequate for salt marsh samples. A- represents 
TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGANNNHNNNWNNNH (5’-3’), B- represents 
GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGT (5’-3’) 
Target  Primer Sequence (5'-3') Coverage* Size (bp) Notes 
18S rRNA gene V4 hypervariable region: Eukaryotes  
 575F A-CGGTAATTCCAGCTCC 86.1% Fungi 340 Poor yield 
 915R  B-TCCAAGAATTTC ACCTC 81.1% Eukaryota 
 566F  A-CAGCAGCCGCGGTAATTCC 85.6% Fungi 349 
Non-specific 
amplification   915R B-TCCAAGAATTTCACCTC 80.7% Eukaryota 
* Assumes 1 base pair mismatch 
 
                    5.2.1.3     Amplification of conserved regions           
 
     Polymerase chain reactions (PCR) were conducted using the genomic DNA (gDNA) obtained in 
5.2.1.1. The gDNA was re-quantified using a Qubit 4 fluorometer (Invitrogen) with a dsDNA HS Assay 
Kit (Q32854). PCR conditions were as described in Table 5.4, and thermocycling conditions for each 
profile are displayed in tables 5.5-7. Amplifications were conducted for each biological replicate (5) 
at each time point (9) and including a day 0 outgroup, for each amplicon profile (138 in total). 
 
Table 5.4 PCR conditions for amplification of hypervariable regions.  
Reagent Final concentration Volume per reaction (µL) 
dH2O to 50µL - 14.75 
Phusion HF Buffer 
(5x) 
1x 5 
dNTP (10mM) 200µM 0.5 
pF (10µM) 0.5µM 1.25 
pR (10µM) 0.5µM 1.25 




Total - 25 






Table 5.5 Thermocycling conditions for ribosomal 16S amplification using 515F-Y and 806R.   
Step Temperature (oC) Time   
Initial denaturation 98 30s   
Denaturation 98 10s 
Repeat 
x28 
Annealing 53 30s 
Extension 72 15s 
Final extension 72 10 min   
Hold 4 -   
 
 
Table 5.6 Thermocycling conditions for ITS2 amplification using fITS7 and ITS4ngs.   
Step Temperature (oC) Time   
Initial denaturation 98 30s   
Denaturation 98 10s 
Repeat 
x34 
Annealing 57 30s 
Extension 72 20s 
Final extension 72 5min   
Hold 4 -   
 
 
Table 5.7 Thermocycling conditions for ribosomal 18S amplification using 574F and 952R.   
Step Temperature (oC) Time   
Initial denaturation 98 30s   
Denaturation 98 10s 
Repeat 
x28 
Annealing 60 30s 
Extension 72 15s 
Final extension 72 10 min   
Hold 4 -   
 
 
                    5.2.1.4     Illumina sequencing 
 
    Amplicon profiles were generated using the primer pairs and conditions stated in section 5.2.1.3. 
Amplicon profiles were assessed for purity and quantified using an Agilent 4200 TapeStation with 
High Sensitivity D1000 ScreenTapes (5067-5584 and 5067-5585). Amplicons were cleaned and 
purified using AMPure XP beads, at size specific bead concentrations (Beckman Coulter A63881) 




(Table 5.8; clean I). Amplicon profiles were then indexed using the Nextera XT™ library preparation 
kit (Illumina FC-131-1001) according to the manufacturer’s protocol with thermocycling conditions 
presented in Table 5.9. As the number of samples (138) was greater than the number of indexing 
combinations in this kit (96), the 16S and ITS2 profiles were indexed with the same combinations 
and separated a posteriori by primer sequence. Indexed profiles were cleaned again using AMPure 
XP beads as above, at different bead concentrations (Table 5.8; clean II). Profiles were assessed for 
successful indexing by assessing the size change using the Agilent 4200 Tapestation with D1000 
ScreenTapes. The amplicon profiles were quantified using a Qubit 4 fluorometer (Invitrogen) with a 
dsDNA HS Assay Kit (Q32854), from this nanomolar concentrations were calculated. Amplicon 
profiles were pooled in their respective fraction (16S, 18S, ITS2) in equimolar concentrations, re-
quantified using the Qubit 4 fluorometer. The three mixtures were pooled again in equimolar 
concentrations, re-quantified and finally diluted to 4nM. 
 
Table 5.8 AMPure XP bead concentrations at each purification stage for each amplicon profile.  
Amplicon profile Clean I (initial PCR) Clean II (indexing) 
16S 0.8x 0.9x 
18S 0.8x 0.9x 
ITS2 1.2x 0.9x 
 
 
Table 5.9 Thermocycling conditions for Nextera XT™ indexing.  
Step Temperature (oC) Time   
Initial denaturation 95 3min   
Denaturation 95 30s 
Repeat 
x8 
Annealing 55 30s 
Extension 72 30s 
Final extension 72 5min   
Hold 4 -   
 
 
    5µL of 0.2N NaOH was combined with 5µL of the 4nM pooled library. The mixture was vortexed 
briefly and incubated at room temperature for 5 mins to denature the dsDNA. 990µL of pre-chilled 
(4oC) Hybridisation Buffer (HT1) was added to the denatured library. The denatured library was 
further diluted to 4pM (120µL denatured library and 480µL HT1). The PhiX library was created with 
2µL 10nM PhiX (PhiX Control Kit v3 FC‐110‐3001) and 3µL of 10mM Tris pH 8.5, to a final 




concertation of 4nM PhiX. The 4nM PhiX library was denatured with the addition of 5µL 0.2N NaOH 
and incubated at room temperature for 5 min to denature the dsDNA. 10µL of denatured PhiX 
library was diluted with 990µL HT1 to a final concentration of 20pM. The 20pM denatured PhiX 
library was diluted to 4pM with HT1. 
     The PhiX library (6µL) was added to 594µL of amplicon library, to a final PhiX spike concentration 
of 1%. The pooled library was incubated at 96oC for 2 min and incubated on ice for 5min. The 
samples were then immediately loaded onto a pre-prepared MiSeq 250bp x 2 cartridge (MiSeq 
Reagent Kit v2 (500 cycles) MS-102-2003, Illumina). This work was performed at the Biorenewables 
Development Centre (Dunnington, York), with the assistance of Dr. Deborah Rathbone and Susan 
Heywood. 
 
          5.2.2     Bioinformatic analysis 
 
     Bioinformatic analysis of the sequence data generated in section 5.2.1.4 allows the construction 
of an operational taxonomic unit (OTU) table. The hypervariable fragments of sequences are 
clustered to an identity threshold. A representative sequence of all the sequences in a cluster are 
generated and assessed against archive reference databases for homology to known taxa (at an 
identity threshold). The size of the OTUs (sequences contained within the cluster) can then be 
related to the taxonomic assignments to generate a quantitative taxonomic profile.  
 
                    5.2.2.1     Sequence to community profile analysis pipeline 
 
     An analysis pipeline was developed to assess the community profile from the indexed Illumina 
MiSeq generated databases (Figure 5.4). The forward and reverse reads for the 16S and ITS2 profiles 
sharing the same index and the forward and reverse reads for the 18S profile were merged using 
Vsearch version 1.11.1 (Rognes et al., 2016). The 16S/ITS2 and 18S files merged to 91.61% and 
93.21% respectively. The 16S/ITS2 files for the forward read were trimmed of the random 
dodecamer sequence and linkers using Cutadapt version 1.11 (Martin, 2011). The ITS2 sequences 
from the trimmed forward read files were extracted from the 16S and ITS2 pool using QIIME (version 
1.9.1; split_library.py) with a phred quality score of 20 (Caporaso et al., 2010). The merged 16S/ITS2 
pool and merged 18S files were trimmed (random dodecamer and linkers) and quality checked with 
an e value of 20 using Cutadapt (version 1.11.1). The merged, trimmed and quality checked 16S/ITS2 




pool and 18S files were demultiplexed using Qiime (version 1.9.1; split_library.py), the ITS2 
sequences in the 16S/ITS2 pools were discarded.  
     The primer sequences were trimmed from the 16S and 18S profiles using Cutadapt (version 1.11.). 
Primer sequences, 5.8S and 28S regions were removed from the ITS2 amplicon profile using ITSx and 
the fungi only pool was extracted for further processing, the non-fungi pool of sequences were 
discarded (Bengtsson-Palme et al., 2013). Biological replicates for each profile (16S, 18S, ITS2) were 
concatenated into single files, the headers were formatted to Usearch compatible formats 
(“barcodelabel=sample_id;sequence_number_integer”), and globally trimmed to equal lengths (16S; 
250bp, 18S;250bp, ITS2;100bp) using Usearch (version 9; -fastx_truncate) (Edgar, 2010). All amplicon 
profiles were dereplicated, purged of singletons, assigned abundance and sorted by size using 
Usearch (version 7: -derep_fulllength) (Edgar, 2010). The profiles were then clustered into OTUs 
using the UPARSE algorithm (Edgar, 2013), with concurrent de novo chimera detection using 
Usearch (version 9 -cluster_otus) with a 97% identity threshold. OTUs were relabelled from sample 
IDs to OTU numbers (Usearch; fasta_number.py). Representative sequences for each OTU were then 
mapped to original sequences using Usearch (version 7: -usearch_global). Taxonomy was assigned 
using QIIME (version 1.9; assign_taxonomy.py) for 16S, 18S and ITS2 using Greengenes 13 8, SILVA 
123 SSU QIIME release and Unite version 7.1 reference databases respectively. The .uc output 
(uclust file format) was converted to text file format (Usearch: uc2otutab.py), and further converted 
































Table 5.10 Commands for the replication of the 16S rRNA amplicon database processing pipeline. 
Emboldened characters are specific input or output files. Only steps utilising third party software is 
shown, custom steps are not shown. A1-A12 represent input or output files. 
Step Function Command 
1 Merge 
 vsearch --fastq_mergepairs X1_001.fastq.gz --reverse 




cutadapt -o nexteraremoved/X -a 
CTGTCTCTTATACACATCTGACGCTGCCGACGA  X 
2B Trim 13N cutadapt --cut 13 -o X X 
3 Fastq split convert_fastaqual_fastq.py -c fastq_to_fastaqual -f X 
4 Demultiplex 
split_libraries.py -f X --max_ambig 0 -r -k -B -H 10 -M 2 -e 2 -b 7 -o 
X -m MAP 
5 Trim primer cutadapt --cut 19 --cut -20 -o X X 




Format headers to >barcode 
label=sample_id;sequence_number_integer - custom 
8 Global trim usearch_v9 -fastx_truncate A1 -trunclen 250 -fastaout A2 
9 Dereplicate 
usearch_v7 --derep_fulllength A2 --output A3 --log=log --sizeout --
minuniquesize 2 
10 Sort by size Usearch_v7 -sortbysize A3 -output A4 -minsize2 
11 Cluster usearch_v9 -cluster_otus A4_cat16S.fna -otus A5 -minsize 2 
12 Relabel fasta_number.py A5 OTU_>A6 








(.txt) uc2otutab.py A7 > A9.txt 
   
16 .biom Biom convert -I A9 -o A10 --table-type="OTU table" --to-hdf5 
17 .tsv Biom convert -i A10 -o A11 --to-tsv 
Optional   
18 Metadata 
Biom add-metadata -i A10 -o A12 --observation-metadata-fp 
otus_tax_assignments.txt --observation-header 
OTUID,taxonomy,confidence --sc-separated taxonomy --float-
fields confidence 
 
     5.3     Results 
 
          5.3.1     Database processing 
 
     One hundred and thirty eight amplicon profiles (46 for each of the 16S, ITS2 and 18S target 
regions) were successfully generated (Figure 5.5). A total of 8,768,150 reads were achieved across 
the 138 loaded samples, despite sub-optimal cluster density of 430 (optimal cluster densities for V2 
flowcells are 900-1000) suggesting underloading of the flowcell (4pM was loaded, 8pM would have 
been more appropriate). The low density appeared to be offset by artificially inflated sequence 




heterogeneity conferred by the 12N random dodecamer. Amplicon libraries were pooled in 
equimolar quantities successfully, with the average database containing (post library split by primer 
sequence and separation of the 16S/ITS2 pool) 54,929, 50,844 and 52,853 for 16S, ITS2 and 18S, 
respectively (Figure 5.6). Within the ITS2 databases a mean proportion of 73.80% sequences were of 
fungal origin (due to primer specificity of fITS7) which reduced the mean database size to 28,972 
sequences (Figure 5.6). 
 
 
Figure 5.5 A selection of amplicon profiles for teach target region. ITS2 (fITS7 and ITS4ngs), 16S (fITS7 
and ITS4ngs) and 18S 574F and 952R).  
 
 
Figure 5.6 Read distribution of the amplicon profile databases, pre- and post-assignment.  
 




     The 16S/ITS2 profiles and 18S profiles merged 91.61% and 93.21% successfully, respectively. The 
degree of merging in the 16S/ITS2 profile was likely due to the small range of ITS2 amplicon sizes 
generated (300-500bp; Figure 5.5). However, as some sequences appear larger than 500 the forward 
read (read one) was taken forward unmerged to prevent bias against taxa with longer ITS2 reads. 
The UPARSE clustering algorithm requires global amplicon lengths; a length of 100bp was selected 
for ITS2 amplicons, and 250bp for 16S and 18S profiles (Table 5.11).  
 
Table 5.11 Statistics for the amplicon database processing pipeline.  
Stage         
Truncation 





 16S 250 0.4 2,516,510 
 18S 250 0.1 2,427,394 
  ITS2 100 0.3 1,329,125 
Clustering (97%) 
 Profile Total OTUs (n) Chimeric OTUs (n) 
Non-chimeric 
OTUs (n) 
 16S 26797 21675 5122 
 18S 5221 3251 1970 
  ITS2 1406 225 1181 
Mapping (95%) 
 Profile OTUs mapped (%)     
 16S 74.1   
 18S 97.6   
  ITS2 99.0     
Assignment 
 Profile Assigned Unassigned   
 16S 4403 719  
 18S 1156 814  
  ITS2 569 612   
 
 
          5.3.2     Prokaryotic profiles 
 
                    5.3.2.1     Archaea 
 
     The prokaryotic profile elucidated from the 16S analysis revealed archaea to be orders of 
magnitude less abundant than bacteria. archaea were most abundant in week 16 at 0.44% with an 
average temporal abundance of 0.12% (Figure 5.7).  






Figure 5.7 Prokaryotic profile from 16S rRNA sequence homology at Kingdom resolution.  Archaea 
are not visible due to their low abundance. 
 
     Within the archaeal community, Crenarchaeota and Parvarchaeota were the most abundant 
phyla, with the former dominant in the day 0 outgroup, before encroachment of Parvarchaeota 
which claims 93% of the profile in later timepoints (Figure 5.8A). This phylum consisted of a single 
class Parvarchaeo, that comprised of YLA114 and WCHD3-30 orders (Figure 5.8B). The 
Crenarchaeota were constituted by Cenarchaeales. Further taxonomic resolution (family and below) 
could not be reliably resolved for these taxa. There were no carbohydrate active enzymes originating 
from archaea in Chapter 4 and, therefore, the Archeael sp. profile was not further explored. 
 
 
Figure 5.8 Archaeal profiles elucidated from 16S rRNA sequence homology. A) Phylum level 









                    5.3.2.2.     Bacteria 
 
     OTU richness was lowest in week one (n=1020 ± 65), increasing up to week six (n=2126 ± 84) 
where richness was comparable to the richness observed in the day 0 sediment outgroup (n=2277), 
before plateauing and subsequently declining (Figure 5.9). The bacterial fraction was consistently 
dominated by Proteobacteria and Bacteroidetes at a mean sum total of 80.51 ± 1.34% relative 
abundance across all time points. The minor phyla were constituted by Firmicutes, Verrucomicrobia, 
Actinobacteria, Spirochaetes and Chloroflexi. The major Proteobacterial representatives at the class 
level consisted of (in descending order of abundance) Gammaproteobacteria, Deltaproteobacteria 
and Alphaproteobacteria (Figure 5.10). Abundant class level representatives of Bacteroidetes 
consisted of Bacteroidia and Flavobacteria which contain the most abundant orders (Bacteroidales 
and Flavobacteriales respectively) (Figure 5.11). 
 
 
Figure 5.9 Temporal OTU richness for bacterial and archaea lineages. 
 
     Proteobacteria consistently declined in abundance and the most pronounced change is exhibited 
by Bacteroidetes who encroach into this space. Gammaproteobacteria were responsible for the 
marked decline of Proteobacteria, most of this decline is offset by a concurrent increase in 
Deltaproteobacterial abundance and comparative stability of Alphaproteobacteria and 
Epsilonproteobacteria. The majority of Bacteroidetes expansion is due to Bacteroidia.   
 





Figure 5.10 Phylum level bacterial profile elucidated from 16S rRNA sequence homology.       
   
 
Figure 5.11 Bacterial profiles elucidated from 16S rRNA sequence homology. A) Class level resolution 
B) Order level resolution C) Family level resolution. 
 
                         5.3.2.2.1     Gammaproteobacteria 
 
     Within Gammaproteobacteria the Alteromonadales and Oceanospirillales were temporally stable 
and highly abundant (Figure 5.12A); these orders were the third and fifth most abundant order in 
this study (Figure 5.11B). At the family level, Alteromonadales were characterised by 
Alteromonadaceae 53.46 ± 6.59%, with a minor contribution by OM60 which were dominant in the 
sedimentary day 0 outgroup (77.14% of Alteromonadales) and became more abundant in later 




timepoints (10.9-28.26% in weeks six to 16 respectively). Oceanospirillales were dominated by two 
families Oceanospirillaceae, which decreased in abundance temporally from 71.25% to 16.58% from 
week one to 16, and Saccharospirillaceae which increased in abundance from 6.54% to 70% in from 
the day 0 outgroup to week eight, before declining to 54% in week 16. The sedimentary day 0 
outgroup was dominated by the order Thiotrichales; however, they were not abundant on biomass 
samples. Vibrionales were also transiently highly abundant during week one, declining in abundance 
thereafter and consisted predominantly of Vibrionaceae.  
 
 
Figure 5.12 Normalised Gammaproteobacterial fraction. A) Order level resolution, B) Family level 
resolution. The lineplot represents the visualised fractions (bars) total proportion of the entire 
microbiome. 
 
     Filtering and cross referencing these profiles by CAZy producing taxa identified in Chapter 4 
reveals that despite the decline in relative abundance of the Gammaproteobacterial community, the 
representatives of these groups are enriched for carbohydrate associated groups (Figure 5.13). At 
the family level Gammaproteobacteria became significantly enriched for CAZy producing clades, 
increasing from 6.01% in the day 0 sediment outgroup, to 76.0 ± 0.71% during weeks one to five, 
before receding (Figure 5.13B).  
     These results are concordant with the proteomic results in Chapter 4. Vibrionales are the 
dominant carbohydrate active enzyme (CAZy) producing order in week one followed by a period of 
inactivity, which is synchronous to their abundance profile (this also translates to family level 
resolution for Vibrionaceae). Alteromonadales exhibit a positive temporal increase in abundance and 
are the second largest CAZy producing order (which also translated to family level to 
Alteromonadaceae). At the order level, Oceanospirillales are dominant CAZy producers which 
increase in relative abundance, the dominant family within this taxon is the Saccharospirillaceae 
which also become enriched and are the sixth greatest CAZy producing family.  




     The order Cellvibrionales is the fourth most active CAZy producing clade, containing the 
Cellvibrionaceae family (the third most active family, Chapter 4). These clades have been observed in 
saline environments and have only recently been described (Spring et al., 2015). As a direct 
consequence of their novelty they are not represented in the taxonomic database (GreenGenes 13 
8) and are likely not assigned (NA) or assigned to closely related taxa. 
 
 
Figure 5.13 CAZy producing Gammaproteobacteria normalised within the Gammaproteobacterial 
profile. A) Order level resolution, B) Family level resolution. Non-CAZy associated taxa have been 
filtered, relative abundances are relative to total Gammaproteobacterial representation. Plots 
display the sum of the mean molar percentage originating from visualised taxa (bars).   
 
                         5.3.2.2.2     Bacteroidetes 
 
     Bacteroidetes were the second most abundant phylum at microbiome level, exhibiting persistent 
stability after initial encroachment during weeks one (11.0 ± 1.8%) and two (19.4 ± 2.1%), occupying 
the later time points at 34.9 ± 0.3% (Figure 5.10, 5.14A-B). Within the Bacteroidetes phylum the 
Bacteroidia and Flavobacteriia families were dominant. Bacteroidia was temporally stable and more 
abundant in the decomposing biomass (66.0 ± 2.4% for week one to 16) than the sediment outgroup 
(27.2%). The relative presence of Flavobacteria as a proportion of the Bacteroidetes declined from 
37.3% in the outgroup sample to 24.1 ± 2.0% during weeks one to 16. (Figure 5.14). 
     The Bacteroidales exhibited the greatest increase in abundance at the microbiome level, 
increasing from 3.04% in the day 0 outgroup, to 23.43 ± 1.93% in week three, before stabilising at an 
average of 23.36 ± 1.16% between weeks three and 16. At the family level, the Bacteroidales were 
dominated by the interestingly unclassified SB-1 clade and Marinilabiaceae, both of which were not 
present in the sediment outgroup samples but were highly abundant in the lignocellulose associated 
microbiome (Figure 5.11C). SB-1 increased during week one to 3.8%, before stabilising at 9.9 ± 0.9% 
throughout the time course. Marinillabiaceae were less abundant than the SB-1 clade, present from 
week one through to 16 at a mean abundance of 4.68 ± 0.43% at the microbiome level. The 




dominant Flavobacteriales clades were Flavobacteriaceae and Cryomorphaceae. Flavobacteriaceae 
were abundant in the sediment outgroup (3.75%), increasing only to a mean of 5.65 ± 0.65% at the 
microbiome level.  
 
 
Figure 5.14 Normalised Bacteroidetes fraction. A) Order level resolution, B) Family level resolution. 
The lineplot represents the visualised fractions (bars) total proportion of the entire microbiome. 
 
     The Bacteroidetes profile was cross referenced to the CAZy producing Bacteroidetes taxa 
identified in Chapter 4 (Figure 5.15). This profile elucidated that Flavobacteriaceae were the most 
abundant CAZy producing family within Bacteroidetes and the second most active producer in the 
microbiome (Chapter 4), followed by Marinilabiaceae and Flammeovirgaceae, both of which were 
abundant within the microbiome. The CAZy associated fraction was not significantly enriched at 
order or family level, but these groups exhibited temporal stability both within Bacteroidetes and at 
the microbiome level.  
 
 
Figure 5.15 CAZy producing Bacteroidetes normalised within the Bacteroidetes profile. A) Order level 
resolution, B) Family level resolution. Non-CAZy associated taxa have been filtered, relative 
abundances are relative to total Bacteroidetes representation. Plots display the sum of the mean 
molar percentage originating from visualised taxa (bars).   
 




                         5.3.2.2.3     Deltaproteobacteria 
 
     In contrast to Gammaproteobacteria, Deltaproteobacteria displayed a temporal increase in 
abundance at the microbiome level, after an initial recession from the high levels of abundance 
observed in the day 0 outgroup (19.17%), to 3.4 ± 1.19% in week one to 22.64 ± 2.01% in week 16 
(Figure 5.16A). Major constituents of this class were Desulfobacterales, Desulfuromonadales, 
Desulfovibrionales and at later time points Myxococcales (order level). Desulfobacterales become 
dominant, occupying 72.94 ± 0.94% (within Deltaproteobacteria) in the final three weeks. 
Desulfuromonadales were the most abundant order in the sediment outgroup (45.9%), however in 
the lignocellulose associated microbiome they were far less abundant 9.05 ± 1.54%. Both orders 
were highly abundant at the microbiome level (Figure 5.11B).  
 
 
Figure 5.16 Normalised Deltaproteobacteria fraction. A) Order level resolution, B) Family level 
resolution. The lineplot represents the visualised fractions (bars) total proportion of the entire 
microbiome. 
 
     Within the Desulfobacterales and Desulfuromonadales orders, the families Desulfobulbaceae, 
Desulfomonadaceae, Desulfobacteraceae and Desulfovibrionaceae were dominant (Figure 5.16B). 
Interestingly all of these families with the exception of Desulfobacteraceae were CAZy producers 
(Figure 5.17). The abundant families within Deltaproteobacteria were temporally consistent, and 
accounting for the increase at the microbiome level suggests this class was enriched for CAZy 
producing organisms (Figure 5.11C). 
 





Figure 5.17 CAZy producing Deltaproteobacteria normalised within the Bacteroidetes profile. A) 
Order level resolution, B) Family level resolution. Non-CAZy associated taxa have been filtered, 
relative abundances are relative to total Deltaproteobacteria representation. Plots display the sum 
of the mean molar percentage originating from visualised taxa (bars).   
 
                         5.3.2.2.4     Firmicutes 
 
     Firmicutes was not abundant in sediment samples (0.41%) but increased in abundance within the 
decomposing biomass (4.59% ± 0.61) and exhibited temporal stability (Figure 5.18). This phyum was 
dominated by the order Clostridiales with Bacillales far less abundant. The dominant families were 
Lachnospiraceae, Christensenellaceae, Acidaminobacteraceae and Planococcaceae. Lachnospiraceae 
(Clostridiales) and Planococcaceae (Bacilli) were highly active CAZy secretors. Less abundant CAZy 
producers included Peptococcaceae (Clostridia) and Paenicbacillaceae (Bacilli).   
 
 
Figure 5.18 Normalised Deltaproteobacteria fraction. A) Order level resolution, B) Family level 
resolution. The lineplot represents the visualised fractions (bars) proportion to the entire 
microbiome. 
 
                         5.3.2.2.5     Verrucomicrobia 
 
     Verrucomicrobia were also present at low abundances throughout the time course Figure (5.19). 
Verrucomicrobiales appears to be the lineage responsible for the recession, where biomass 




associated dominant orders became the R76-B128 clade, Pelagicoccales, Puniceicoccales and 
Verrucomicrobiales. At the family level Pelagiococcaceae and Puniceicoccaceae were abundant, 
however taxonomic assignment was particularly scarce within this phylum. In terms of the CAZy 
producing lineages, only Opitutaceae were identified, whereas proteomic homology to 
Rubritaleaceae was observed.  
 
 
Figure 5.19 Normalised Verrucomicria fraction. A) Order level resolution, B) Family level resolution. 
The lineplot represents the visualised fractions (bars) proportion to the entire microbiome. 
 
                         5.3.2.2.6     Lignocellulolytic producing taxa at the microbiome level. 
    
     To elucidate the temporal profile of lignocellulolytic taxa, the CAZy producing taxa identified in 
Chapter 4 was cross referenced at the microbiome level and non-CAZy associated taxa were filtered. 
In contrast to the methodology in Chapter 4, no filtering was conducted on the proteome database 
and as such the total CAZy fraction is enlarged (Figure 5.20).   
 
 
Figure 5.20 Unfiltered CAZy producing families at the microbiome level. Class level resolution. 
 




      At low taxonomic level resolutions (family), the profile became enriched for CAZy associated taxa, 
particularly when compared to the sediment outgroup, where only 20.51% of the sedimentary 
microbiome were CAZy producers, this increased to 57.64% within the first week. The CAZy 
producing fraction then sequentially temporally receded to 27.97% in week 16, suggesting lower 
(genus) level taxa may be further enriched, or the degree of carbon cycling (and associated taxa) 




 Figure 5.21 Unfiltered CAZy producing taxa at the microbiome level at family level taxonomic 
resolution. Plots display the sum of the mean molar percentage originating from visualised CAZy 
producing taxa (bars).   
 
     The CAZy producing taxa at the family level that were identified from the amplicon sequencing 
databases accounted for 74.3, 66.3, 76.6 and 82.9 molar percentage of the CAZy proteomic fraction 
for weeks one, three, five and ten respectively. The majority of the CAZy enzymes not accounted for 
in the microbiome were a result of unknown taxonomic homology (lack of taxonomic assignment). 
The not assigned (NA) fraction accounted for 21.37%, 23.8%, 21.16% and 17.15% CAZy proteome 
molar percentage for weeks one, three, five and ten respectively. This is expected given the under 
exploration within salt marsh environments at genomic levels.  
     The abundance profile appears to correlate with production for the highly abundant taxa, but 
outliers are apparent where taxonomic groups produce disproportionately large quantities of CAZy 
enzymes relative to their abundance (Figure 5.22-23). This is particularly apparent for 
Cytophagaceae and Bacteroidaceae, whereas Flavobacteriaceae were the most active CAZy 




producing family, and were also the most abundant throughout the time course. It is clear activity 
does not correlate with abundance. 
 
Figure 5.22 Family level resolution of CAZy producers and their respective CAZy contributions.  
Descending abundance by temporal sum.  
 
 





Figure 5.23 CAZy producing families. Displayed at class level taxonomic resolution and their 
respective CAZy contributions at class level resolution. 
 
                              5.3.2.2.6.1     Productivity     
 
     As CAZy production and abundance was not correlated, a novel method to assess taxonomic 
activity was undertaken. To explore taxonomic productivity as a function of their abundance a novel 
productivity index (PI) was devised to assess their relative contribution (equation 5.1). This index 




expresses productivity as production activity per unit abundance. Whilst it is true highly abundant 
taxa, with moderate CAZy expression will feature heavily in lignocellulose construction, the PI 
highlights those with a relative disproportionate focus which may transfer to a functional ecological 
role (this can also be observed in Figures 5.22-23). The PI infers functional propensity and does not 
infer lignocellulolytic proficiency. 
 
Equation 5.1 Taxonomic productivity index (PI).   
𝑙𝑜𝑔10 (




     A positive productivity index reveals disproportionate CAZy production relative to microbiome 
abundance. Analysis using the productivity index revealed Cytophagaceae (Cytophagia), 
Chromatiaceae (Gammaproteobacteria), Bacteroidaceae (Bacteroidia), Peptococcaceae (Clostridia), 
Sphingobacteriaceae (Sphingobacteria), Planococcaceae (Bacilli) and Paenicbacillaceae (Bacilli) to be 
disproportionately more active compared to other members of the cohort (Figure 5.24). This 
suggests these clades may be more involved or focussed in lignocellulose deconstruction. In 
particular, Cytophagaceae, whose mean abundance reduces from the day 0 outgroup from 0.14% to 
0.02 ± 0.008% concurrently being responsible for the production of 0.02, 0.032, 0.057 and 0.095 
molar percentage of CAZy enzymes for weeks one, three, five and ten respectively. 
 





Figure 5.24 Productivity index for CAZy producing taxa at family level resolution.  
 
          5.3.3     Fungal profile 
 
     Only 48.2% (569 of 1181) of the fungal OTUs were assigned to taxonomic groups, which highlights 
the magnitude of under exploration in this environment (Figure 5.25A). This creates difficulty in 
interpreting the fungal profile. Within the characterised fraction, at the phylum level, Ascomycota 
were consistently dominant, with minor contributions in early time points by Basidiomycota. The 
day 0 outgroup also contained Rozellomycota and Zygomycota (Figure 5.25B). 
 
 
Figure 5.25 Fungi profile at kingdom and phylum levels. A) kingdom level, B) Phylum level. 
 




     The unassigned fraction decreases in abundance from the day 0 outgroup to biomass, before 
sequential encroachment in later timepoints. This may suggest uncharacterised marine fungi are 
involved in lignocellulose decomposition, but as representative sequences are not archived, 
homology may not have been identified at the proteome or community level.  
     At the class level, Saccharomycetes (which contain the single order Saccharomycetales) were the 
most abundant followed by Dothideomycetes (predominantly Pleosporales and Capnodiales) (Figure 
5.26). In the day 0 outgroup, minor contributions were made by Sordariomycetes (Hypocreales) and 
Tremellomycetes (Tremellales). Due to the short length of ITS2 amplicons, and the poor taxonomic 
coverage in archive databases, family level resolution was non-informative as unassigned OTUs were 
too abundant (60-90%; Figure 5.27).  
 
 
Figure 5.26 Fungi profile at class and order levels. A) Class level, B) Order level. 
 
 








     5.4     Discussion 
 
          5.4.1     Bacteria 
 
     These results, considered in conjunction with the most likely taxonomic origin of the enzymes 
identified in Chapter 4, have identified at family level resolution carbohydrate active salt marsh taxa. 
Complex interplay between taxonomic groups is observed, and enrichment of CAZy producing taxa is 
apparent. The CAZy associated clades were enriched up to 280.98% in the decomposing Spartina 
anglica biomass compared to levels of abundance in the detrital rich sediments. These results 
implicate bacterial phyla Proteobacteria and Bacteroidetes as the dominant producers of 
lignocellulolytic enzymes, responsible for 47.02% and 34.92% (81.94%) of the observed molar 
percentage. This is concurrent with the abundance of these two phyla, which is maintained across all 
decomposition timepoints at 80.51 ± 1.34%.  
     Within these phyla, varying degrees of enrichment in CAZy producing taxa occur, suggesting these 
clades are active decomposers. At the class level, Gammaproteobacteria and Deltaproteobacteria 
(Proteobacteria) were responsible for 39.03% and 7.48% of the total CAZy molar percentage, whilst 
Bacteroidia, Flavobacteria, Cytophagia and Sphingobacteria were responsible for 12.45%, 9.25%, 
7.45% and 3.03% of the total CAZy molar percentage respectively. Collectively, these clades were 
responsible for the production of the majority of CAZy enzymes.  
     Despite unparalleled levels of productivity within Gammaproteobacteria, the decline in 
abundance is not  correlated with their productivity which also decreases (excluding the anomalous 
timepoint in week 10). The reduction in abundance is offset by an enrichment in CAZy producing 
clades, particularly Alteromonadaceae, Saccharospirillaceae, Oceanospirillaceae and Vibrionaceae. 
Alteromonadaceae and Saccharospirillaceae are not abundant in sediments but become major 
components of the Gammaproteobacterial profile.  
    The rapid colonisation of Vibrionaceae and subsequent disappearance; accounting for 22.0%, 5.7% 
and 2.61% of the total microbiome in weeks one, two and three respectively (this family was 
undetectable thereafter), is indicative of opportunistic colonisation. Peak abundance during week 
one precludes a stable decline at the microbiome level and categorises this clade as rapid colonisers 
and opportunistic oligotrophs. Vibrionaceae was predominantly comprised of two genera, Vibrio and 
Photobacterium, marine members of both genera are involved in nitrogen fixation (Criminger et al., 
2007, Yu et al., 2018), and as evidenced by the high levels of CAZy enzymes attributable to this taxa, 
they may also dual function as detrital cyclers conferring high ecological importance to this taxa. The 




rapid colonisation of this family may be a result of the high carbon to nitrogen ratio in biomass 
samples, exacerbated by nitrogen limitation in coastal ecosystems, further evidencing a dual 
function and explaining the observable rapid colonisation. The subsequent recession of Vibrionaceae 
is likely deselection through competition, visualised as enrichment in Alteromonadaceae, 
Saccharospirillaceae and Oceanospirillaceae and Bacteroidetes and Deltaproteobacterial groups. The 
magnitude of enrichment (in respect to the Gammaproteobacterial decline) was such that these 
families were the dominant CAZy producers up to week 5.   
       Alteromonadales are considered oligotrophic, capable utilising a diversity of compounds, this 
ability may have facilitated their competitive displacement of the early colonising Vibrionaceae (Cho 
and Giovannoni, 2004, Sun et al., 2015b, Cleary et al., 2017). While genomic level resolution was not 
fully informative, identifiable abundant genera included Glaciecola, Agarivorans and Marinobacter. 
Members of these genera are ostensibly aerobic and have been observed as lignocellulolytic 
(Glaciecola), agar hydrolyzing (Agarivorans) and capable of hydrocarbon deconstruction 
(Marinobacter) (Klippel et al., 2011, Du et al., 2011, Kostka et al., 2011). 
     Oceanospirillaceae consisted of two dominant aerobic genera; Amphiritea and Marinomonas, the 
former is associated with sponges and exhibits cellulase activity; their abundance profile in this study 
may implicate them as saprotrophs (Jang et al., 2015). Potential lignocellulose acting enzymes have 
been identified from Marinomonas including putative membrane bound oxidative enzymes (with 
similarity to laccases and tyrosinases) (Ding et al., 2017, Jimenez-Juarez et al., 2005, Sanchez-Amat et 
al., 2010). 
     Saccharospirillaceae could not be resolved to genus level on the Spartina anglica substrate, 
however the day 0 outgroup contained the genus Reinekea. Reinekea have been observed in 
abundance on wood in marine conditions and in marine sediments as nitrogen reducers (hence their 
abundance in sediment, compared to the lignocellulosic substrate) (Kalenitchenko et al., 2015, 
Romanenko et al., 2004). The CAZy productivity of Saccharospirillaceae observed in this study 
designates them as saprotrophs. Despite this family being extremely poorly characterised 
(containing only three known species); recently, species within this family have exhibited 
lignocellulolytic activity, which, when considered in the context of their enrichment and high CAZy 
productivity, may implicate them as important salt marsh saprotrophs (Fidalgo et al., 2017, Labrenz 
et al., 2003). In contrast to the other Gammaproteobacterial families, Saccharospirillaceae range 
from facultative anaerobes to obligate aerobes (Shahinpei et al., 2014, Fidalgo et al., 2017).  




     Beyond week 5 and during the later timepoints, Gammaproteobacteria is supplanted at the 
microbiome level declining from in week one to week 16. This may be due to competition by 
Bacteroidetes (who exhibited little temporal variation in abundance) particularly the highly abundant 
CAZy producing families Flavobacteriaceae (Flavobacteriia), Marinilabiaceae (Bacteroidales) and 
Flammeovirgaceae (Flavobacteria) which increase in abundance during the first two weeks before 
stabilising. Gammaproteobacteria were supplanted in later timepoints (where Bacteroidetes 
abundance was stable) by Deltaproteobacterial which consistently increased in abundance 
throughout the time course and was composed of Desulfobacterales and Desulfuromonadales orders 
and the CAZy producing families Desulfobulbaceae, Desulfomonadaceae and Desulfovibrionaceae 
were dominant. This phylum was dominated by the single family (>50%) Desulfobulbaceae. 
Desulphobacterales are an anaerobic lineage with previous connections to both sulfur cycling and 
carbon cycling, the latter of which is evidenced in this study (Cleary et al., 2017). Interestingly within 
salt marshes the relative abundance of Desulfobacterales increases with depth, suggesting this 
family may be important for late stage carbon cycling in deeper sediments (Cleary et al., 2017).  
     As the experiment was conducted at the surface sediments; the increased relative abundance of 
the anaerobic Deltaproteobacteria, the initial increase and stabilisation of Bacteroidetes (which 
consist of the aerobic and anaerobic lineages) and the consistent decline in the aerobic 
Gammaproteobacteria suggests the community was becoming increasingly oxygen depleted 
throughout the experiment. This is further evidenced by the increase in the respiratory plastic 
(facultively anaerobic) Saccharospirillaceae (Gammaproteobacteria). This likely occurred as a 
function of microbiome growth increasing oxygen requirements that is limited by the small diffusible 
surface area, further limited by tidal inundation cycles in a predominantly anaerobic salt marsh. 
     Genus level identification for the CAZy producing Bacteroidetes families could not be performed. 
However, Flavobacteriia are known to deconstruct plant material which is concurrent with their 
level of lignocellulolytic enzymes in this study (Lydell et al., 2004, Cleary et al., 2017). Flavobacteriia 
contain both aerobic and anaerobic representatives; however, the dominant CAZy producing family 
is predominantly aerobic (however salt marsh lineages are largely uncharacterised and may be 
divergent) (McBride, 2014). Marinilabiaceae were also pivotal during lignocellulose deconstruction 
and are obligate anaerobes (Rosenberg, 2014). Interestingly, both Flavobacteriaceae and 
Marinilabiaceae; identified in this study to be highly productive carbon cyclers, were also enriched in 
deep sea sediment subject to phytodetrital supplementation (Hoffmann et al., 2017).  
     At later time points, the previously stable CAZy producing taxa within Gammaproteobacteria 
declines, however the molar percentage of CAZy enzymes with Gammaproteobacterial homology 




peaks. This may also have been due to an enrichment in the (Cellvibrionales) Cellvibrionaceae family 
(which were third most active clade at the microbiome level, Chapter 4), which were not observed 
due lack of classification in the archive databases in this study (Spring et al., 2015). This family may 
have outcompeted the other taxa (within Gammaproteobacteria).  
     The productivity index revealed Firmicutes families to be highly active, despite low apparent 
abundances; particularly the families Peptococcaceae (Clostridia), Planococcaceae (Bacilli) and 
Paenicbacillaceae (Bacilli).  This is insightful as Firmicutes was not abundant in sediment samples 
(0.41%), becoming slightly enriched on the decomposing biomass (4.59% ± 0.61). This finding may 
implicate the function of these families as active detritus decomposers. Representatives of all 
families have hydrocarbon degrading representatives, which is thought to be a good predictor of 
lignocellulolytic (specifically ligninolytic) activity (Beazley et al., 2012). Peptococcaceae are thought 
to be responsible for ring cleavage events in vanillate (a lignin derived aromatic) (Kato et al., 2015). 
These capabilities are in accordance with Firmicutes preference for deeper sediments where they 
are observed to be significantly more abundant (deeper sediments are rich in recalcitrant 
aromatics), which could also explain their low abundance during the surface level experiment 
described in this Chapter (Petro et al., 2017).  
     Clostridia (Peptococcaceae) were more abundant than Bacilli, the latter are aerobic or facultive 
anaerobes where Clostridia are often obligate anaerobes and saprotrophs (Sharmin et al., 2013, 
Riley, 2012). The abundance of Clostridia within Firmicutes, and the minimal abundance of 
Firmicutes in the surface level outgroup sediment reinforces the oxygen depleted conditions within 
the substrate. The propensity for these lineages to degrade aromatics whilst respiring anaerobically 
and their apparent enrichment on lignocellulosic substrate in situ make these families an attractive 
target to elucidate anaerobic lignin deconstruction.  
     Many Bacteroidetes families exhibited high productivity indexes, including Cytophagaceae, 
Bacteroidaceae and Sphingobacteriaceae. At the microbiome and family level, CAZy producing 
members of Bacteroidetes comprised only 5.6% of the total abundance in contrast to the 
Proteobacterial cohort which comprised 14.66% of the total. The low abundance of Bacteroidetes in 
consideration with their high productivity indexes would suggest this cohort to be more specialised 
and targeted toward detrital cycling. These results also suggest, a maximum of 20.5% of the total 
microbiome in the upper salt marsh sediments at Welwick can function as carbon cyclers. This aligns 
well with the rich organic content of Welwick sediments (2-4%) (Andrews et al., 2008). 




     Verrucomicrobia were disparately abundant relative to their level of CAZy productivity. In this 
study, only Optuaceae were identified, whereas proteomic homology to Rubritaleaceae was 
observed, which were active CAZy producers. Representatives of these families may be highly 
divergent to known representatives and require further investigation. This is one source of 
misalignment of community to productivity. 
     Accounting for the highly productive but taxonomically unidentified Cellvibrionaceae 
(Gammaproteobacteria) family, 63.82 ± 4.37% of CAZy molar percentage was assigned to identified 
taxa at family level resolution, whilst proteins with no known homology accounted for 17.88 ± 
1.15%. The disparity likely arises from unclassified taxa in archive databases being omitted in this 
analysis, or a result of differential classification nomenclature between databases. Additionally, the 
most likely taxonomic origin of these proteins may have been mis-assigned, which is likely given the 
level of unknowns in salt marsh ecosystems. Uncharacterised organisms will be assigned to the most 
homologous taxa which may be evolutionarily divergent its native salt marsh counterpart. This 
highlights the inadequacy of archive databases for this under explored environment and reveals the 
magnitude of divergence of organisms within this environment. This could also be a function of 
divergence at the protein level, accentuating the biotechnological potential of this environment for 
highly divergent, novel enzymes. An interesting observation in this study was the enrichment on 
biomass of the largest Bacteroidetes group, the SB-1 family, containing unclassified Bacteroidetes, 
suggesting unknown lineages may function as active saprobes. However, this level of alignment 
within the microbiome in this study was sufficient to elucidate and conclude functional taxonomic 
groups attributable to carbon cycling within the studied salt marsh. 
     To conclude, while Proteobacteria and Bacteroidetes dominate carbohydrate deconstruction in 
surface sediments of salt marsh ecosystems, minor contributions were made by Veccuromicrobia 
and Firmicutes. Native Verrucomicrobia appear highly divergent to current archived information and 
Firmicutes likely feature as carbon cyclers at great sediment depths in the aromatic rich sediments. 
The CAZy producing Proteobacterial representatives described here appear to be early colonisers of 
lignocellulosic substrates, that undergoes taxonomic restructuring to favour anaerobic heterotrophic 
lineages (likely driven by spatiotemporal oxygen depletion), whilst concurrently competitively 
deselected by putatively respiratory plastic Bacteroidetes clades. Given the propensity of 
lignocellulosic biomass in salt marshes to form dense, static aggregates, the in situ methodology 
utilised in this experiment is likely a true (small scale) representation of the microbial dynamics 
within. The abundance of CAZy producing taxa within the sediments, the higher activity and 
abundance (in earlier timepoints) of Proteobacteria, suggest the families described here are the 




predominant surface level carbon cyclers. The respiratory plasticity of the families identified within 
Bacteroidetes suggests they are highly active at surface levels, but likely dominate carbon cycling in 
the oxygen depleted cores of biomass aggregates, and in shallow sub surface sediments. The families 
associated with carbon cycling in this study, identified from a healthy, accreting salt marsh with 
sediments invariably rich in organic carbon should assist in status assessments to future microbiome 
and microbiological studies.    
 
          5.4.2     Fungi 
 
     The lack of enzyme homology to known fungal proteins suggest fungi are not dominant 
decomposers in this environment. However, the magnitude of unassigned operational taxonomic 
units (OTUs) may also indicate that representatives of potential lignocellulose associated taxa are 
completely uncharacterised and were not detectable using the methodologies of this study. The 
known fungi within the biomass are highly abundant and include the classes (family); 
Saccharomycetes (Saccharomycetales) and Dothideomycetes (Pleosporales) both of which appeared 
enriched within the decomposing biomass. Saccharomycetales are unicellular yeasts well 
characterised as both plant pathogens and sapbrobes (Suh et al., 2006). 
     The order Pleosporales consisted primarily of the family Pleosporaceae (95.15 ± 0.92%) and 
Phaeospaericeae, which constituted 0.97 ± 0.21% of the fungal fraction of the microbiome.  
Pleosporaceae were the most abundant family on the decomposing biomass (9.47 ± 1.22% from 
week two through to 16) and are considered saprobic, which would explain their enrichment (Kruys 
et al., 2006, Zhang et al., 2009). However, the lack of lignocellulolytic enzymes originating from these 
families would dispute this function. This family has been strongly associated with sugarcane leaves 
indicating they may function predominantly as plant pathogens (de Souza et al., 2016). Marine 
originating isolates of this family have exhibited lignocellulolytic activity (Hong et al., 2015).  
     Phaeospaericeae are plant pathogens notorious for assisting the autumn dieback of Spartina spp 
(Buchan et al., 2003). It is interesting to note that signs of fungal pathogenic infections on Spartina 
anglica during collection were visible, as is common during winter dieback (Buchan et al., 2003). 
Phaeosphaeria have been observed to be dominant in salt marsh sediments but inferred to be 
saprotrophs (Dini-Andreote et al., 2016b).  
     The Sordariomycetes family Nectriaceae (order Hypocreale) were highly abundant in the day 0 
sediment (5.64%) and were abundant in the biomass samples up to week three (9.83%) before 
declining and not recovering (0.69 ± 0.23%). This family is poorly characterised due to lack of 




genomic resources and 79.74% of the assigned abundance in this family could not be attributed to a 
taxonomic group in the sediment outgroup (Lombard et al., 2015). Fusarium was the dominant 
genus in this family, representing 80.64 ± 3.0% of all Nectriaceae during week one to six, before 
receding to encroachment by the genus Gibberella and unidentified taxa. While species level 
resolution was not resolved, in the context of salt marshes, both genera have been identified as 
plant pathogens capable of infecting Spartina spp. within salt marshes (Elmer and Marra, 2011).  
     Tremellomycetes (mainly the genus Cryptococcus) followed a similar pattern to Nectriaceae of the 
class Sordariomycetes. They were transient and did not differ in abundance from the sediment 
outgroup before becoming an insignificant component of the decomposing Spartina anglica 
microbiome. Cryptococcus are thought to be saprotrophs (Dini-Andreote et al., 2016b), as such their 
disappearance from the lignocellulosic substrate is counter intuitive. One possible reason is that they 
are present as residual dormant spores on the Spartina anglica biomass collected during the early 
phase decay. Pathogenic Ascomycetes on Spartina spp. are known to intensively sporulate during 
standing decay (when the biomass for this study was collected) which supports this theory (Newell, 
2001). 
     The proportion of unassigned OTUs in this study predicates the level of under exploration in this 
environment and affirms the potential for biotechnological novelty. In the current study, the role of 
fungi from the identified fraction appear to be plant pathogens. The putative saprotrophic clades 
appear enriched within the biomass; however, no biomass-only analysis was performed. The 
observed ‘enrichment’ of saprotrophic clades is likely a consequence of residual spores from the 
collected standing biomass as rapid recession of these clades follows (the spores likely 
decomposed). The lack of homology to fungal enzymes, despite the abundance of putative 
saprotrophs (likely as a function of the comparative scarcity of fungi to bacteria (orders of 
magnitude less) conferring levels of proteins below detectable limits in this study), infers fungi are 
not major contributors to the detrital cycle in upper salt marsh sediments.  
     These result in this study suggest sediments contain a biological reservoir of plant pathogens 
(likely in spore form), that are either mischaracterised as saprotrophs or inactive (as dormant 
spores) and known to act upon salt marsh flora, resulting in the introduction of carbon into the 
environment. Therefore, fungi may play a greater indirect role in salt marsh carbon cycling, through 
the introduction of lignocellulosic biomass into the environment, but the evidence presented in this 
study suggests they are negligibly active during the subsequent marine in situ decomposition 
(standing biomass is not fully submerged and can not be considered truly marine). However, there 
may be a very minor (undetectable) role of yeasts (e.g. Saccharomycetales) in this process, yet, 




proteomic evidence was absent. This challenges current theory that fungi are important 
decomposers in salt marsh ecosystems (Torzilli et al., 2006, Dini-Andreote et al., 2016b, Walker and 
Campbell, 2010), but is supported by recent observations in vitro studied reporting competitive 
deselection of marine fungi by bacteria (Cortes-Tolalpa et al., 2018).  
     The function of fungi in salt marsh sediments, given the incredible levels of diversity described 
here and elsewhere (Dini-Andreote et al., 2016b), in conjunction with the magnitude of unclassified 
fungal lineages remains to elusive. Fungi may contribute to salt marsh carbon cycling through 
pathogenic action; however, Spartina anglica is perennial and the biomass would be introduced 
irrespective of fungal infection. The level of unclassified and mischaracterised fungi (at genomic and 
isolate levels) in this ecosystem is the main barrier for further elucidation of their function in this 
process. A further area of research would be to determine the factors inhibiting fungal contributions 
























Chapter 6 Expression and characterisation of putatively 
lignocellulolytic enzymes 
 
     6.1     Introduction 
 
     Proteins ostensibly involved in lignocellulose deconstruction as outlined in Chapter 4 during an in 
situ degradation experiment of biomass from the salt marsh cordgrass; Spartina anglica, in Welwick 
salt marsh were identified using bioinformatic and proteomic techniques. This information was 
broadly categorised into system level and more precisely protein level analyses which were used in 
conjunction to determine a list of protein targets to take forward for further analysis; including 
protein expression in a heterologous host, purification and characterisation.  
     It was inferred that abundance at the system level translates to relative importance in vivo which 
could be replicated within a synthetic enzymatic cocktail for biomass processing. The system level 
profile elucidated two major and one minor Euclidean clusters containing temporally dominant 
glycoside hydrolase families GH3, GH5, GH6, GH9, GH10, GH11 and carbohydrate esterase family 
CE1 (section 4.3.2.1). Cross referencing these families with carbohydrate binding domains (CBMs) 
associated within their domain architecture revealed relationships with predominantly cellulose and 
hemicellulose targeting CBMs. Sequences associated with CBMs with an affinity for cellulose binding 
were ascribed importance. Other enzyme classes were also included due to novelty despite their 
relatively low molar percentage or including auxiliary activity (AA) families AA2 and AA9. 
     From these select families, all sequences annotated above the e value threshold from the dbCAN 
database of 1e-10 where whole open reading frames (ORFs) were present, they were inspected for 
the presence of signal peptides; sequences without an identifiable signal peptide were discarded. 
Most likely taxonomic origin for proteins was used to discard proteins with potential eukaryotic 
origin, due to their low abundance at the system level likely translating to negligible contributions to 
biomass deconstruction and the analogous difficulties associated with eukaryotic protein expression. 
One exception to this included one ostensible dbCAN and pFAM annotated AA9 and GH61 
respectively, which was taken forward due to its low maximum percentage identify (36% to NCBI 
NR_prot) and qualifying confidence scores spanning a significant length of the sequence.  
     For groups with underrepresented full length ORFs or no observable signal peptide, 
supplementary sequences were identified from the transcriptomic database that was not identified 
in the proteomic profiles. This was necessary for GH3, GH9 and AA9 families where one, two and no 
sequences passed selection criteria respectively. Where applicable within the remaining sequences 




subsets were created for each group, determined by Hidden Markov dbCAN and pFAM confidence 
scores and the maximum identity to the NCBI NR_prot database with the aim of offsetting inherent 
risk associated with novel, highly divergent sequences with more homologous sequences with 
predictable activities. Additionally, a selection of single catalytic domain ORFs and ORFs with 
catalytic domains in conjunction with carbohydrate binding domains were also selected. A total of 
42 targets were shortlisted for amplification including ten GH3s, 11 GH5s, six GH6s, six GH9s, one 
GH11, one GH16, three CE1s, one CE6, two AA2s and one AA9.  
     To characterise putative enzyme targets from ‘omic databases where sequences predominantly 
originate from unknown, uncultivated organisms, they must be recombinantly expressed in a 
heterologous host and isolated. As the target shortlist consists of sequences with most likely 
prokaryotic origin (excluding the AA9), an Escherichia coli expression system was deemed suitable. 
Interestingly, many of the selected sequences contained multiple predicted disulfide bonds and all 
sequences contained greater than 10% rare codons which are considered problematic in E. coli 
expression systems (Rosano and Ceccarelli, 2014). To alleviate these potentially confounding factors, 
a strain of E. coli containing both the pRARE2 plasmid (encoding seven tRNAs for rare codon 
transcription) and double silenced (thioredoxin reductase and glutaredoxin) trxB and gor which act 
to create and maintain an oxidising cytoplasm, where it is usually reducing and consequently inhibits 
disulfide bond formation (de Marco, 2009). This strain was used with a cytoplasm targeting 
expression vector with a highly specific N-terminal tag, in a range of physiological and induction 
conditions to control and optimise enzyme production and achieve isolation of a high purity protein 
for further experimentation (Kimple et al., 2013).  
     Two enzymes were selected for in depth characterisation delineated by the ORF descriptors 
a_c570829_g1_i1_1 and c_c892255_g1_i1_1 (Figure 6.1). The former exhibits a novel domain 
architecture containing predicted (with high confidence across databases) GH6, CBM2 and CBM44 
domains all of which belong to the most abundant enzyme category at the system level. This protein 
was also the most abundant CAZy in two time points (week one and ten). The latter is categorised by 
a single GH5 domain with loose homology to current databases with a maximum identity in the NCBI 
NR_prot database of 45%. 
 





Figure 6.1 Domain architectures of a_c570829_g1_i1_1 and c_c892255_g1_i1_1. CAZy annotated 
domains are represented in blue, pFAM annotations are represented in red, Hidden Markov 
confidence values are displayed below their respective domain. 
 
     6.2     Methods 
 
          6.2.1     cDNA synthesis 
 
     Messenger RNA (mRNA) obtained in Chapter 4 (section 4.2.1.1-2) was reverse transcribed to 
complimentary DNA (cDNA) using a SuperScript™ III One-Step RT-PCR System kit (Invitrogen) 
according to the manufacturer’s protocol.  
 
          6.2.2     genomic DNA preparation 
 
     Genomic DNA (gDNA) was used as a template for amplification of target sequences. The gDNA 
used in these experiments was obtained in Chapter 5 (section 5.2.1.1). 
 
          6.2.3     Plasmid preparation 
 
     The pET-52b(+) vector (Novagen) was linearised with PCR (Table 6.1-6.3), the resultant linearised 
amplicon was deficient of the multiple cloning site, thrombin recognition sequences and histidine 




repeats. The remaining sequence contained the start codon, (N-terminal) streptavidin II tag 
(WSHPQFEK), HRV 3C recognition sequence (for tag cleavage) and a native stop codon. Due to the 
sensitivity of the InFusion cloning method to background vector, incomplete and non-linearised 
vector (which originated from dam+/dcm+ Stellar™ cells) were removed by treating with 1 unit DPN1 
(NEB), compatible with Phusion HF buffer for 90 min at 37oC. The treated amplicon was run on an 
agarose gel and the band conforming to 5128bp was excised and purified using NucleoSpin® Gel and 
PCR clean up kit (ClonTech) according to the manufacturer’s protocol with two deviations; the 
loading NTI buffer was reloaded onto the column once and the elution buffer was heated to 70oC 
and incubated in the column for 5 min to maximise recovery.  
 
Table 6.1 Primers utilised for plasmid linearisation and confirmation of transformation.  










     Target sequence forward primers were designed to eliminate the native signal peptide as a 
cytoplasmic expression system was chosen. The primer was designed to begin at the end of the 
predicted signal peptide (see section 6.2.10.9). Target sequences were amplified with primers 
containing suffixed overhangs complimentary to the 5’ (forward primer) and 3’ (reverse primer) ends 
of the linearised vector compatible with InFusion cloning. The overhangs were designed to insert the 
fragment of interest after the HRV 3C site and stop codon (position 209 and 110 on the circular 













Table 6.2 Primers for amplification of selected proteins. :OF represents the InFusion forward 
overhang sequence (5’-3’) CTCTTTCAGGGACCC, :OR represents the InFusion reverse overhang 
sequence (5’-3’) CAGCCTAGGTTAATTA.  
ORF Index Origin 










































































































































Table 6.1 continued. 
ORF Index Origin 







































































































































Table 6.3 Nested primers for amplification of selected sequences.  




















     Targets were amplified from genomic DNA with the exception of the AA9 of eukaryotic origin 
which was amplified from complimentary DNA. Upon PCR condition optimisation when visualisation 
of single bands of interest were obtained they were directly cleaned else they were excised from an 
agarose gel and cleaned (see section 2.2 - 13% NTI buffer protocol). These fragments were inserted 
into pET-52b(+) following the manufacturer’s protocol (InFusion, ClonTech). The resulting vector was 
then transformed into Stellar™ ultra-competent cells (ClonTech) using a heat shock methodology 
with a vector to insert ratio of 1:X where X is 0.33 multiplied by the length of the insert in kb (a 1kb 
insert would have a vector to insert ratio of 1:1). The cells were spread onto LB agar plates 
containing 50µg/mL streptomycin and grown for 16 hours at 37oC. Colonies were inspected for 
successful insertions of the fragment of interest by utilising T7 primers targeting upstream and 
downstream of the region of interest in the pET-52b(+) vector (Table 6.1). Sequences were inspected 
predominantly for frameshifts and those with no significant amino acid substitutions were taken 
forward. 
 
          6.2.4     Cell preparation 
 
     Due to the volume of cloning reactions to be undertaken, Rosetta-gami™ 2 (DE3) competent cells 
(Novagen) were grown from stocks, treated to induce chemical competence and aliquoted for later 
use. Stocks were streaked onto an LB agar plates containing 34µg/mL chloramphenicol, 12.5µg/mL 
tetracycline and 50µg/mL streptomycin and grown at 37oC for 16 hours. A single colony was selected 
to inoculate a 5mL LB starter culture with the appropriate antibiotics and grown for 16 hours at 
37oC. 1mL of starter culture was used to inncoluate 100mL (1%) LB containing appropriate 
antibiotics, which was grown at 37oC until the optical density reached 0.5, at which time the cells 
were removed and placed on ice to cool. The culture was centrifuged at 4600 rpm for 5 min. The cell 
pellets were resuspended in a solution containing 50mM MgCl2 and 20mM CaCl2 and incubated at 
4oC for 30 min. The cells were centrifuged as before and the supernatant was discarded. The cell 




pellet was resuspended in a 20% glycerol solution containing 80mM CaCl2. The cells were aliquoted 
into 100µL aliquots, snap frozen in liquid nitrogen and stored at -80oC. The transformation efficiency 
for these cells was determined to be 3.125x105 with a pUC19 control plasmid, comparatively the 
guaranteed transformation efficiency of the stock was reportedly 2x106. These aliquots were used 
for all transformations.  
 
          6.2.5     Bacterial transformation 
 
     Plasmids were extracted from transformed Stellar™ cells, quantified with the nanodrop and 2.5ng 
of plasmid DNA was transformed into 50µL Rosetta-gami™ 2 (DE3) competent cells (Novagen) 
prepared as in section 6.2.4. Successful transformants were identified using T7 primers (Table 6.1), 
successful colonies were grown for 16 hours in 15mL LB media containing 50µg/mL streptomycin in a 
50mL falcon tube. Glycerol stocks were made to a final concentration of 20% glycerol, snap frozen in 
liquid nitrogen and stored at -80oC, these stocks were used for all expression screening and 
purification experiments. 
 
          6.2.6     Expression screening 
 
     Expression screening was undertaken to identify and optimise growth and induction conditions 
for protein production from transformed Rosetta-gami™ 2 cells. A starter culture in 20mL LB was 
inoculated from pre-prepared glycerol stocks and allowed to grow at 37oC for 16 hours at 175rpm. 
1mL of starter culture was then used to inoculate a 100mL culture which was grown at 37oC at 
175rpm until the optical density at 600nm reached 0.6, after which 5mL aliquots of culture were 
decanted into 16 50mL falcon tubes. Each falcon tube was subject to a different treatment with four 
temperature variables (16oC, 20oC, 30oC and 37oC) and induced with four Isopropyl ß-D-1-
thiogalactopyanoside (IPTG) concentrations (0mM, 0.1mM, 0.5mM, 1mM) for a total of 16 separate 
conditions. The cultures grown at 37oC and 30oC were incubated for four hours post induction prior 
to harvesting, whereas the cultures grown at 20oC and 16oC were incubated for 16-20 hours post 
induction. Empty vector controls were included in all batches of experiments and subject to every 
treatment. The entire 5mL culture was harvested by centrifugation at 4600 rpm for 10 min and the 
cell pellet was lysed with 250µL freshly prepared BugBuster™ (Novagen) solution containing 1x 
BugBuster™ in 1x PBS, 5mM MgCl2, 0.1mM AEBSF, 10µg/mL DNase I (NEB) and transferred to a 
1.5mL tube. The lysis solution was incubated at room temperature on a shaking platform at 1000 




rpm for 25 min before being centrifuged in a benchtop centrifuge at 16,000g for 20 min at 4oC and 
the supernatant and insoluble protein fraction were separated for analysis. Protein profiles were 
visualised using SDS-PAGE and treatment success determined by band purity and intensity, proteins 
with conditions determined to have been successful were concluded as successful via 
chemiluminescent immunoblotting (section 6.2.9). 
 
          6.2.7     Protein purification 
 
Large scale expression and purification was conducted in 500mL volumes LB media in 2 L baffled 
volumetric flasks inoculated with 5mL (1%) starter culture. The cultures were grown at 37oC at 
175rpm until the optical density at 600nm in a disposable 1.6mL cuvette reached 0.6. An optimal 
concentration of IPTG was added and cultures where incubated at the optimal temperature (usually 
0.1mM and 16oC for 16 hours) for 16-20 hours. Cells were harvested by centrifugation at 4600 rpm 
for 20 min in a Heraeus Multifuge3 S-R with a swing-out rotor (Sorvall). The cell pellet was 
resuspended in lysis buffer containing 280mM NaCl, 20mM sodium phosphate, 0.1mM 4-
benzenesulfonyl fluoride hydrochloride (AEBSF; protease inhibitor) pH 7.4 and sonicated on ice 
intermittently for 3 sec (with 7 sec breaks) for a total of four min pulse time using an S-4000 
ultrasonic liquid processor (Misonix, Inc). The cell lysate was partially purified of insoluble cell debris 
by high speed centrifugation in a Sorvall Evolution RC (Thermo) equipped with an SS-34 angled rotor 
at 16,000rpm for 30 min at 4oC. The resulting supernatant was filtered through a 0.22µm syringe 
driven filter unit prior to loading on a buffer equilibrated 5mL StrepTrap™ HP column (GE 
Healthcare) at a rate of 1mL per min on an ÄKTA fast protein liquid chromatography system (FPLC, 
GE Healthcare). The column was washed with three to 20 column volumes of lysis buffer. The bound 
protein was then displaced from the column and eluted using 2.5mM d-desthiobiotin (Sigma-Aldrich) 
in lysis buffer at a rate of 1mL per min. Protein containing wells were identified using measured UV 
absorbance, high intensity wells were combined and quantified using the Bradford methodology 
(section 2.3). 
 
          6.2.8     Thermal shift assay  
 
     Protein samples were mixed with SYPRO™ orange protein dye to a final dye concentration of 1-5x 
(usually 5x) and assayed on a Stratagene Mx300 rtPCR/Thermoflour thermal cycler for 70 cycles 




between 25oC and 95oC at increments of 1oC per 30 sec. Data was acquired using the MxPro 
software package (Stratagene). The fluorescence dataset was normalised between 0 and 1 and the 
protein melting point (Tm) was estimated by fitting a sigmoid curve between the minimum (before 
denaturation) and maximum value on the fluorescence trace and selecting the median value of the 
curve. Samples were run in triplicate and representative traces were analysed. Thermal shift assay 
results were used to determine an initial temperature range to test for pH and temperature optima. 
  
          6.2.9     Chemiluminescent immunoblotting 
 
     SDS-PAGE gels of soluble and insoluble protein fractions (Mini-PROTEAN® TGX ™ 4-12%) were run 
for 45 min at 200V and incubated in 20% ethanol for 5 min. Transfer electrophoresis was then 
conducted on an iBlot™ 2 Dry Blotting System (Invitrogen), with compatible nitrocellulose transfer 
stacks, filter paper and absorbent pads (Thermo IB23002). Electrophoresis was conducted for seven 
min at 20V and 1.3A. The protein containing nitrocellulose membrane was then washed twice for 5 
min with 1x PBS. Blocking was conducted by incubation for 1 hour with 1x PBS with 5% (w/v) 
skimmed milk (Sigma). Three further 5 min washes were conducted with PBS-Tween-20 buffer (1x 
PBS with 0.05% Tween 20 (w/v)). The membrane was finally incubated with 10mL PBS-Tween-20 
containing 2µL (Strep.Tag® II Antibody (peroxidase) HRP Conjugate (Novagen)) for 2 hours. 
Fluorescence was detected using SuperSignal West Pico Fast Western Blot Kit according the 
manufacturer’s protocol and imaged with Syngene PXi imaging station (Thermo). 
 
          6.2.10     Assays 
 
     Purified proteins were characterised to determine their function in lignocellulose deconstruction. 
A broad range of substrates were tested depending on the putative enzyme family to determine 
substrate affinity. Temperature and pH optima were also assessed together with thermostability 
assays. Salt tolerance and activity in seawater where applicable were also measured. Absolute rates 
of activity were measured during the linear phase to provide maximum activity rates for comparison 
to other enzymes. 
 
 




                    6.2.10.1     Reducing sugar assay 
 
     Reducing sugars were detected using 4-hydroxybenzoic acid hydrazide (PAHBAH) (Lever, 1977). 
Sugar hydrolysate was incubated with a solution containing 50mM PAHBAH, 10mM bismuth nitrate, 
10mM sodium, potassium tartrate in 0.5M NaOH at 72oC for 10 min. Absorbance changes were 
detected at 405nm using a Tecan Sunrise™ microplate spectrophotometer. A standard curve was 
obtained using serial dilutions of glucose.  
 
                    6.2.10.2     Substrate affinities  
 
     A range of complex polysaccharide, oligosaccharide and respective derivatives were used to 
determine substrate specificity of target enzymes. The polysaccharides utilised and their final 
concentration in reaction mixtures included; Avicel™ (0.5%), phosphoric acid swollen cellulose 
(PASC; 1%), carboxy-methyl cellulose (sodium salt; 0.5%), xylan (beechwood 1-4-ß-xylose; 0.5%), 1-4-
ß-glucan (barley; 0.1%), lichenan (1,3:1,4-ß-glucan; 0.1%), pachyman (1,3-ß-glucan), arabinoxylan 
(0.1%), arabinogalactan (0.1%), xyloglucan (0.1%), galactan (Lupin; 0.1%), glucomannan (0.1%), 
galactomannan (0.1%), mannan (1-4-ß-mannan; 0.1%). 
     Monosaccharides and oligosaccharides (glucose, cellobiose, cellotriose, cellotetraose, 
cellopentaose and cellohexaose) were utilised at a final concentration of 0.1mM or 0.5mM and 
activity was determined using the PAHBAH method. The 4-nitrophenyl-ß-D-R (Carbosynth Limited) 
fluorometric derivative of these substrates (pNP-ß-D-glucopyranoside, pNP-ß-D-cellobioside, pNP-ß-
D-cellotrioside, pNP-ß-D-cellotetraoside, pNP-ß-D-cellotetraoside and pNP-ß-D-cellopentaoside) 
were utilised in a final concentration of 0.5mM. Reactions were terminated with 1M sodium 
carbonate (Na2CO3) to a final concentration of 0.5M. Activity was assessed against 4-nitrophenol 
standards and measured in a TECAN, Sunrise microplate reader at 405nm. All assays were performed 
in an Incubator shaker (MaxQ 8000, Thermo) at 250rpm or a thermal cycler (Pelteir PTC 200, MJ 
Research or Tetrad Z, Pelteir DNA Engine, BioRad) without shaking.  
 
                    6.2.10.3     Bivariate pH, temperature optima 
 
     As pH and temperature are not independent variables a two-dimensional (bivariate) pH and 
temperature experiment was conducted. Relative activity profiles were obtained using a 100mM 




citrate-phosphate (CPB) buffer system in a pH range of 4-8 (using various volumes of 0.1M citric acid 
and 0.2M disodium hydrogen phosphate). This buffer system was chosen as it encompasses both 
intrinsic salt marsh pH ranges and common glycoside hydrolase optima, additionally this buffer 
systems buffering capacity is not significantly altered by temperature changes or salt concentration 
(Herlet et al., 2017). Reactions were carried out in 50µL or 100µL volumes in 96 well plates or split 
96 well plates in a Tetrad Z, Pelteir DNA Engine (BioRad) gradient cycle or multiple thermal cyclers 
(Pelteir PTC 200, MJ Research) for incubation at predetermined temperatures. For the 
characterisation of a_c570829_g1_i1_1 (GH6), the reaction mixture contained 1µg purified enzyme, 
0.2% Avicel ™ for 24 hours in a total reaction volume of 100µL.for 24 hours in multiple thermal 
cyclers, activity was measured using the PAHBAH method 6.2.9.2. For the characterisation of 
c_c892255_g1_i1_1 (GH5), the reaction mixture contained 0.05µg of purified enzyme and 0.5mM 
pNP-G2 for 1 hour in a single gradient thermal cycler, activity was measured spectrophotometrically 
at 405nm.  
 
                    6.2.10.4     Salinity tolerance 
 
      Tolerance to salt was measured both using artificial seawater (ASW) and sodium chloride 
concentrations equivalent to the ionic strength of estuarine waters, seawater and above. Reaction 
mixtures were as in section 6.2.9.2 but were conducted at the enzymes respective pH and 
temperature optima; a_c570829_g1_i1_1 (GH6) at 43.8oC and 50mM sodium acetate pH 5, 
c_c892255_g1_i1_1 (GH5) at 45oC and 50mM sodium phosphate pH 7.6.  
 
                    6.2.10.5     Thermostability 
 
     Thermostability assays were conducted by heat treatment of a_c570829_g1_i1_1 (GH6) at 100oC 
in various concentrations of sodium chloride. The enzyme was allowed to renature by incubating at 








                    6.2.10.6     Rate of activity 
 
     The absolute rate of activity of a_c570829_g1_i1_1 (GH6) was determined using the reaction 
mixture as in section 6.2.9.3 and determined using the PAHBAH method. Independent samples were 
measured at 1, 2, 3 and four hours.  
 
                    6.2.10.7     Processivity 
 
     Cellulose and cellulose derivatives (Avicel (0.2%), phosphoric acid swollen cellulose (0.2%), 
carboxy-methyl cellulose (0.05%)) were incubated with 1µg of purified a_c570829_g1_i1_1 (GH6) for 
1 hour at optimum conditions. Upon completion the reaction was centrifuged at 4600 rpm for 1 min. 
The supernatant was extracted and 4 volumes of 100% ethanol pre-chilled to 4oC was added to a 
final concentration of 80% to precipitate proteins and impurities. The hydrolysate was dehydrated in 
a Savant SpeedVac concentrator SPD131DDA (Thermo) used in conjunction with a Savant 
refrigerated vapor trap RVT4104 (Thermo). Samples were resuspended in the original volume taken 
and analysed with ion exchange chromatography using an ICS-3000 Ion Chromatography System 
with AS loading units (Dionex, Thermo). Peak areas were integrated and quantified against known 
standards using the Chromeleon software package (version 6.80 SR16 Build 5387, Thermo). Relative 
product profiles were assessed and processivity was determined (equation 6.1) 
 
Equation 6.1 Processivity. Processivity. G; proportion of glucose, G2; proportion of cellobiose, G3; 





                    6.2.10.8     Product profile 
 
     Gluco-oligosaccharides (cellobiose, cellotriose, cellotetraose, cellopentaose and cellohexaose) of 
final concentration of 0.1mM were incubated with 1µg a_c570829_g1_i1_1 (GH6) for 4 hours at 
optimum conditions. Hydrolysate was analysed as in section 6.2.10.7. For c_c892255_g1_i1_1 (GH5), 
0.5mM gluco-oligosaccharides were incubated with 1µg purified enzyme for 16 hours.  
 




                    6.2.10.9     Signal peptide prediction 
 
     Regions depicting signal peptides were identified using the predictive software SignalP (version 
4.0) (Petersen et al., 2011). 
 
     6.3     Results 
 
          6.3.1     Target amplification 
 
     A plethora of PCR conditions were tested for all 42 selected target sequences, successful 
amplification was achieved for 38 of these (Table 6.4). Of the four that failed to amplify, despite 
testing multiple conditions, nested primers and touch-down PCRs, one, c_c991288_g2_i3_1 was a 
predicted isoform of c_c991288_g2_i1_1 (GH5) which was successful and as such was a likely an 
assembly artefact. Other targets that failed to amplify included c_c1011459_g1_i2_2 (CE1), 
a_c579709_g1_i2_1 (GH6) and a_c554459_g1_i3_1 (GH9). All targets originating from proteomic 
identification amplified successfully. 
 
          6.3.2     Target cloning 
 
     Four enzyme families (GH3, GH5, GH6, GH9) were focussed upon for cloning and a miscellaneous 
group containing auxiliary and less abundant enzymes. The aim was to clone five representatives per 
family. In total, 25 target amplicons were successfully inserted into pET-52b(+) and transformed into 
Stellar™ competent cells; GH3 (5), GH5 (5), GH6 (4), GH9 (5) and a miscellaneous group containing 
AA2, AA9, CE1, GH11 (2) and a GH16 (Table 6.5). Confirmation of successful transformation was 
performed with colony PCR (Figure 6.2). Putative successes were scaled up and the was plasmid 












Table 6.4 PCR conditions for the successful amplification of ORF targets. P/HF; Phusion polymerase, 












1 P/HF 0.5 200 None 60 20 Direct 
2 P/HF 0.25 800 None 60 20 Direct 
4 P/HF 0.25 800 None 60 20 GE 
5 P/HF 0.25 800 None 60 20 Direct 
6 P/HF 0.5 200 None 60 20 Direct 
7 P/HF 0.5 200 None 60 20 Direct 
8 P/HF 0.5 200 None 60 20 Direct 
9 P/HF 0.5 200 None 60 20 Direct 
10 P/HF 0.5 200 None 60 20 Direct 
11 P/HF 0.5 200 None 60 20 Direct 
12 - - - - - - - 
13 P/HF 0.25 800 None 60 45 N/A 
Nested P/HF 0.25 800 None 60 30 GE 
14 P/HF 0.5 200 None 58 60 Direct 
15 - - - - - - - 
16 P/HF 0.5 200 None 60 20 Direct 
17 P/HF 0.5 200 None 60 20 Direct 
18 P/HF 0.5 200 None 60 20 Direct 
20 P/HF 0.5 200 None 60 20 Direct 
21 P/HF 0.5 200 None 60 20 Direct 
22 P/HF 0.5 200 None 60 20 Direct 
23 P/HF 0.25 800 DMSO (3%) 60 20 Direct 
24 P/HF 0.25 800 None 65 45 N/A 
Nested P/HF 0.25 800 None 60 30 GE 
25 P/HF 0.25 800 None 60 45 GE 
26 - - - - - - - 
27 P/HF 0.25 800 None 60 25 Direct 
28 P/HF 0.25 800 None 60 25 Direct 
29 P/HF 0.5 200 None 60 25 Direct 
30 P/HF 0.25 800 None 60 25 Direct 
31 P/HF 0.5 200 None 60 25 Direct 
32 P/HF 0.25 800 None 60 25 GE 
33 P/HF 0.25 800 None 60 45 N/A 
Nested P/HF 0.25 800 None 65 30 GE 
34 - - - - - - - 
35 P/HF 0.5 200 None 60 25 Direct 
36 P/HF 0.25 800 None 60 25 GE 
37 P/HF 0.25 800 None 60 25 GE 
38 P/HF 0.5 200 None 60 25 Direct 
AS4 P/HF 0.5 200 DMSO (3%) 60 30 Direct 
AS7 P/HF 0.5 200 DMSO (3%) 60 20 Direct 
AS12 P/HF 0.5 200 DMSO (3%) 60 20 GE 
AS15 P/HF 0.5 200 DMSO (3%) 60 20 Direct 
AS19 Q5/Q5 0.5 200 
PCR 
enhancer 60 45 Direct 
AS20 P/HF 0.5 200 None 60 20 Direct 
AS23 P/HF 0.5 200 DMSO (3%) 60 20 Direct 
 













GH3 - 5 5 12 
GH5 1 4 5 10 
GH6 3 1 4 5 
GH9 3 2 5 6 
AA2 - 1 1 2 
AA9 - 1 1 1 
CE1 2 - 2 2 
CE6 - - 0 2 
GH11 1 - 1 1 
GH16 - 1 1 1 
Sum 10 15 25 42 
 
 
Figure 6.2 T7 colony PCRs. Transformed Stellar™ cells with the putative gene of interest in pET-
52b(+). A small subset of transformants and targets are displayed.  
 
          6.3.3     Expression screening 
 
    Plasmids were harvested from Stellar™ cells and transformed into the chosen expression strain 
(Rosetta-gami™ 2) and screened for optimal growth conditions (Figure 6.3). Of the 15 targets 
screened in the 16 conditions, nine expressed soluble protein (Table 6.6). 
 




Table 6.6 Optimal expression conditions of screened protein targets. n/d; not determined, PF; partially 
fragmented, S; soluble fraction, I; insoluble fraction.  
       SDS-PAGE  Western blot  









pI S I  S I 
Optimal 
condition 
GH6              
 1 Yes 3 12 76108 4.3 Yes n/d  Yes Yes 
16oC, 
0.1mM 
 AS12 Yes 3 12 73879 4.1 n/d n/d  Yes Yes 
16oC, 
0.1mM 
 25 Yes 3 13 65939 4.5 n/d n/d  Yes Yes 
16oC, 
0.1mM 
 AS15 No 0 11 58487 4.2 Yes n/d  No No - 
GH5              





 7 No 2 18 43373 5.2 n/d n/d  No - - 
 8 No 2 19 43918 4.1 Yes Yes  Yes - 
30oC, 
0.1mM 
 AS7 Yes 4 11 62807 5.7 n/d n/d  No - - 
GH3              
 9 No 7 21 95124 5.6 Yes Yes  Yes - 
16oC, 
0.1mM 
 T14 No 1 23 134416 4.1 Yes Yes  Yes - 
16oC, 
0.1mM 
GH9   
 
          
 AS19 Yes 2 18 126165 4.9 No Yes  PF* Yes 
16oC, 
500µm 
 T20 Yes 6 14 105428 4.4 No No  No - - 
 T35 No 0 19 80079 4.9 Yes Yes  Yes - 
20oC, 
0.1mM 
 T36 Yes 1 13 64368 4.6 No No  No - - 










Figure 6.3 Representative SDS-PAGE of the screening process. Soluble proteins harvested from 
Rosetta-gami™ 2 containing a pET-52b(+) plasmid inserted with T8 (a putative GH5; 
c_c892255_g1_i1_1) induced at various concentrations of IPTG (0mM, 0.1mM, 0.5mM, 1mM) and 
incubated at selected temperatures (16oC, 20oC, 30oC or 37oC) for four hours or 16 hours. EV; empty 
pET-52b(+) vector control.  
 
     The presence of a protein of interest was confirmed with a chemiluminescent immunoblot of a 
selection of conditions where expression was greatest, could not be distinguished or was presumed 
absent (Figure 6.4). Relative fluorescence intensity between conditions was used to determine the 
optimal condition. Interestingly a_c580607_g3_i1_2 (GH5) was fragmented at all conditions except 
the non-induced condition where significant leaky expression was observed producing putatively 
intact soluble protein. Leaky expression arises after carbon source exhaustion inducing cyclic AMP 
which stimulates transcription by the T7 RNA polymerase (encoded in the λDE3 cassette under lac-
UV5 control) which is produced at basal levels despite the lac-UV5 repression in the absence of a 
suitable induction agent (Rosano and Ceccarelli, 2014, Novy, 2001). Leaky expression is often 
considered problematic; however, in this instance it proved advantageous, likely by reducing the 
rate of protein production. 
 





Figure 6.4 Fluorescent immunoblots of a random subset of protein targets. A subset of condition 
combinations is displayed which were induced at different IPTG concentrations and incubated at 
different temperatures. (S); soluble protein fraction, (I); insoluble protein fractions. 
 
     Two targets were selected for further analyses; a putative GH6 (a_c570829_g1_i1_1) and a 
putative GH5 (a_c580607_g3_i1_2). The former was selected as it is the most abundant ORF in two 
time points, it also belonged to the most abundant family (GH6) and contained the two most 
abundant CBMs (CBM2 and CBM44) within its architecture. The latter was selected as despite its 
architecture indicating a single highly confident (1.2e-45) GH5 domain, nucleotide and protein 
sequence homology in the NCBI databases yielded a maximum sequence identity of 45%, suggesting 
significant sequence divergence and possible novelty.  
 
               6.3.4     Purification and characterisation of a putative GH6 (a_c570829_g1_i1_1)  
 
                    6.3.4.1     Purification 
 
     Large scale expression and purification of T1 (a_c570829_g1_i1_1; appendix) was achieved from 
two to four 2 L flasks containing 500mL LB at the determined optimal conditions (Table 6.6). The 
resultant protein was isolated with affinity tag purification (Figure 6.5). Fractions resulting from 
elution were analysed with SDS-PAGE, the concentrated fractions were pooled and quantified with 




the Bradford method (section 2.3) and subjected to a thermal shift assay to determine the melting 
point, which was determined to be around 40oC (Figure 6.6). 
 
 
Figure 6.5 Purification of a putative GH6. A) Purification of a_c570829_g1_i1_1 (T1; GH6) from 




Figure 6.6 A representative thermal shift profile of a_c570829_g1_i1_1 (GH6). A sigmoidal curve 
between the maximum and minimum before the maximum is shown, the median value of this fit 
was determined as the melting point (Tm). 
 
                    6.3.4.2     Substrate specificity 
 
     The substrate T1 (a_c570829_g1_i1_1) was active on was determined by incubating the enzyme 
with multiple polysaccharides, oligosaccharides and derivative oligosaccharides, activity was 




measured fluorometrically or by the release of reducing sugars. There was no detectable activity for 
any pNP substrates tested (pNP-G1 to pNP-G5) after incubation for 24 hours; however, 
polysaccharide assays revealed significant (p value greater than 0.05 assessed by a one-way ANOVA) 
sugar release and an unusual affinity for crystalline cellulose (Avicel™) with a weaker affinity for less 
crystalline cellulose in the form of phosphoric acid swollen cellulose (PASC) and the soluble cellulose 
derivative carboxy-methyl cellulose (CMC) (Figure 6.7). No significant activity was detected on xylan, 
lichenan, glucomannan and mannan. These results suggest an affinity for 1-4-ß glycosidic bonds and 
the lack of activity on pNP-R substrates (putatively substrates for cellobiohydolases and ß-
glucosidase) suggest endo-acting activity. 
 
 
Figure 6.7 Substrate affinities of a_c570829_g1_i1_1 (GH6). 3µg of enzyme was incubated with a 
substrate at optimal conditions at 250rpm for 24 hours in 50mM sodium acetate. Error bars 
represent standard error of five technical replicates. Asterisks indicate significance at a confidence 
interval of p=<0.05 assessed by a one-way ANOVA performed on non-normalised, raw data between 
treated (enzyme) and untreated (no enzyme) samples. 
 
                    6.3.4.3     Bivariate pH, temperature optima 
 
     The optimal pH and temperature condition for a_c570829_g1_i1_1 (GH6) was 45oC and pH 5 in 
600mM NaCl. Interestingly both the temperature and pH had a broad range within which the 
enzyme remained highly active with 60% activity down to 25oC and up to pH 7.5 (Figure 6.8). This 
coincides with the likely environmental maxima where salt marshes rarely exceed 30oC and the pH 
averages 7.6 (Baumann et al., 2015). 
 





Figure 6.8 Bivariate pH and temperature optima of a_c570829_g1_i1_1 (GH6). 1µg of purified 
enzyme was incubated in 2% Avicel ™ for 24 hours. 
 
                    6.3.4.4     Salinity tolerance 
 
     Tolerance to saline media was assessed with various sodium chloride concentrations as a proxy 
for increasing ionic strength and independently against artificial seawater (ASW). Activity was 
unaffected by salt concentrations up to 1M before declining rapidly to 4M NaCl, where the rate of 
decline plateaus to 6M NaCl, where 25.5% activity is measured (Figure 6.9). In artificial seawater, the 
enzyme is tolerant of 0.5x and 1x concentrated ASW (environmentally relevant) with no significant 
difference detected between the two concentrations, but in 2x concentrated ASW a significant 
decline is observed. It is concluded that T1 is tolerant to environmental seawater concentrations.  
 





Figure 6.9 Salinity tolerance of a_c570829_g1_i1_1 (GH6). 1µg of purified enzyme was incubated 
with 2% Avicel ™ for 16 hours at optimal conditions in 50mM sodium acetate supplemented with 
sodium chloride pH 5 or artificial seawater (ASW) pH 5. Asterisks indicate significance at a 
confidence interval of p=<0.05 assessed by a one-way ANOVA performed on non-normalised, raw 
data. 
 
                    6.3.4.5     Thermostability 
 
     Thermostability was assessed by measuring thermal shift profile and relative activity after heat 
treatment at 100oC for 5 or 15 min in various salt concentrations. The enzyme was allowed a settling 
period to renature for 1 hour at 25oC. Whilst the thermal shift profile suggests the enzyme should be 
completely denatured at around 60oC, thermal shift analysis post heat treatment revealed structures 
were present that were observably denaturing, suggesting some degree of protein restructuring 
(Figure 6.10). All conditions tested suggested some degree of renaturing, with the most convincing 
profiles visible for higher salt concentrations; this is particularly true for samples heat treated in 
sodium chloride and denaturing agents (100mM DTT and 2% SDS) which were supposed to aid 
denaturation and break disulfide bonds. The lower salt concentration exhibited a profile 
synonymous with the buffer control suggested no protein refolding had occurred, however at 
600mM NaCl the profile was the same as the untreated, suggesting salt may play a protective role 
against denaturants. Potential refolding was also observed for the non-heat-treated sample diluted 
to 80% ethanol, dehydrated and resuspended in the presence of 600mM salt.  
 





Figure 6.10 Thermal shift profiles of a_c570829_g1_i1_1 (GH6) post heat treatment in different 
treatments. DTT; dithiothreitol, SDS; sodium dodecyl sulfate.  
 
     To assess whether these refolded protein structures were functional, activity assays were 
conducted. All treatments were significantly different to the untreated control (Figure 6.11). The 
enzyme remained active up to boiling for 5 and 15 min up to 600mM before a significant decline. 
Interestingly, in estuarine salt concentrations it retained 65.5% relative activity after boiling for 5 
min in 300mM NaCl which was the highest recorded. The only condition where treatment time had a 
significant effect was 300mM NaCl, suggesting salt concentration rather than treatment longevity 
was responsible for the loss in activity. Higher salt concentrations (900mM and 1.2M) caused visible 
protein precipitation (this was also observed at 600mM for 15 min).  
 
 






Figure 6.11 Thermostability of a_c570829_g1_i1_1 (GH6) in different salt concentrations. 2.5µg of 
heat treated enzyme was incubated with 0.25% Avicel™ for six hours at optimal conditions. Asterisks 
indicate significance at a confidence interval of p=<0.05 assessed by a one-way ANOVA performed 
on non-normalised, raw data. 
 
                    6.3.4.6     Rate of activity 
 
     To convey relative activity to facilitate comparisons between similar enzymes, maximum rates of 
activity were recorded hourly for four hours to ensure measurements were made during the linear 
phase of degradation (prior to steric inhibition by-products, enzyme degradation or the formation of 
traffic jams). The maximum rate of activity at optimal conditions at 1 hour was 1.03µmol glucose 
reducing sugar equivalents.mg-1.min-1, and at 25oC (likely environmental maxima as observed in the 
bivariate optima heatmap in section 6.3.4.3) 0.50µmol glucose reducing sugar equivalents.mg-1.min-1 
at 2 hours (Figure 6.12). At both temperatures the rate of activity appeared to begin to plateau 
between hour three and four with a significant decline in the rate of activity, suggesting product 
inhibition. 
 





Figure 6.12 Rate of activity of a_c570829_g1_i1_1 (GH6). Reactions were conducted independently. 
0.5µg on enzyme was incubated in 2% Avicel™ in 50mM sodium acetate pH 5 at two temperatures 
(25oC and 45oC) for up to four hours. Total reducing sugars evolved at each timepoint for both 
temperatures are shown shades of in blue, rates of activity at each temperature are shown in shades 
of red. Asterisks indicate significance at a confidence interval of p=<0.05 assessed by a one-way 
ANOVA. 
 
                    6.3.4.7     Product profile  
 
     Product profiles for 1-4-ß-glucanases can be indicative of their mechanism of action. T1 
(a_c570829_g1_i1_1) was incubated with oligosaccharides (from glucose to cellohexaose) and the 
sugar products evolved were analysed and quantified by ion exchange chromatography (as 
described in section 6.2.10.7) (Figure 6.13). T1 was unable to hydrolyse cellobiose and showed very 
weak activity toward cellotriose (negligible amounts of glucose and cellobiose were detected during 
a cellotriose incubation which were not present in the negative control). The major product from 
incubation with cellotetraose was cellobiose. Incubation with cellopentaose evolved only cellobiose 
and cellotriose, and incubation with cellohexaose revealed only cellobiose, cellotriose and 
cellotetraose (the latter likely due to incomplete hydrolysis or inhibition by the former). 
 





Figure 6.13 Product profile a_c570829_g1_i1_1 after incubation with oligosaccharides. G1; glucose, 
G2; cellobiose, G3; cellotriose, G4; cellotetraose, G5; cellopentaose, G6; cellohexaose.  
 
     Additional incubations were performed on polysaccharides where activity was highest (Avicel™, 
PASC and CMC). Incubations were performed for 1 hour at the optimal conditions and analysed by 
ion exchange chromatography (Figure 6.14A). The major product for all polysaccharides was 
cellobiose, although glucose and cellotriose was produced in all reactions. The product profiles for 
each polysaccharide was quantified and relative proportions were used to determine enzyme 
processivity (equation 6.1) on each substrate (Figure 6.14B). These profiles are suggestive of a 
processive cellobiohydrolase which conflict with the negative results with pNP-R substrates. 
       
 
Figure 6.14 Product profile and processivity of a_c570829_g1_i1_1.  A) Product profile 
a_c570829_g1_i1_1 after incubation with polysaccharides. B) Relative abundance of products and 
processivity PASC; Phosphoric acid swollen cellulose, CMC; Carboxy-methyl cellulose, G1; glucose, 
G2; cellobiose, G3; cellotriose, G4; cellotetraose, G5; cellopentaose, G6; cellohexaose.  
 




     Processivity is used to estimate enzyme efficiency by assessing the proportion of ‘false starts’ 
(producing cellotriose) and non-target activity (e.g. activity on cellotriose) and was observed to be 
most processive on PASC (11.77 ± 1.76) than Avicel (2.65 ± 0.06) and CMC (3.56 ± 0.8). This is 
concordant with the fact PASC is presumably more accessible than crystalline Avicel and is therefore 
able to initiate and process more effectively. 
 
               6.3.5     Purification and characterisation of a putative GH5 (c_c892255_g1_i1_1)  
 
                    6.3.5.1     Purification 
 
     Large scale expression and purification of T8 (c_c892255_g1_i1_1; appendix) was achieved from 
two to four 2 L flasks containing 500mL LB at the determined optimal conditions (Table 6.6). The 
resultant protein was isolated with affinity tag purification (Figure 6.15). Fractions resulting from 
elution were analysed with SDS-PAGE and concentrated fractions pooled and quantified with the 
Bradford method (see section 2.3) and subjected to a thermal shift assay to determine the melting 
point, which was determined to be around 53oC (Figure 6.16). 
 
 
Figure 6.15 Purification of a putative GH5. A) Purification of c_c892255_g1_i1_1 (T8; GH5) from 
sonicated cell lysate, resulting elution fractions were analysed by SDS-PAGE (B).  
 





Figure 6.16 A representative thermal shift profile of c_c892255_g1_i1_1 (T8). A sigmoidal curve 
between the maximum and minimum before the maximum is shown, the median value of this fit 
was determined as the melting point (Tm). 
 
                    6.3.5.2     Substrate specificity 
 
          Activity was detected using 4-nitrophenyl (pNP-R) oligosaccharides from pNP-ß-D-cellobioside 
to pNP-ß-D-cellohexaose, but no significant activity was detected on the cellobiose simulating 
substrate pNP-ß-D-glucopyranoside (pNP-G1) (Figure 6.17). These results would suggest ß-
glucosidase activity; however, no activity on pNP-ß-D-glucopyranoside contradicts this theory. T8 
could be a cellobiohydrolase; however, whilst significant activity using pNP-R substrates were 
observable, no significant activity could be detected using reducing sugar assays (PAHBAH, DNS) on 
oligosaccharide or polysaccharide substrates. Oligosaccharides as substrates are difficult to measure 
with reducing sugar assays due to high levels of background noise; however, activity on 
polysaccharides should have been detectable, particularly when considering the exceptional rates of 
activity observed on pNP-R substrates. Upon co-incubation with Avicel™ a visible reduction in 
particle size and amount of substrate was observable (despite a lack of reducing sugars) which 
encouraged further experimentation (Figure 6.18).  





Figure 6.17 Activity of c_c892255_g1_i1_1 on pNP-R substrates. 0.25µg on purified enzyme was 
incubated in 0.5mM substrate for two hours in 20mM sodium phosphate, 280mM sodium chloride, 
pH 7.6. The reaction was not conducted to saturation. Asterisks indicate significance at a confidence 
interval of p=<0.05 assessed by a one-way ANOVA. 
 
 
Figure 6.18 Visible reduction in Avicel™ co-incubated with c_c892255_g1_i1_1.  
 
     Ion exchange chromatography revealed c_c892255_g1_i1_1 had no activity towards glucose or 
cellobiose (synonymous findings to the pNP-R substrates), but was capable of hydrolysing 
cellotriose, cellotetraose, cellopentaose and cellohexaose (Figure 6.19). The more abundant 
oligosaccharide product was n-1 of the initial substrate, suggestive of ß-glucosidase activity. The 
results suggest that this protein belongs to a transglycosylase superfamily which can both hydrolyse 
and construct glycosidic bonds. This would explain the lack of significant activity with reducing sugar 
assays, as the hydrolysis products may be being used as building blocks for polymerisation. The 
product profile contains both products with a lesser degree of polymerisation (indicative of 
hydrolysis products) and larger degrees of polymerisation (indicative of trans glycosylation) than the 
original substrate, that were not comparable to the standard oligosaccharide cocktail. If the 
hydrolysis or transglycosylation products were specifically 1,4-ß-glycosidic bonds, the profile should 
mirror the standards profile suggesting a degree of branching may be occurring (1,3- or 1,6-ß- 
linkages). 






Figure 6.19 Product profile of c_c892255_g1_i1_1 after incubation with oligosaccharides. 1µg of 
purified enzyme was incubated in 0.5mM substrate in 50mM sodium phosphate pH 7.6 for four 
hours, the resultant hydrolysate was with ion exchange chromatography. (α); unidentifiable 
products. 
 
                    6.3.5.3     Bivariate pH, temperature optima 
 
      Using pNP-cellobioside as a substrate, 0.05µg T8 (c_c892255_g1_i1_1) was incubated for one 
hour which elucidated the optimal reaction conditions which were determined to be 43.8oC and pH 
7.6 (Figure 6.20). The bivariate activity profile exhibited a tight tolerance range with little deviation 
around the optimum. With respect to environmental conditions, the pH optima is representative of 
inherent salt marsh conditions; however, the temperature optima is beyond what the enzyme would 
experience in nature.  





Figure 6.20 Bivariate pH and temperature optima of c_c892255_g1_i1_1 (GH5).  
 
                    6.3.5.4     Salinity tolerance 
 
     An interesting profile for salinity tolerance was observed for T8 (c_c892255_g1_i1_1), where the 
optimal salinity was between 0.6M and 1M NaCl, representative of artificial seawater (ASW), 
however the seawater assays displayed a significant decrease in activity between 0.5x ASW 
(estuarine concentrations) and 1x ASW (marine concentrations) (Figure 6.21). Rate of activity at the 
optimal salt concentration (1M) was determined to be 2126.6µM pNP.µg-1.hour-1 in 50mM sodium 
phosphate pH 7.6 and 825 pNP.µg-1.hour-1 in 0.5x ASW pH 7.6; however, no experiments were 
conducted to assess if this rate was determined within the linear phase of degradation.  
 





Figure 6.21 Salinity tolerance of c_c892255_g1_i1_1 (GH5). 0.1µg of T8 (c_c892255_g1_i1_1) was 
incubated with pNP-cellobiose for 1 hour at optimal conditions in 50mM sodium phosphate. 
Asterisks indicate significance at a confidence interval of p=<0.05 assessed by a one-way ANOVA 
performed on non-normalised, raw data. ASW; artificial seawater. 
 
     6.4     Discussion 
 
               6.4.1     Cloning approach 
 
     The shotgun approach undertaken in this study was undertaken due to the number, diversity and 
complexity of target sequences requiring a high throughput methodology. The average target 
sequence contained 2.8 disulfide bonds and 15.8% rare codons which are considered problematic in 
bacterial expression systems (Rosano and Ceccarelli, 2014). Disulfide bonds are thought to 
significantly contribute to protein stability, particularly in secreted proteins, which has relevance to 
the stressful salt marsh environment the proteins originated from (Hatahet et al., 2014). Whilst rare 
codons are present throughout all prokaryotic lineages, the large proportion observed in these 
sequences is likely a result of taxonomic divergence between Bacteroidetes (Bacteroides) and 
lineages within Proteobacteria, as large inter-taxa deviation of codon usage profiles exists down to 
genus level within Proteobacteria (E. coli and the majority of target sequences belong to 
Gammaproteobacteria) (Bachvarov et al., 2008). 
     Despite these potential caveats, a success rate of 60% soluble protein was achieved which is 
testament to the strategy implemented. Most of the proteins expressed better at mild induction 
conditions and lower temperatures. Therefore, it is likely that these proteins are constrained at 




some point in their production pathway and the rate of production, as a function of induction 
intensity, inhibits the production of functional protein. This is particularly notable in T6 
(a_c580607_g3_i1_2) where basal (leaky) expression produces putatively intact protein and the 
mildest condition produces fragmented protein.  
 
               6.4.2     The GH6 (a_c570829_g1_i1_1)  
 
     The activities contained within the GH6 family are categorised as endo-1,4-ß-glucanases 
(endoglucanase; EG) and exo-1,4-ß-glucanases (cellobiohydrolases; CBH). These are integral to 
cellulose deconstruction and in optimised cocktails constituting around 20-40% and 40- 60% 
respectively, inferring CBH are the most important constituent (Billard et al., 2012, Banerjee et al., 
2010, Teeri, 1997). This is also reflected in the system level analysis where GH6 was the most 
abundant enzyme family.  
     The product profiles for a_c570829_g1_i1_1 together with the presence of three CBM domains 
suggest it is a processive cellobiohydrolase (CBH), and CBH within GH6 are thought to act from the 
non-reducing ends of cellulose which would classify this enzyme as a CBHII (Cantarel et al., 2009). It 
has a processive index of 2.65 ± 0.06 on crystalline cellulose and 11.77 ± 1.76 on amorphous 
cellulose. The disparity likely arises from the increased ease in accessibility of cellulose microfibrils 
(as processive enzymes complex with the chain terminus (Jalak et al., 2012)) decreasing the number 
of false starts (which produce cellotriose dependent upon the stereochemistry of the enzyme bound 
chain, cellobiose is produced thereafter) which is inferred from the cellobiose to glucose and 
cellotriose product ratios (Vuong and Wilson, 2009, Wilson and Kostylev, 2012).  
     The unusual affinity of a_c570829_g1_i1_1 for crystalline cellulose (more so than amorphous 
cellulose) likely arises from the carbohydrate binding domain belonging to family 2 (CBM2), which 
has been shown to target crystalline cellulose, however the CBM44 domains also have an affinity for 
amorphous cellulose (Gourlay et al., 2012). CMBs are generally thought to increase the activity of 
the enzymes they are conjugated to, by retaining proximity to the substrate (Reyes-Ortiz et al., 
2013). This may be particularly pertinent for this enzyme in a salt marsh environment where tidal 
submersion could disassociate the enzyme into open waters, to the detriment of the secreting 
organism. 
     The refolding capability (reversible renaturation) of a_c570829_g1_i1_1 has been reported to a 
lesser degree for a T. reesei GH7 (Cel7A) treated at 80oC for 30 min (without salt) and allowed to 
refold at 25oC which retained 67% activity; however, in the presence of 1mM DTT all activity was lost 




suggesting disulfide bonds were responsible (Boer et al., 2000). The thermal shift assay displayed 
refolding (to an unknown degree) of a_c570829_g1_i1_1 after 15 min at 100oC in 100mM DTT and 
2% sodium dodecyl sulfate; however, activity after this treatment was not assessed. This is 
presumably due to a protective role that salt plays against denaturing agents for halo enzymes 
(Sinha and Khare, 2014). This phenomenon has been observed with other halo enzymes, a ß-
lactamase retained 75% of its activity after heat treatment at 100oC in 200mM NaCl for 5 min 
(synonymous conditions were tested in this study) and was observed to completely refold, 
suggesting this may be a common but unexplored property of halo enzymes (Tokunaga et al., 2004). 
         Despite the importance of cellobiohydrolases, there are few salt tolerant representatives 
(Zhang et al., 2011b, Asha and Sakthivel, 2014). This GH6 is tolerant up to 6M NaCl and seawater as 
would be expected from a halotolerant or halophilic enzyme. The halo tolerance profile would 
suggest it is tolerant of, rather than adapted to as there is a significant decline in activity between 
non saline and saline media. Taken together with the low pH optima of 4.8-5.5 which is the common 
optimum range for terrestrially derived lignocellulolytic enzyme, would suggest the enzyme is of 
terrestrial origin with adaptations to function within the saline, metal rich environment of the salt 
marsh.  
     These adaptations also appear to have consigned considerable plasticity in pH and temperature 
tolerances within which high activity is retained.  This is common feature in halotolerant proteins 
where adaptations include reduced overall hydrophobicity, greater proportions of acidic surface 
residues (especially aspartic acid, which constitutes 8.74% of a_c570829_g1_i1_1) , fewer cysteine 
residues and tendencies toward coil structures over helixes (Paul et al., 2008, Jaenicke, 1991). These 
features confer polyextremophilic properties for halo enzymes where a tolerance to one factor often 
confers tolerance to others, mediated by the presence of salt (Sinha and Khare, 2014, Amoozegar et 
al., 2017). Similar plasticity in environmental tolerance been observed for an endo-acting halophilic 
GH6 isolated from Thermobifida haloterans YIM 90462(T) (Yin et al., 2015b). 
     The observed reaction rate ‘slowdown’ during hours three and four at both temperatures occurs 
at such low product concentrations steric inhibition should not occur (although this was not tested), 
suggesting another mode of action is responsible. This slowdown has been reported previously for 
enzymes targeting cellulose and is ostensibly a result of transient enzyme inactivation and blocking 
causing ‘traffic jams’ (blocking by nonproductive enzyme binding to cellulose residues, transient 
inactivation during processing), which results in an initial ‘burst’ phase of activity (Bansal et al., 2009, 
Praestgaard et al., 2011, Igarashi et al., 2011). The rate of activity for a_c570829_g1_i1_1 (during 
burst phase) was measured at 1.03 µmol glucose reducing sugar equivalents.mg-1.min-1 at 45oC with 




Avicel™ substrates is greater than but comparable to Trichoderma reesei enzymes CBHI and CBHII 
which exhibit rates of 0.035 and 0.027 µmol glucose reducing sugar equivalents.mg-1.min-1 
respectively (Billard et al., 2012).  
 
               6.4.3     The GH5 (c_c892255_g1_i1_1)   
 
     The GH5 family contains the broadest scope of activities of any GH family (Cantarel et al., 2009). 
The selection of this enzyme was a result of high confidence levels (1.2e-45 and 2.2e-32 for dbCAN and 
pFAM respectively) suggesting this protein was a cellulase, coupled with low sequence identity in 
both nucleotide and protein databases indicating prospective novelty. Unlike a_c570829_g1_i1_1 
(GH6), the pH and temperature optima profile indicate a protein adapted to a salt marsh 
environment where the average pH is 7-7.4 (Baumann et al., 2015). The lack of plasticity around the 
optimum is likely reflective of tight environmental conditions. The halo tolerance profile also 
presents an obligate halophilic relationship where salt is required to achieve optimal activity, and as 
such is adapted to, rather than tolerant of these conditions. Interestingly the optimal ionic 
concentration of sodium chloride was measured between 600mM and 1M which is within the upper 
bounds of natural limits.  
     The product profile suggests this enzyme is likely a ß-glucosidase which cleave terminal residues 
from the reducing or non-reducing ends of oligosaccharides; however, the profile also suggests 
transglycosylase activity. The enzyme has homology to a transglycosylase superfamily which confers 
the capacity to both synthesise and hydrolyse glycosidic bonds. The potential of transglycosylases to 
produce a range of industrially relevant functional oligosaccharides is known (Mangas-Sanchez and 
Adlercreutz, 2015). The product profile is suggestive of a range of target activities (hydrolysis of ß-
1,4, and transglycosylation of ß-1,3 or ß-1,6), a ß-glucosidase with ß-1,3, ß-1,4 and ß-1,6 activity has 
been identified (Lafond et al., 2012). Interestingly another broadly active GH5 ß-glucosidase of 
marine origin has exhibited ß-1,3 and ß-1,6 activity with transglycosylation capability to produce 
larger cello-oligosaccharides (Wang et al., 2016a, Wang et al., 2018b, Park et al., 2005).  
     It is accepted that most glycoside hydrolases can transglycosylate as well as hydrolyse and the 
tendency between these processes can be manipulated by increasing substrate and ‘building block’ 
(e.g. glucose or cellobiose) concentrations. In this study, no building blocks were supplied and must 
have originated from hydrolysis of the oligosaccharide. This raises the question as to whether the 
activity observed in c_c892255_g1_i1_1 is true to nature where the experimental conditions 
measured were conducted at an unnatural (to salt marsh environments) substrate concentration, 




inferring the enzyme may act solely as a ß-glucosidase naturally. If this enzyme does transglycosylate 
in natural conditions, then the observed action on Avicel™ may be to make the structure more 
amorphous by branching and accessible to attack by other enzymes. However, this enzyme lacks a 
CBM and as such is unlikely to target crystalline substrates in situ.  
     Whilst the function of this protein has not been fully elucidated, it may be beneficial to cellulase 
cocktails. Many important cellulolytic enzymes are inhibited by their products through a steric 
hinderance mechanism, whereby the rate of activity decline is correlated to the product 
concentration (Olsen et al., 2016). This inhibition could be alleviated with the use of 
transglycosylation to transform the products, reducing specificity of the products to the active site; a 
strategy that has previously been hypothesised (Wang et al., 2017).  Crystalline cellulose is 
notoriously recalcitrant and creating complex oligosaccharides from simple products may appear 
counter intuitive, but these products should be readily deconstructed by other glycosyl hydrolases 
present in the cocktail. The removal of product inhibition by this enzyme may improve the overall 
rates of reaction for current cellulase cocktail mixtures. 
    It has long been known bacteria are capable of synthesising cellulose (Brown, 1886). If hydrolysis is 
a legacy activity and the main function of this enzyme is to synthesis polymers, it may have a role in 
the extracellular synthesis of exopolysaccharides (EPSs). EPSs are produced predominantly by marine 
bacteria to form a matrix (biofilm) of linear or highly branched, hetero- or homopolysaccharides with 
predicted functions including desiccation resistance, stabilisation (against wave action), energy 
reserves, aggregate formation, cryoprotection and nutrient sequestration (Poli et al., 2011, Casillo et 
al., 2018, Liu et al., 2017a). It is thought EPSs are secreted (imposing an energetic burden on cells ) or 
synthesised by extracellular cellulosome components, however this enzyme had a well-defined 
signal peptide indicating it was secreted, but no obvious affiliation with an extracellular complex 
(Rehm, 2010). 
    Interestingly this enzyme has 42% sequence homology to a putative cellodextrinase (endo-acting 
cellulases predominantly targeting short chain oligosaccharides) from an uncultured organism (NCBI 
NR_prot). Cellodextrinases have been observed to bind to crystalline cellulose (Ferreira et al., 1991). 
Dextrin is a homopolymer consisting of 1,4:1,6-α linkages (Rehm, 2010). To conclude the mechanism 
of action for this protein and further probe the products, further work must be undertaken to 
elucidate the scope of activity (ß-1,3 and ß-1,6) and the building blocks used to transglycosylate (it 
may utilise alternative sugars for heteropolymer synthesis).  
     EPSs are established as industrially relevant, most notably as gelling agents (e.g. dextran, xanthan 
and gellan) but also as medical, nutraceutical and pharmaceutical agents (Nwodo et al., 2012). 




Despite their broad use and potential for use, the underlying mechanism to their synthesis is poorly 
understood. Currently, most commercial EPSs are extracted from bacterial cultures rather than 
direct enzymatic synthesis. The potential industrial applications of a transglycosylase with these 
properties that have not been reported previously is novel and encouraging. Whether this protein is 
involved in lignocellulose deconstruction, the extracellular synthesis of EPSs or both, remains an area 






























Chapter 7 Final discussion 
 
     The aim of the work presented in this thesis was to identify and characterise novel halotolerant 
lignocellulolytic enzymes with biotechnologically attractive attributes whilst synchronously exploring 
the functional ecology of carbon cycling within the salt marsh ecosystem. It was hypothesised that as 
the studied salt marsh was predominantly marine, the saline conditions would confer selective 
pressures for halotolerant enzymes not found in terrestrial ecosystems. Halotolerance would 
facilitate the replacement of valuable freshwater for biorefining applications with abundant, 
accessible and inexpensive seawater, alleviating water security concerns. Highly active enzymes 
were sought to aid in reducing enzyme loadings improving biorefining economics. 
     An in situ decomposition experiment was conducted to mimic natural lignocellulose 
decomposition processes in a salt marsh environment for sixteen weeks (Chapter 3). Mass loss and 
biomass composition analysis revealed a hierarchy of limitation whereby physical complexity 
impedes accessibility. Rate limiting factors (lignin and matrix polysaccharides) alternate and oscillate 
for up to sixteen weeks before degradative equilibrium is observed for all fractions. During this time, 
all lignocellulose fractions analysed were degraded, suggesting a diverse suite of lignocellulolytic 
enzymes were present at all time points. Quantitative enzyme assays revealed an increase in activity 
over time, except for the first two weeks which exhibited significantly lower activity. A temporally 
interspersed strategy was implemented to capture the molecular process of decomposition through 
RNA and extracellular protein sequencing. 
     The carbohydrate active enzyme (CAZy) profile (Chapter 4) elucidated by matching the RNA 
sequencing data and peptide spectra from the extracellular proteins revealed a suite of consistently 
abundant enzyme families. These dominant classes included predominantly cellulase targeting 
families GH5, GH6, GH3, GH9 followed by less abundant hemicellulase targeting families GH11, 
GH10, GH16 and GH43. The carbohydrate binding domains (CBMs) explored in this study reveal 
potential avenues for novelty (CBM53s are associated to hemicellulases). The dominant CBMs were 
predominantly cellulose associated (CBM2, CBM44), which reinforce an energetically favorable 
carbon utilisation strategy (where cellulosic-derived glucose is valued highly despite inherent 
inaccessibility, as observed in the biomass composition analysis).  
     Many enzymes in this study belong to diverse families that are still poorly characterised which 
inhibits assignment of enzymatic function based on sequence. Therefore, the absolute enzymatic 
activity acting upon each lignocellulosic fraction could not be determined until current databases are 





     The scarcity of lignin modifying enzymes, such as the oxidative AA2 family, was surprising but CE1 
family enzyme abundance implicates this family as the dominant lignin associated family in this 
environment. Enzymes within the CE1 family can operate independent of oxygen by disconnecting 
lignin polymers at the lignin-carbohydrate complex interface, increasing accessibility to core 
polysaccharides, negating the requirement for further modification in the O2 limited salt marsh 
sediments. This allusion has biotechnological potential as an enzymatic pretreatment (removal of 
pristine lignin without the need for acid, alkali or ionic pre-treatments). Additionally, as the CE1 
family is observably abundant in the natural salt marsh lignocellulolytic cocktail, but not in 
commercially available cocktails; representation in commercial cocktails may be beneficial. 
     Phylogenetic homology of the metasecretome revealed the dominant CAZy producing taxa to 
belong to Proteobacteria (Gammaproteobacteria and Deltaproteobacteria) and Bacteroidetes 
(Bacteroidia, Flavobacteriia and Cytophagia; Chapter 4). Both exhibited similar CAZy family profiles, 
suggesting a core suite of enzymes had been inter-taxonomically selected for in this environment. 
The key families regulating lignocellulose disassembly were (in descending order) Flavobacteriaceae, 
Alteromonadaceae, Cytophagaceae, Saccharospirillaceae, Marinilabiaceae, Flammeovirgaceae, 
Bacteroidaceae and whilst transient Vibrionaceae. Families with the highest productivity indexes 
included Cytophagaceae, Bacteroidaceae and Sphingobacteriaceae.  
     CAZy producing taxonomic groups as identified from protein homology were notably enriched 
(281% enrichment) in the composting biomass sampling to the sediment outgroup (Chapter 5). 
Temporal shifts in abundance displayed a decline in Gammaproteobacterial taxa, encroached upon 
initially by Bacteroidetes and thereafter by Deltaproteobacterial enrichment. Gammaproteobacterial 
families were not as abundant as Bacteroidetes in sediment samples, however they exhibit early and 
rapid opportunistic colonisation patterns. Additionally, Flavobacteriaceae were the most abundant 
CAZy producing taxa in the day 0 outgroup and were the most productive throughout the time 
course (Cytophagia also exhibited a similar pattern). The most abundant CAZy producers in the 
sediment samples were Deltaproteobacteria, however their productivity is significantly less than 
Gammaproteobacteria and Bacteroidetes. For these reasons, Bacteroidetes (specifically 
Flavobacteriaceae, Cytophagaceae, Sphingobacteriaceae) likely function as the dominant carbon 
cyclers in salt marsh sediment, where Gammaproteobacteria (specifically Alteromonadales, 
Cellvibrionaceae, Saccharospirillaceae and Vibrionaceae) are likely opportunistic carbon cyclers, 
heavily involved in the initial above ground decomposition processes.  
    To demonstrate halotolerance of enzymes sourced from salt marsh ecosystems, the analysis was 





with respective consideration to their abundance, potential function and taxonomic origin (Chapter 
6). The most abundant enzyme was a putative GH6 (most abundant enzyme family at ecosystem 
level) containing two CBM domains (CBM2 and CBM4 belonging to the two most abundant CBM 
families at the ecosystem level) with putative Gammaproteobacterial origin. This enzyme was 
characterised as a potential non-reducing end acting exo-1,4-ß-glucanases (cellobiohydrolase; CBHII) 
with halotolerance up to saturated NaCl solutions and no significant decline in activity in naturally 
occurring seawater concentrations. An additional enzyme consisting of a single GH5 domain of low 
confidence and low identity was only partially characterised due to time constraints. Evidence 
suggests this enzyme is a ß-1,4-glucosidase with transglycosylase activity, with potential 
environmental functions in biofilm synthesis. This enzyme was also tolerant in NaCl and naturally 
occurring seawater concentrations (with an optimum in an estuarine range).  
     The two enzymes characterised in this study provide evidence that salt marshes are a good 
environment for bioprospecting halotolerant, alkaliphilic, lignocellulolytic enzymes. The techniques 
in this study have also alluded to potential novel mechanisms and emphasise the requirement for 
further research, particularly for taxonomic groups with implicit but unknown functions in carbon 
cycling (such as the aromatophilic and anaerobic Chloroflexi and Firmicutes). The poor molecular 
characterisation of salt marshes and wealth of information generated in this study demonstrate that 
salt marshes contain a vast reservoir of unexploited biotechnological potential. This reinforces the 
requirement for salt marsh conservation and management to protect these previously undescribed 
biotechnological troves and the persuasive level of diversity and novelty in these databases 
emphasise the potential of molecular exploration in salt marshes for industrially relevant enzymes 
and organisms. 
 
7.1     Future perspectives 
 
     The wealth of information generated in this study is the first in depth account of lignocellulose 
associated metasecretome and microbiome from a salt marsh and provides a foundation through 
which halotolerant lignocellulolytic enzyme cocktails can be constructed. The highly active 
cellobiohydrolase characterised in this study (CHBII), can be used to complement halotolerant 
enzymes sourced from these databases to replicate the ecosystem cocktail profiled in this study or 
to reconstruct commercially available cellulase cocktails. This would include a reducing end acting 





     The ß-1,4-glucosidase in this study with apparent transglycosylase activity requires further 
investigation to reveal the mechanism of transglycosylation and whether this function is observable 
in environmental conditions or a product of unrealistic in vitro conditions (inflated substrate or 
monomer concentrations). Transglycosylase activity, particularly for the construction of complex 
polysaccharides, if controllable, is desirable in the pharmaceutical sector. Refined complex 
polysaccharides also have a major role in the food market as gelling agents and viscosity inducers. 
The levels of activity of this enzyme and the unusually broad range of accepted substrates 
considered in conjunction with the potential biotechnological and industrial relevance makes it an 
attractive prospect for further research. 
     These databases also contain a diverse suite of potentially halotolerant hemicellulases to be 
exploited which are known to improve lignocellulolytic cocktails. Whilst the evidence in this study 
suggests low to moderate lignin modification in this environment, it has alluded to the enzymatic 
cleavage of lignin from the core polysaccharides by the highly abundant CE1 family. While further 
evidence to support this is required, it creates an avenue through which lignin cleavage could be 
possible (e.g. with carbohydrate esterase family 1 enzymes) independent of economically and 
resource intensive pre-treatment. Currently, no effective enzymatic biomass pre-treatments have 
been developed using carbohydrate esterases and these enzymes are not fully represented in 
commercial cocktails. Supplementation of this family into cocktails for grass derived feedstocks 
would be an appropriate continuation of this finding.  
     In the present study, cellulase targeting enzyme families were more abundant than 
hemicellulases and lignin targeting groups. However, as sequence-assigned enzyme families are 
highly diverse, ascribing function to the sequences within the enzyme families is still unachievable 
and significant overlap exists within families (e.g. GH5). In this study semi-quantitative methods 
were utilised to ascribe approximate relative abundance to proteins (EmPAI derived molar 
percentage). Methodologies exist for absolute quantification of peptides (such as amine-reactive 
labelling systems). Absolute quantification would be invaluable when archive databases mature to 
the extent where function can be assigned from sequence, consequently constructing activity 
profiles from sequence data. However, the current level of characterisation in archive databases is 
likely insufficient to generate superior outcomes to the approximation-based method in the current 
study, but it remains an outstanding area for improving in future research.  
     Mechanisms of anaerobic modification of the aromatic polymers of lignin is still an enigma and 
little evidence of their existence has been reported. However, the findings of this study in 





interesting taxonomic targets to elucidate these mechanisms. This is a particularly valuable insight 
given the recalcitrant nature of lignin and laborious processing attributable to overcoming this 
feature. Future studies should attempt to characterise carbon cycling at depth, in oxygen depleted 
sediments, which may reveal oxygen independent mechanisms of aromatic modification. 
     The functional assignments of CAZy productivity to taxonomic groups in this study could be used 
as a predictive template in targeting organisms from these groups for in depth characterisation of 
their respective CAZy armament. It is likely groups that were both highly abundant and highly active 
(Flavobacteriaceae), utilise different mechanisms and life strategies to the lowly abundant yet highly 
productive (high productivity index) families (Cytophagaceae, Bacteroidaceae and 
Sphingobacteriaceae). Elucidating the reasons for the disparity may be insightful, particularly if 
differences in enzymatic activities are observed.  
     The observation that Flavobacteriaceae are highly productive carbon cyclers both within the 
sediments and detrital composts (among other highly productive families) could implicate them as 
potential bioindicator species. Additionally, the families with high productivity indexes (and low 
abundances) may be suited as bioindicator species, as their low abundance may make them more 
susceptible to unfavorable environmental conditions. Detrital cycling and retention is critical to salt 
marsh accretion and ecosystem health. The current study was conducted in Welwick salt marsh 
which is long established, healthy and accreting. Comparisons to unstable salt marshes (eroding and 
receding in area) would provide a basis upon which bioindicator species could be assigned.  
     The relatively small CAZy producing consortia identified in this study could also provide a 
template for assessing the status of realigned salt marshes. Microbiome assessment of nascent salt 
marshes that have been freshly realigned could reveal the propensity of that microbiome to degrade 
detritus. A highly active microbiome (a microbiome abundant in key taxa identified in Chapter 4 and 
5) will assist in salt marsh accretion, stabilisation and contribute to the long-term success of the 
realignment. This could be an invaluable tool given the current focus on salt marsh rehabilitation and 
reclamation.  
     The observation that prokaryotes are the dominant CAZy producing domain designates them as 
targets for further exploration. The focal groups for lignocellulolytic exploration have been 
predominantly fungi, however as evidenced in this study and many in vitro microbiomes, bacteria 
are equally capable of lignocellulose deconstruction. This is the first instance of carbon cycling in an 
aerobic natural ecosystem that is not fungal dominated. The deterministic factors for this should be 
further elucidated (unfavorable environmental conditions for fungi or a highly specialised 





     In this study the deconstruction of newly introduced lignocellulose is studied. This process 
predominantly occurs at the surface to shallow sub surface level. The observed taxonomic 
restructuring in favor of anaerobic lineages suggests oxygen limitation may result in heterogeneous 
stratification of the decomposition process. Only the top few millimeters of sediment is reliably 
aerated, therefore, it is highly likely that the surface level functional consortia identified in this study 
is significantly different to the consortia responsible for cycling in the aromatic rich, deep, anoxic sub 
surface sediments. This stratification has been observed at the community level (Petro et al., 2017) 
but not at a functional level. This consortia may employ novel deconstructive strategies that have 
yet to be discovered and provide an avenue for future research.  
     During the course of this study, the utility of the approach has been demonstrated in a salt marsh 
environment; however, it is readily transferable to characterize lignocellulose decomposition in 
other ecosystems. The novelty lies in the enrichment of putatively substrate bound enzymes that 
would be overlooked with conventional approaches and its ability to identify enzymes involved in 
lignocellulose decomposition and delineate their most likely taxonomic origin. This technique can be 
applied to any environment with readily cycled organic carbon or detrital stocks, such as soils, sands 
and leaf litters which may be insightful for identifying functional members of the communities. This 
approach yielded insightful results despite the poor level of characterization in salt marshes. 
Therefore, microbial cycling of any material can be achieved with this approach following the 
application of a native substrate (which can be achieved for example with mesh bags as utilized in 
this study) in any terrestrial, aquatic or marine environments. The approach is not limited to 
lignocellulose, it can be applied to any substrate and may be particularly useful for other polymeric 
or complex substrates, such as plastics, that may have bound enzymes.  
     The strength of this approach, in contrast to culture dependent methods, is that it can capture 
the activity of an entire microbiome at the point in time where they are conducting a process. 
Culture dependent methodologies attempt to identify an organism and assess its potential activities 
in vitro. While these efforts provide insight into potential functions or an involvement in processes, 
in vitro conditions are divorce from environmental attributes and so the observed activities are often 
artificial or not environmentally relevant. These observations are then often generalized for closely 
related taxa, which magnifies errors carried through as a result of environmental dissimilarity to in 
vitro conditions. Too often, the relationship between ecosystem processes and microbiome 
frameworks are implicit or assumed rather than experimentally validated, as they are informed from 
environmentally divorced, culture dependent methodologies. The integrated approach in this study 
provides experimental validation for the involvement of these taxonomic lineages in these processes 





     While this approach appears strong for capturing processes as they occur, it is reliant on 
databases which have largely been generated through culture dependent methods. While not all 
organisms are cultivable, archive strains are integral to the generation of primary data, particularly 
given the reliance of metagenomics on primary genomes as reference datasets. Furthermore, 
culture dependent methods are crucial in understanding organism physiology, as physical 
manipulation of an organism allows further experimental resolution than any ‘omic technique 
currently available and biotechnological exploitation of an organism requires cultivation. Therefore, 
these methods should be considered co-dependent as they are complimentary such that one 
informs the other in a cyclic manner. For example, despite microbes native to salt marshes being 
poorly characterized, the level of characterization was sufficient to yield insightful results and 
synonymously reveal that the native salt marsh inhabitants are likely divergent from current archive 
strains and should be targeted in future culture studies.  
     There are three major outcomes of this study. The first is the experimentally validated 
identification of functional taxonomic groups involved in lignocellulose deconstruction in a salt 
marsh ecosystem. The second is the generation of proteomic databases with enzymes that have 
been biochemically characterized as halotolerant and have biotechnological potential for use in 
industry to address current concerns in the bioprocessing of lignocellulosic feedstocks. In addition, 
there is residual novelty within these databases as thousands of proteins remain to be researched. 
The approach undertaken in this study is fundamentally the consolidation and linkage of archive 
datasets to construct an interpretable image of a biological process. The final outcome of this study 
is the validation of this approach, the concept of which was proven in this study by characterizing 
the complex biological process that is lignocellulose decomposition in a natural salt marsh.  
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[Me]GlcA  methylated glucuronic acid 
5C  pentose sugar 
6C  hexose sugar 
AA  auxiliary Activities 
ABTS  2,2'-azino-bis 
ACD  above chart datum 
AEBSF  4-benzenesulfonyl fluoride hydrochloride 
ANOVA  analysis of variance 
APS  ammonium persulfate 
Araf  ferulic acid cross linked arabinosyl side chain 
ASW  rtificial seawater 
BLAST  basic local alignment search tool 
CAZy  carbohydrate active enzyme 
CBH  cellobiohydrolase 
CBM  carbohydrate binding module 
cDNA  complimentary DNA 
CE  carbohydrate Esterases 
CMC  carboxymethyl cellulose 
CTAB  cetyl trimethylammonium bromide 
dbCAN  database for automated carbohydrate-active enzyme annotation 
DEPC  diethyl pyrocarbonate 
DNS  3,5-dinitrosalicylic acid 
DP  degrees of polymerisation 
DTT  dithiothreitol 
emPAI  exponentially modified protein abundance 
EV  empty vector 
FPKM  fragments per kilobase of transcript per million mapped reads 
G  guaiacyl 
GAX  glucoarabinoxylan 
gDNA  genomic DNA 
GH  glycoside Hydrolases 
GT  glycosyltransferases 
H  p-hydroxyphenyl 
HMF  5-hydroxymethylfurfural 
HMM  hidden markov model 
HPLC  high performance liquid chromatography 
IPTG  isopropyl ß-D-1-thiogalactopyanoside 
ISDE  in situ decomposition experiment 
ITS  internal transcribed spacer 
LB  luria broth 
LC-MS/MS  liquid chromatography tandem mass spectrometry 





LP  lignin peroxidase 
LPMO  lytic polysaccharide monooxygenase 
MBO  million barrels of oil 
MnP  manganese peroxidase 
mRNA  messenger RNA 
na  not applicable 
NA  not assigned  
NAPP  net aerial primary production 
NCBI  national center for biotechnology information 
NPP  net primary production 
NR_prot  nCBI non-redundant protein database 
ORF  open reading frame 
OTU  operational taxonomic unit 
P3HB  poly-3-hydroxybutryate 
PAHBAH  4-hydroxybenzoic acid hydrazide 
PASC  phosphoric acid swollen cellulose 
PBS  phosphate buffered saline 
pCO2  partial pressure of CO2 
PCR  polymerase chain reaction 
PDB  protein data bank 
pFAM  protein family database 
PHA  polyhydroxyalkanoates 
PI  productivity index 
PL  polysaccharide Lyases 
PMO  peptide matching open reading frame 
pNP  para-nitrophenyl 
rRNA  ribosomal RNA 
S  syringyl 
SDS  sodium dodecyl sulfate 
SDS-PAGE  sodium dodecyl sulfate polyacrylamide gel electrophoresis 
TaxID  taxonomic identified 
TEMED  tetramethylethylenediamine 
TFA  triflouracetic acid 
tRNA  total RNA 
v/v  volume to volume ratio 
Vp  versatile peroxidase 
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